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Abstract

Biological membranes are flexibles barriers that ensure cell permeability, delineating the

cell boundaries and the intracellular compartments to organelles within the cell. They are

composed mainly by phospholipids and proteins. Those components are the main ones

responsible for membrane remodeling. The latter process is highly dynamic and requires

observation at high spatial and temporal resolution. This thesis work focused on two

main challenges in the study of membranes: i) Softness of biological membranes and their

mechanical properties. Membranes are very soft and fragile materials, and determine

their real morphology is highly complicated due to their softness. We have studied the

maximal force exerted by an AFM tip that supported lipid bilayers can withstand before

rupture, as well as their Young’s modulus, both as a function of the tip size. ii) Chemical

sensitivity and molecular recognition in microscopy. AFM can achieve the topography of

the membrane. However, this technique cannot distinguish the molecule below the AFM

tip. In order to overcome this barrier, we worked on developing a new fluorescence super-

resolution technique combining AFM and confocal microscopies. First, we developed a

correlated and synchronous confocal Fluorescence-lifetime imaging microscope (FLIM)-

AFM setup. Finally, we developed a Metal Induced Energy Transfer (MIET)-AFM setup

in order to measure molecular recognition, topography, and mechanical properties of bi-

ological samples simultaneously.

Keywords: Biological membranes, Atomic Force Microscopy (AFM), Metal Induced

Energy Transfer (MIET), Correlative microscopies, Compression, Rupture forces.
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Résumé

Développement de nouvelles approches de microscopie correlative AFM- Flu-

orescence pour l’analyse d’échantillons biologiques

Les membranes biologiques sont des barrières flexibles qui assurent la perméabilité des

cellules, délimitant les frontières cellulaires et les compartiments intracellulaires aux or-

ganites à l’intérieur de la cellule. Elles sont composées principalement de phospholipides

et de protéines. Ces composants sont les principaux responsables du remodelage des

membranes. Ce dernier processus est très dynamique et nécessite une observation à haute

résolution latérale et temporelle. Ce travail de thèse s’est concentré sur deux défis princi-

paux dans l’étude des membranes : i) Les propriétés mécaniques. Les membranes sont des

matériaux très mous et fragiles, et déterminer leur morphologie réelle est très compliqué

en raison de leur mollesse. Nous avons étudié la force maximale exercée par une pointe

AFM que les bicouches lipidiques supportées peuvent supporter avant la rupture, ainsi

que leur module d’Young, tous deux en fonction de la taille de la pointe. ii) Sensibilité

chimique lors de l’imagerie des membranes. L’AFM permet d’obtenir la topographie de

la membrane. Cependant, cette technique ne peut pas distinguer la molécule située sous

la pointe de l’AFM. Afin de surmonter cet obstacle, nous avons travaillé à la mise au

point d’une nouvelle technique de fluorescence à super-résolution combinant l’AFM et les

microscopies confocales. Tout d’abord, nous avons mis au point un microscope confocal

synchrone et corrélé d’imagerie de fluorescence à vie (FLIM)-AFM. Enfin, nous avons

mis au point un dispositif de transfert d’énergie induit par les métaux (MIET)-AFM afin

de mesurer simultanément la reconnaissance moléculaire, la topographie et les propriétés

mécaniques des échantillons biologiques.
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Chapter 1

Cell membranes

In the present chapter biological membranes are presented. At first, we focus on mem-

brane remodelling processes including lateral segregation of membrane constituents and

the formation of membrane curvature at the nano- and macro- scales. In this frame, we

introduce membrane mechanical properties and describe their relevance in the active re-

modelling of membranes. Subsequently, we introduce the most common procedures and

methods to prepare model (artificial) membranes that will be used in this thesis. Finally,

we report the main challenges in the study of biological membranes, which will be ad-

dressed in the present thesis manuscript.

1.1 Biological membranes

Biological membranes are flexible barriers that ensure cell permeability. They delineate

the cell boundaries, as well, the intracellular compartments to organelles within the cell.

Cellular membranes remodeling plays an importance role in most fundamental cellular

processes such as growth, division, endo- and exocytosis, trafficking, signaling, and as-

sociated pathology at different lengthscale and timescale [1]. In this frame, an accurate

localisation of membrane constituents at high spatial and temporal resolution is impor-

tant to understand the molecular mechanisms associated to cellular processes.
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Biological membranes are composed mainly by phospholipids and proteins. Oligosac-

charides are present in a smaller quantity. In this thesis, we will refer to phospholipids

as lipids. A phospholipid is an amphipathic molecule meaning it has both hydrophobic

and hydrophilic components. A lipid molecule can be divided into two parts (see Fig-

ure 1.1a)): i) polar head or head, which is composed of a phosphate group (negatively

charged), resulting in a hydrophilic polar head. ii) non-polar tails, or lipid tails, which

are uncharged and nonpolar fatty chains, giving the molecule its hydrophobic properties.

There are two types of lipid chains depending on its saturation: i) unsaturated ones have

at least one double bond in their fatty acid chain- they are in liquid-phase at room tem-

perature -, such as 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) seeing its structure

in Figure 1.1b). ii) saturated ones have no double bounds resulting in saturated chains

with hydrogen atoms, such as 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC); its

structure is shown in Figure 1.1c).

Biological membranes are naturally immersed in a aqueous environment. Due to their

chemical properties, lipids form a continuous bilayer membrane consisting of two lipid

layers where lipid tails are faced between each other, keeping the polar heads exposed to

the liquid environment. Membrane layers are called inner and outer leaflets, depending

on whether they are exposed to the cytoplasm or the extracellular medium [2]. In both

leaflets, the components are distributed asymmetrically between the inner and outer sides

[3]. Both the inner and outer layers are structurally and dynamically coupled in a way

that is currently driving extensive research efforts [4].

As mentioned, lipids are mainly responsible of membrane permeability and lateral organi-

sation, as shown in Figure 1.2. Remodeling of biological membranes is of high importance

in most of the fundamental cellular processes such as growth, division, endo- and exocyto-

sis, trafficking, signaling and associated pathology. The active modulation of membrane,

here called membrane remodeling is achieved by several means including:

• dynamics and lateral segregation of membrane components

• membrane curvature

• interaction with the cytoskeleton
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Figure 1.1: Schematics of Phospholipids structure. a) Schematics of a phospholipid

molecule highlighting the polar head and nonpolar tails, where the two types of fatty

acid chains are shown: unsaturated and saturated ones. b) DOPC molecule’s structure

as an example of unsaturated fatty acid. c) DPPC molecule’s structure as an example of

saturated fatty acid.

In the following subsection, membrane remodeling mechanisms are going to be described

in details.

1.1.1 Membrane lateral segregation

Lateral membrane organization has been studied for several decades, where different stud-

ies suggest that the membrane diffusion process in the plasma membrane may be more

complicated than a simple Brownian diffusion [5]. Based on experimental results, dif-

ferent models have been developed. The first theory that is analyzed in this thesis is

the ’fluid-mosaic’ model. This model was proposed by Singer and Nicholson in 1972 [6].

Here, membrane constituents are treated as a two-dimensional equilibrated fluid postu-

lating that the membrane’s components are in a mixed and homogeneous phase. Within
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this model, the plasma membrane’s multi-component lipid nature promotes the ’solvation’

of various membrane proteins via specific interaction such as hydrophobic shielding, Van

der Waals, hydrogen bonding, and electrostatics [7]. During the last decades, experiments

suggest that the membrane appears to be partitioned into specific components over long

and short spatial and temporal scales [8, 9, 7].

Lipid raft theory (or membrane raft) was introduced to explain the lateral membrane

heterogeneity, proposing that the interaction between specific lipids (for example, choles-

terol, saturated lipids, and glycosylated lipids) in the plane of the membrane could drive

the formation of functionally important, relatively ordered, membrane regions. In turns,

the latter can recruit other lipids and proteins [10, 11]. The theory was supported by sev-

eral observations in-vitro in biomimetic membranes, providing clear evidence that specific

lipids interact preferentially with one another, generating and inducing large-scale lateral

domains[8].

However, a precise definition of lipid raft has been missing until 2006. The definition

adopted is the following: "Membrane rafts are small (10–200 nm), heterogeneous, highly

dynamic, sterol- and sphingolipid-enriched domains that compartmentalize cellular pro-

cesses. Small rafts can sometimes be stabilized to form larger platforms through protein-

protein and protein-lipid interactions" [12]. It should be mentioned that the term "lipid

raft" was discarded in favor of "membrane raft" by this group of experts [12]. Figure 1.2b

shows the plasma membrane as an assembly of different membrane components and mem-

brane rafts. This was demonstrated by theoretical and experimental studies involving

relatively saturated lipid, an unsaturated lipid, and cholesterol in artificial membranes.

Moreover, it has been shown that clusters are induced by specific protein-protein and

protein-lipid interactions [12, 11]. More recently, Sezgin et al. summarised the lipid-

associated membrane domains [11], and we will focus on the following:

• a simple membrane domain can be a pure lipid cluster (Figure 1.3a)).

• in the most physiological relevant cases, membrane domains can also contain pro-

teins which in turn might also be organized in clusters (Figure 1.3b)).

• by mixing a saturated lipid, an unsaturated lipid, and cholesterol in artificial mem-

branes, they often result in liquid-liquid phase separation and the establishment
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of two distinct phases (Figure 1.3c)), which are liquid-disordered (ld) and liquid-

ordered (lo) phases, where the first is less viscous than the latter [11, 7].

Observations on both natural and model membranes show that phase segregation is highly

dependent on temperature, the relative composition of lipid in both symmetric and the

asymmetric leaflets, and the membrane tension.

Most membranes show fluidity, including rapid diffusion for some lipid and pro-

tein species within the membrane plane [13]. By using single-particle tracking, studies

revealed a complex set of restrictions on protein lateral mobility, such as Brownian con-

fined and directed motion, confined motion, or anomalous diffusion [14, 15]. Concluding,

membrane dynamics plays a fundamental role in several cellular process and it is modu-

lated by the interplay between lipids and proteins [1].

1.1.2 Membrane curvature

Membrane curvature also plays an essential role in fundamental cell functions. Cells need

to bend membranes to perform processes such as division, motion/displacement, vesicle

trafficking, exo- and endo-cytosis and signaling, [1]. As a consequence, the modulation of

the biological membrane shape and curvature is central to eukaryotic life [16]. The cell

membrane can be locally highly curved eventually for a limited timescale. Such a high

curvature is essential for organelles’ function and the control of fission and fusion in the

cell [1]. Figure 1.4a) shows a cell cartoon, where different possible membranes curvatures

are highlighted.

Membrane curvature at high resolution can not be observed under physiological condi-

tions. Typically these observations are performed using electron microscopy, typically

Electron Microscopy (EM) (see Figure 1.4b, c, and d). Despite outstanding advance-

ments regarding environmental electron microscopy, EM still requires a dry sample under

vacuum conditions. As a consequence, the biological specimen under observation is fixed

(an irreversible process where the membrane is not dynamic anymore).
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Figure 1.2: General overview of lateral heterogeneity in the plasma membrane. a) Size

view of lateral membrane heterogeneity, where different lipids both unsaturated and sat-

urated lipids, glycolipids besides different proteins. b) Top view of lateral membrane

heterogeneity, where different membrane domains and liquid-liquid phase separation are

shown. Adapted from [11].

Additionally, membrane curvature is highly dependent on the elastic properties of lipid

bilayers (which will be addressed in chapter two of this thesis) depend on many parame-

ters such as lipid composition, pH, ionic strength, temperature [17, 18, 19, 20, 21]. These

properties make membranes resistant to spontaneous bending; therefore, active mecha-

nisms are needed to change their shape. The spontaneous curvature of the bilayer is the
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Figure 1.3: Lipid-associated membrane domains. a) Pure lipid clusters. b) Lipid-mediated

protein cluster, such as GPI domains, RAS domains. c) Liquid-liquid phase separation of

lipids, where cholesterol is preferentially linked to liquid-ordered (lo) phase and no longer

to liquid-disordered (ld) phase. Adapted from [11].

difference in surface between its inner and outer leaflet, and the spontaneous curvature of

each side is affected by the weighted average of the constituent lipids [22, 23, 1].

Membranes can get curved in many different ways:

1.1.2.1 Nanoscopic curvature

Membranes can get spontaneously curved due to their lipid composition. Lipids have

intrinsic shapes depending on the size balance between the head group and tail chain

compositions (length and saturation) [24, 1]. Such intrinsic properties determine their

side-by-side packing imposing a shape on the leaflet, and consequently, the membrane.

The local spontaneous curvature of lipids can be organized as follows [24]: (i) Cylindrical,

which induces flat monolayer curvature, as shown in Figure 1.5a). (ii) Conical, which in-

duces negative curvature, as shown in Figure 1.5b). (iii) Inverted-conical, which induces

positive curvature, as shown in Figure 1.5c). By mixing the lateral organization of lipids

within the previous local spontaneous curvature, membranes get different spontaneous

curvature, as shown at the right-side of Figure 1.5. In addition to the spontaneous mem-

brane curvature induced by lipid species, membranes can get curved by the insertion of

a protein motif at the nanoscale. The insertion of small hydrophobic proteins motif in

the membrane is a very efficient way to induce local membrane curvature. It can be a
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Figure 1.4: Local differences in membrane curvature are hallmarks of cellular membranes.

a) Diagram of a cell, where cellular membrane and high local membrane curvature are

highlighted in black and red lines, respectively. b) Fenestration in the Golgi (from C.

Hopkins and J. Burden, Imperal College London). c) Tubule on endosomes (from P.

Luzio and N. Bright, University of Utah). d) HIV-1 viral budding (from W. Sundquist

and U. von Schwedler, University of Utah). Adapted from [1].

single insertion, where the bending of the membrane is dissipated rapidly in space. If the

insertions are several and in a narrow space, the resulting membrane curvature is much

more pronounced [25, 26, 1]. Figure 1.6 shows some examples of protein motifs’ insertion.
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Figure 1.5: Spontaneous membrane curvature induced by different lipid species. The

size balance between the head group and hydrophobic tails affects membrane sponta-

neous curvature. It can be organized in: a)Cylindrical forming flat monolayers such as

phosphatidylcholine and phosphatidylserine. b) Conical giving negative curvature to the

membrane such as phosphatidylethanolamine and phosphatidic acid. c) Inverted-conical

giving positive curvature to the membrane such as lyso-GPLs and phosphoinositides. The

membrane curvature and fission are shown on the right side of the figure. Colors illustrate

changes in curvature. Adapted from [24].

Figure 1.6: Membrane curvature induced by hydrophobic protein motifs’ insertion.

Adapted from [1].

1.1.2.2 Microscopic curvature

Biological membranes can get microscopically curved by the assembly of proteins into

larger structures with a shape formed by the oligomer [1]. Two mechanisms can modulate
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microscopic curvature:

• Protein scaffolding: some proteins do not bind to the membrane directly and rely

on adaptor proteins (coat proteins) to link them to membranes. Among the adap-

tors, COPI [27], COPII [28, 27], and clathrin [29], as shown in Figure 1.7. Some

proteins as dynamin GTPase superfamily can induce membrane curvature by self-

polymerizing into spirals, although a pre-existing curvature is required to assemble

efficiently, at least in the presence of membrane tension [1].

• BAR (Bin/Amphiphysin/Rvs) domains are crescent-shaped dimeric modules that

bind to membranes [1]. Some BAR domains can oligomerize by forming ’tip-to-tip’

or ’side-to-side’ interactions (see Figure 1.7), increasing their local concentration,

suggesting that they can impose their intrinsic curvature locally to the membrane

[1, 30, 31].

Figure 1.7: Microscopic curvature of membranes. Induced by: (i) protein scaffolding such

as COPI, COPII, and clathrin coating. (ii) BAR domain oligomerization, showing the

cases of ’side-to-side’ and ’tip-to-tip’. Adapted from [1].

1.1.2.3 Macroscopic curvature

Finally, membranes can get curved over large length-scale by means of cytoskeletal scaf-

folding as in the case of filopodia or lamellipodia as shown in Figure 1.8
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Figure 1.8: Macroscopic membrane curvature over large length-scales obtained by means

of cytoskeletal scaffolding. Adapted from [1].

1.1.3 Mechanical properties of cell membranes

We have shown the importance of membrane remodeling within the cell processes and how

they are related to the organization’s membrane components. Also, membrane remodel-

ing can be viewed through the prism of mechanical forces and cell deformations. A better

understanding of how mechanical stresses and deformations regulate cellular functions

requires detailed knowledge of the cell mechanical properties [32, 33]. It is well known

that cells are viscoelastic bodies, meaning that cells store and dissipate mechanical energy,

and their response to mechanical stimuli depends on the rate at which the stimulation is

applied [34, 33]. However, the most common approach reported studying cell mechanics

is determining the stiffness or an apparent elastic modulus[32].

We will roughly define some mechanical properties on biological. Then, a detailed overview

of mechanical properties and different methods used and developed to study them will be

provided in Chapter 2.

Various studies have been carried out to measure mechanical properties of cells. Rico et

al. [35] have found for Alveolar epithelial cells (A549 cells) that their elasticity modulus

is in the range of 0.3-1.4 kPa depending on the AFM tip used. More recently, Sokolov

et al. [36] have developed a method to separate the elastic modulus of biological mem-

branes from the one of the cytoskeleton by Atomic Force Microscopy (AFM) indentation

experiments. Here, they consider the cellular brush, which is an essential inelastic part

of the eukaryotic cells— finding that the elastic modulus of MFC-7 epithelial cells is ap-

proximately 0.4 kPa (without the cytoskeleton contribution).
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Another important mechanical property of cell membranes is the membrane tension. Us-

ing the model proposed by Michael Sheetz [37], it is possible to quantify the membrane

tension by pulling membrane tubes. The membrane tension for human melanoma M2

and A7 cells is 0.012 mN/m and 0.011 mN/m, respectively. Whereas the membrane-

cytoskeleton adhesion force is ≈ 11 pN and ≈ 14 pN for M2 and A7 cells, respectively.

We have briefly described the mechanical properties of biological membranes and how soft

they are. However, those parameters are measured and/or evaluated with high dispersion

because cells and biological membranes are highly heterogeneous and complex materials.

This heterogeneity often makes difficult to infer conclusions from the experiments.

As previously mentioned, all membrane remodeling effects are very challenging to be ob-

served in-vivo in physiological conditions at high spatial and temporal resolution. Since

cellular membranes are very soft, heterogeneous and dynamic, it is very challenging to

observe them with the existing microscopies, because of their limitation. The present

work aims at presenting a novel microscopy technique suited for the study of cellular

membranes. At first, we will consider model membranes that can mimic more complex

biological membranes.

1.2 Model membranes

Due to its heterogeneity and the interplay between its constituents, mainly lipids and pro-

teins, a biological membrane is very complex and challenging to study. Model membranes

were developed to investigate the specific activity and interactions of a lower number of

membrane constituents in a simplified scenario. They are an artificial assembly of lipids

with fewer components, resulting in lower complexity than natural ones making them

a suitable option to study. The lipids and proteins composition can be controlled in

model membranes, allowing for the study of the functional role of specific lipids within

cell membranes. Moreover, the environmental conditions, including surrounding medium,

ion concentration, and temperature, can be precisely controlled. Model membranes have

been extensively used to understand remodeling effects involving lateral lipid organization

[38], and lipid-protein interactions.

During the last decades, different types of model membranes were developed. There are
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currently two main categories of model membranes:

• Free-standing membrane as vesicles, which are subdivided in Unilamellar Vesicles

(with an Aqueous core), and Multilamellar Vesicles (with onion-like membrane core)

as shown in Figure 1.9.

• Planar model membranes.

Figure 1.9: Schematics of Giant Unilamellar Vesicle (GUV) and Multilamellar Vesicle

(MLV). a) Scheme of a GUV with a aqueous core. b) Scheme of a MLV. Both schematics

are just a cartoon because lipids are not in scale with the vesicles.

1.2.1 Giant Unilamellar Vesicles

Giant Unilamellar Vesicles (GUVs) are simple free-standing bilayers whose size, geometry,

and composition can be tailored with high precision [39]. They are cell-size (1-100 µm)

vesicles. A vesicle membrane is a lipid bilayer wrapped into a spherical shell, enclosing an

amount of liquid inside and separating it from the outside medium (see Figure 1.10a)), as

a cell does. In addition to the fact that their size allows us to visualize them individually
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with a simple optical microscope, GUVs have been widely used to probe bilayers’ proper-

ties, such as heterogeneities in lipid composition, shape, mechanical and chemical prop-

erties [39]. In addition, these vesicles can be controlled and manipulated by microscopy

techniques, such as micropipette aspiration [40, 41], membrane flickering analysis [42, 43],

and fluorescence imaging of lateral membrane organization [44, 45, 46] (as shown in Fig-

ure 1.10b)). Concerning the lipid composition, they can be designed with high precision

varying from a single lipid to mixtures of lipids (synthetic or natural lipid extracts) with

added proteins, or even fragments from natural cell membranes [39]. In Figure 1.10b),

a Gel-ld coexistence is shown for a binary 18:0-SM:DOPC (1:1) label with LR-DPPE at

0.05 mol%. An essential characteristic of GUVs is that their top and lateral parts are

substrate-free, meaning that any interaction with the substrate that might affect lipid

diffusion, for instance, is avoided.

The most used method to prepare GUVs is electroformation. It is a method where lipids

are deposited on conductive coated glass (typically indium tin oxide or ITO) instead of a

Teflon ring employed as a spacer in vacuum conditions. Afterward, the dried lipids are re-

hydrated with buffer, and the first coverslip is sandwiched using a second conductive cover

glass. Then, an electric field with a specific frequency and voltage is applied, inducing the

formation of GUVs.The main drawback of this method relies on the significant oxidation

effect that can be induced in the vesicles when they are composed of polyunsaturated

lipids [47]. For more details, see the protocols described in Morales-Penningstong et al.

2010 [48] and Bhatia et al. 2015 [39].

1.2.2 Large Unilamellar Vesicles

Large Unilamellar Vesicles (LUVs) are smaller than GUVs, and have a size ranging be-

tween 0.1-1 µm of diameter. They offer high entrapment of hydrophilic materials in the

liposome-internal aqueous space [49]. Reverse Phase Evaporation (RPE) is the most

used method for LUVs preparation with 60-65% drug entrapment efficiency [49]. In this

method, the lipid phase is dissolved in an organic solvent (typically methanol/chloroform).

By adding an aqueous solution, a water-in-oil emulsion of the phospholipid is formed. The
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Figure 1.10: Giant Unilamellar Vesicles (GUVs). a) Scheme of a GUV, where both inside

and outside mediums are different. b) 18:0-SM:DOPC (1:1) lipid composition GUV label

with LR-DPPE at 0.05 mol%. Scale bar 10 µm. Adapted from [48].

organic solvent is removed under reduced pressure, and then water and lipid are sonicated

to obtain a gel that contains the LUVs [50, 49]. Another suitable preparation method for

LUVs is the formation of multilamellar vesicles from a dry lipid film by vortexing or by

successive freeze/thaw cycles before extrusion or sonication that has been employed in

the experiments presented in this manuscript (see the process detailed in Section 1.2.3.1).

1.2.3 Supported Lipid Bilayers

Supported Lipid Bilayers (SBLs) are planar model membranes supported by a solid sub-

strate. Several surfaces can be employed, mainly Muscovite mica, smooth glass coverslips,

or Silicon. The lipid molecule orientation depends on the deposited surface affinity of its

two sides with the solid: (i) for a hydrophilic substrate, the head-groups are facing the

substrate or/and buffer (see scheme in Figure 1.11a)). In this case, a hydration buffer

layer is in between the polar heads and the substrate. (ii) for a hydrophobic substrate,

the phospholipid alkyl chain is in contact with the substrate forming a monolayer where

the head-groups face the aqueous solution. This monolayer can withstand a bilayer on it,

where one bilayer side will be facing the monolayer heads and the other hand the buffer

Chapter 1 Oscar SAAVEDRA-VILLANUEVA 16



solution (see scheme in Figure 1.11b)). While the latter case does not produce an SLBs,

we decided to include this short explanation to show why we will only focus on SBLs on

hydrophilic surfaces from now.

A crucial difference between supported model membranes and free-standing model mem-

Figure 1.11: Schematics of Supported Lipid Bilayers (SLBs) onto a hydrophilic and hy-

drofobic substrates. a) SLBs deposited on a hydrophilic surface with a hydratation layer

in between inner membrane and substrate. b) SLBs deposited on a hydrophobic surface.

branes (vesicles) is that the inner-leaflet polar heads interact with the substrate in con-

fined lipids. This interaction could be strong due to the short distance between the lower

leaflet and the substrate, affecting free lipid diffusion. Such meaningful interaction has

been highlighted in a few works inducing a decoupling of the two leaflets [51]. On the

other hand, the hydration layer -with a typical thickness in the range of 1 to 3 nm [52]-

plays a crucial role here separating the lipid polar head from the substrate and ensur-

ing SLBs to have the essential feature of free-standing membranes. The latter has been

demonstrated by measuring lipid diffusion using fluorescence recovery after photobleach-

ing by McConnell’s group [53], and confirmed by Fluorescence Correlation Spectroscopy

(FCS) experiments [54, 55]. Other studies have been shown that this water layer can be

tuned under different experimental conditions, such as the presence of calcium [56]. The

surface treatment of glass slides could influence the hydration layer’s viscosity affecting

the lipid diffusion, and domain formation within the SLBs [57]. As well, numerous studies

suggest that this interaction can be minimized using an appropriate buffer [58].

In order to preserve the quality of the membrane and its physicochemical properties, it is

important that the substrate has few or no defects, and it has to be hydrophilic, smooth,

and clean. Therefore, Muscovite mica [59], borosilicate glass [55], and oxidized silicon
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[60, 61] are among the most frequently used. However, other materials such as metal as

TiO2, gold, silver, and platinum have also been employed [62].

During the last few decades, the use and study of the supported model membranes have

grown considerably. Consequently, many systems have been introduced and developed,

including solid-supported lipid, polymer-cushioned lipid bilayer, hybrid bilayers, tethered

lipid bilayers, suspended/free-standing lipid bilayers, and supported vesicular layers [63].

In Table 1.1, we focus on three types of substrates used to support SLBs with their main

advantages and disadvantages: (i) solid substrate, (ii) polymer cushioned, and (iii) porous

substrate.

Table 1.1: Substrates employed to support SLBs: solid substrates, polymer cushions

and porous substrates. Main advantages and disadvantages are reported for each case.

Adapted from [51].

Solid support Polymer cushion Porous support

Schematic

Advantages Improved coverage

Improved imaging

resolution by Atomic

Force Microscopy

Poor interaction with

the support

Free spanning bilayer

Absence of support

interaction

Drawbacks Interaction with the

support needs to be

controlled

Difficulties in imaging

Restricted lateral

diffusion

Difficult coverage

References [63] [64] [65]

1.2.3.1 Methods used to prepare SLBs

Here we will present and describe the three most common methods employed to prepare

SLBs with their main advantages and disadvantages. The methods are the followings:
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Langmuir-Blodgett

This method is based on producing a single lipid monolayer at the air-liquid interface of a

Langmuir-Blodgett cell, transferred to a hydrophilic substrate, and subsequently used to

deposit another single lipid monolayer on it, forming an SLB by coupling of both leaflets.

A general protocol is described as follows: lipids are dissolved in chloroform-methanol (2:1

v/v) solution at 1 mg/mL and deposited on a Langmuir-Blodgett cell filled with deion-

ized water where a lipid monolayer is formed at the interface of the cell. The lipids on

the interface are subsequently compressed using a barrier [66], as shown in Figure 1.12a),

until a monolayer is formed; this process is controlled by measuring the surface tension

on the monolayer with a Wilhelmy plate. Once this monolayer (first leaflet of the bilayer)

is formed, it is transferred to a hydrophilic substrate (typically muscovite mica or silicon)

with the lipid headgroups toward the substrate. Afterward, the process is repeated a

second time to form another lipid monolayer (second leaflet of the bilayer), deposited on

the sample with the lipid headgroups facing the aqueous phase [67], resulting in a single

SLB as shown in Figure 1.12b).

This method has several advantages: both leaflets of the bilayers are transferred indepen-

dently, and they can be tuned in terms of lipid composition, inducing an asymmetry of

the leaflets, as shown in Figure 1.12c) and as it is the case in the cell plasma membrane.

In addition, the surface tension of both leaflets can be controlled, resulting in an asym-

metry of the lateral pressure. However, as the main disadvantages, both leaflets must be

produced in two separate processes, resulting in time-demanding sample preparation. In

addition, the Langmuir cell does not produce a homogeneous coverage of the lipid mono-

layer at the interface, resulting in incomplete coverage of SLBs.
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Figure 1.12: Schematics of SLBs preparation by the method of Langmuir. a) Diagram

of a lipid monolayer laterally compressed in a Langmuir-Blodgett cell, b) Schematic of

an SLB with symmetrical lipid composition leaflets, and c) Schematic of an SLB with

two-asymmetrical lipid composition leaflets.

Vesicle fusion

This method is based on the adhesion of vesicles onto a generally flat and hydrophilic

substrate and their rupture and spreading to produce a continuous SLB [38]. Here, lipids

are individually dissolved in an organic solvent solution. MLVs are prepared by mixing

the previously dissolved lipids and proteins in the desired molar ratio concentrations into

a glass vial. The sample is evaporated to dryness under nitrogen flux for obtaining a thin

film on the tube walls. After, the sample is rehydrated with buffer, producing vesicles.

The solution is extruding in order to make LUVs in buffer solution. Finally, the LUVs

solution is deposited on mica, where the LUVs break out, forming supported lipid bilayers

(see [68] and Appendix A for more details).

We use this method to prepare SLBs because it offers us a simple preparation for a single

SLB on a substrate, ensuring symmetric composition of both leaflets using a mixture of

several lipids. A schematic and AFM topographical image of two lipid phase separations

are shown in Figure 1.13b) and c), respectively.

Spin coating

In this method, a lipids mixture solution is spin-coated on a hydrophilic substrate. AC

Simonsen and LA. Bagatolli showed in 2004 [69] that the hydrophilic substrate must be

kept wet by the main spin coating solvent, hexane, during the entire procedure. The same
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Figure 1.13: Schematics of SLB preparation by the method of vesicle fusion. a) Diagram

of vesicle fusion to SLB formation. b)Schematic of 2-lipids composition SLB produced

by the vesicle fusion method. c) topographical image of a two lipid separated-phase SLB

on mica (DOPC: DPPC, 1:1) in DPBS buffer acquired by Atomic Force Microscopy.

DOPC-domains (darker areas) in liquid phase, and DPPC-domains in gel phase.

authors found that the critical parameter for controlling the film thickness is the coating

solution’s concentration, finding that 7 mM is the optimal total lipid concentration for

a mixture of lipids, typically sufficient to produce a complete coverage of the substrate

[69]. Once the critical parameters are defined, the protocol is the following [69]: A freshly

cleaved muscovite mica is placed into a spin-coater and spinning at 3000 rpm for 40

seconds upon application of the lipid solution - a volume of 15-20 µL is sufficient to cover

a muscovite mica of 8x8 mm2 fully. Afterward, the substrate is placed into a vacuum for

10-15 hours to ensure the solvent’s complete evaporation, obtaining multilayers in air, as

shown in Figure 1.14a). By re-hydrating and washing the sample with buffer, it is possible

to switch between a stack of SBLs to a single SBLs (Figure 1.14b)). This process can be

controlled by labeling the lipids with fluorescent probes and observe the SLBs formation

using a fluorescence microscope.
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Figure 1.14: Schematics of SLBs preparation by the method of spin coating. a) Schematic

of supported lipid multilayers produced by the spin coating method in air. b) Schematic

of SLBs produced at the end of the spin coating method in liquid.

Table 1.2 presents the three methods usually employed to prepare SLBs and

reports advantages and disadvantages for each case.

Table 1.2: Summary of the most common methods used to prepare SLBs. Adapted from

[38].

Langmuir-Blodgett Vesicle fusion Spin coating

Advantages - Asymmetric bilayers

(in composition and

lateral pressure)

- Simplicity

(manipulation) and fast

sample prep

- Single bilayers (often)

- Incorporation of

proteins

- Few defects

- Full coverage

- Absence of defects

- Single or

multi-bilayers

Drawbacks - Leaflet decoupling

- Uncompleted coverage

- Defects (holes)

- Time demanding

sample prep

- Symmetric bilayers

- Equilibrium lateral

pressure non-controlled

- Symmetric bilayers

- Requires exposition to

organic solvents

- Difficulty to control

the number of layers

References [67] [70] [69]
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1.2.3.2 Mechanism of SLB formation

We have shown the most used method to prepare SLBs, but we did not describe how

SLBs are formed in the vesicle fusion method. Based on the vesicle fusion method, studies

combining quartz crystal microbalance with dissipation monitoring (QCM-D) and atomic

force microscopy (AFM) suggest two main mechanisms for bilayers formation [38]: (i) a

direct formation by fusion of vesicle after their contact with the surface [71, 63], (ii) the

absorption of intact vesicles on the surface, followed by their rupture, eventually induced

by neighboring activity, and finally bilayers formation [72, 63].

Ritcher et al. summarised the different mechanisms of SLB formation by the vesicle

rupture [63], showing 4 cases in Figure 1.15.

Figure 1.15: Mechanisms of vesicle rupture schematics. a) an isolated adsorbed vesicle

ruptures spontaneously, driven by its support-induced deformation. b) neighboring ad-

sorbed vesicles fuse, generating another vesicle for its eventual breaking. c) the active

edge of a supported bilayer patch induces the rupture of a neighboring vesicle. d) the

cooperative action of several adjacent vesicles leads to the rupture of a first vesicle (at the

critical vesicular coverage), and the eventual rupture of the other vesicles by the active

edge of the supported bilayer as in case c). Adapted from [63].
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1.3 Main challenges in the study of membranes

In the present chapter, we have shown that membrane remodeling plays a fundamental

role in many biological functions of the cell. In addition, we have shown that membrane

constituents’ activity is mainly modulated membrane remodeling. The latter is highly

dynamic and requires observations at high lateral and temporal resolution. To achieve

that in physiological conditions, we need to employ techniques that can work in liquid,

including Atomic Force Microscopy (AFM) and fluorescence microscopy. However, both

techniques have advantages and disadvantages for the study of cell membranes. The main

disadvantage of fluorescence microscopy is the poor lateral resolution, which is limited

by the Abbe limit (diffraction limit) [73], in practice to several hundreds of nanome-

ters. However, several Super-Resolution fluorescence microscopies have recently been

developed in the last decades [74], such as Structured Illumination Microscopy (SIM),

Stimulated Emission Depletion (STED), Stochastic Optical Reconstruction Microscopy

(STORM), Photo Activated Localization Microscopy (PALM), and MINFLUX. These

Super-Resolution techniques can currently achieve resolutions below ten nanometers with

an imaging rate ranging from tens of minutes to few seconds. However, unlike AFM,

Super-Resolution fluorescence microscopies cannot measure the sample topography nor

its mechanical properties.

Concerning AFM, there are several disadvantages we have to take into account when

measuring cellular membranes:

1.3.1 1st challenge: the membrane-AFM tip interaction force

Biological membranes are very soft materials with a Young Modulus in the range of a

few tens of kPa (for the case of a red blood cell’s membrane [75]) to less than 100 MPa

(for the case of supported lipid membranes on solid substrates [76]). As a consequence,

they get largely deformed when a force is applied. AFM requires forces to image the

topography, deforming, or even breaking the sample during AFM scanning. This problem

will be described and studied in the second chapter of this thesis.
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1.3.2 2nd challenge: Chemical sensitivity

AFM can achieve sub-nanometer vertical resolution obtaining high lateral and vertical im-

ages of the sample’s topography. However, conventional AFM images do not have chemical

sensitivity, which is essential to recognize single membrane constituents. However, some

techniques have been developed in order to achieve specific molecular recognition. The

main two are the following:

(i) correlative AFM - fluorescence microscopy, where specific membrane constituents can

be labeled with a fluorescent probe and recognized within the fluorescence image. How-

ever, the constituents’ localization resolution is limited by the fluorescence technique

employed (a couple of hundreds of nanometers in Figure 3.1).

(ii) Simultaneous topography and recognition imaging (PICO TREC) can acquire si-

Figure 1.16: Correlative Fluorescence-AFM of HeLa cells expressing HIV-1 Gag-GFP.

a) AFM-topography (color Z-scale is 300 nm). b) Total internal reflection fluorescence

(TIRF) microscopy image of Gag-GFP. c) Overlap of a) and b). All scale-bars are 500 nm.

Adapted from [77].

multaneous sample topography, and molecular recognition [78, 79], but it might fail to

localize a part of the molecules of interest. Figure 1.17 shows a molecular recognition

experiment using PICO TREC.

The problem of chemical sensitivity and molecular recognition in correlative fluorescence-
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AFM studies will be addressed in the third chapter of the thesis: it presents a novel

Super-Resolution technique developed combining an AFM with confocal microscopy us-

ing fluorescence spectroscopy and time-correlated single-photon counters. It is based on

metal-induced energy transfer (MIET), and we called it MIET-AFM.

Figure 1.17: AFM topography and molecular recognition by PICO TREC. Nano-

organization of the GnRH-Rs on the T24 cell surface. a) AFM Topography image. b)

PICO TREC recognition map, where the red surfaces represent the GnRH-Hs. c) Overlay

of a) and b). Adapted from [79].
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1.3.3 3rd challenge: Time resolution

Because of the fast membrane dynamics, the slow AFM image acquisition time is an ad-

ditional problem. A conventional AFM image takes at least a few minutes to be acquired.

It represents an important limitation since cellular membranes are highly dynamic, at a

timescale that in most cases cannot be assessed by conventional AFM.

Temporal resolution is out of this thesis’ scope. However, this issue has been addressed

by the High-Speed AFM (HS-AFM) [80], which can acquire topographical images of rel-

atively flat samples at video rate (≈ 30 fps) [81, 82], with 2 nm of lateral resolution and

0.1 nm of vertical resolution [83].
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Chapter 2

Mechanical properties of Supported

Lipid Bilayers

In the previous chapter, we have shown that the mechanical properties of biological mem-

branes play a fundamental role in many membrane remodeling processes and, therefore,

in several fundamental cellular activities.

At first, this chapter introduces a basic membrane mechanics theory and some associated

measurable observables.

Then, the most common instruments used to characterize membrane mechanics are in-

troduced, especially focusing on Atomic Force Microscopy.

Finally, the problem of the formation of holes within model membranes indented by an

AFM tip is accurately studied and discussed in the central part of this chapter.

2.1 Mechanical properties

The mechanical properties are quantified by measuring how a material responds to an

applied mechanical stimuli. Starting from a simple case, a deformation: in the case of

a parallelepiped, we consider a pressure σ applied perpendicularly onto one of the body

faces. This pressure induces a deformation ∆l of the body that is the consequence of

the body compression. ∆l = l0 − l is the change in body length obtained from the non
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deformed length l0 and the final deformed length l (see schematics in Figure 2.1a).

Considering the body as an elastic material, we can introduce elastic properties. By

(b) Stretching(a) Compression

σ

∆l l
0

l ∆l
l
0 l

σ

Figure 2.1: Schematics of a mechanical deformation on a body of original length l. a)

compression and b) stretching.

definition, if a mechanical stimulus is applied to an elastic material, the latter is capable

of returning to its original shape once the stimulus has been removed. The capability

is described by the Hook’s law that additionally states that when an elastic material is

deformed, it is storing the energy applied. The elasticity of a body is characterized and

quantified by the elasticity modulus E, in [Pa], which is a fundamental property of solids

that characterizes their ability to sustain their shape under mechanical stress [84]. The

elasticity modulus E is also called Young’s modulus. In a simple case such as the one in

Figure 2.1, E is the scaling between stress σ (previously called pressure) and strain of the

material as the following:

σ = Eε (2.1)

Where ε is the normal strain defined as ε = ∆l
l0

. Compression is defined when a stress

σ is applied against one of the faces of the body (see Figure 2.1a). Otherwise, when the

stress σ is applied outwards from one of the body’s faces, the stimulus is called stretching

(see Figure 2.1b). It is important to remark that 2.1 is valid for both compression and

stretching but only for the linear elastic deformation.

E is an intrinsic property of the material, whereas the stiffness k, in [N/m], is an extrinsic

property, and it is the parameter that quantifies the body resistance to deformation ∆L
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when a force F applied as:

F = k∆L (2.2)

This parameter is typically used to characterize springs, and it is also commonly called

"spring constant."

When a mechanical stimulus (compression or stretching) is imposed on a body, the latter

σ
x

σ
x

l
0

(a) 

σ
x

σ
x

l
0

l

(b)

Figure 2.2: Schematics of Poisson’s effect on a body. a) Isometric view, b) Top view.

is deformed both in the stress-axis direction as in the other axes. The off-axis deforma-

tions are described by the Poisson’s ratio ν, which is defined as follows :

ν =
ε‖
ε⊥

(2.3)

Where ε‖ and ε⊥ are the strain in the direction of applied stress and perpendicular to

applied stress, respectively; in other words, Poisson’s ratio is the ratio of transverse ex-

pansion (or contraction) strain over the longitudinal extension strain in the direction of

the applied stress [85]. Figure 2.2 shows a scheme showing that when a stress is applied

in a direction, the deformed body also reacts in the other directions. Typical values

for ν are in the range of -1 to 0.5: when a material has ν = 0.5, it is known as a

perfectly uncompressed elastic isotropic material. This value is typically associated to

SBLs [86, 87, 88]. While most materials have a positive coefficient, other materials have

negative coefficient values[89], such as some foams, honeycomb, graphene[90], tendons[91],

chain organic molecules[92].

Making a general overview of three relevant scales to take into account when studying
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Figure 2.3: Length-scale, time-scale and elasticity-scale for different bio-materials. a)

Length-scale, b) Time-scale and c) Elastic modulus scale. Adapted from [84].

mechanical properties of materials (or in our case, biomaterials), we can mention: length-

, time- and elasticity modulus-scales, as shown in Figure 2.3. Biological materials are

widely spread in all scales. Our subjects of interest, SLBs, are in the nanometer range

in terms of length-scale, from minutes (diffusion) to nanosecond (lipids and proteins dy-

namics within the membrane) in the time-scale, and in the tens of kPa in the elastic

modulus-scale.

It is important to note that a cell is a viscoelastic material. In a viscoelastic material, an

imposed deformation simultaneously stores and dissipates mechanical energy, and thus,

mechanical stress relaxes and deformation increases over time [84]. Biological membranes

are represented as a thin layer, typically with a thickness h around 5 nm, composed of
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two fluid lipid monolayers that a mechanical stimulus can deform. A membrane can be

considered as a 2D material that can be stretched, and we can characterize such deforma-

tion using the areal expansion modulus KA, which can be evaluated during micropipette

aspiration experiments [93]. This parameter’s typical values are in the range of 0.1-1 N/m

[94], suggesting that lipid bilayers are essentially inextensible, tolerating only 4-6 % areal

strain before rupture [93]. Based on the thin-plate theory, KA can be written as fol-

lows [95]:

KA =
Eh

2(1− ν)
(2.4)

As previously mentioned, lipid membranes are composed by two non-fully coupled mono-

layers. Therefore, when a membrane is bent, one leaflet is differently stretched than the

second one. The parameter representing the necessary amount of energy to deform a

membrane from its natural curvature to a different one is known as bending modulus κ.

In the thin-plate theory, for a continuous thin film, the bending modulus can be written

as follows:

κ =
Eh3

12(1− ν2)
(2.5)

Typical values found for κ are found to be on the order of 10 KBT (KB is the Boltzmann

constant) or 10−19 − 10−20 J [93].

As shown so far in the present chapter, Young’s modulus E is a fundamental parameter

in determining and/or relating to many other properties. One of the most widely used

methods to evaluate E is given by Hertz’s contact model, which was proposed by H.

Hertz in 1882 [96]. This model describes the elastic compression of a flat homogeneous

and infinite extensive material induced by the force applied for a spherical indenter. In

the absence of non-mechanical contact interaction forces, the model states:

F =
4

3

E

1− ν2

√
Rδ3, (2.6)

Where R is the radius of the spherical indenter, ν is the Poisson ratio, δ is the indentation

length, and E is the Young’s modulus of the film, assuming the Young’s modulus of the

indenter EI much higher than E. The indentation is pictorially reported in the Figure 2.4.

Once the theoretical background is defined, the following problem is how to measure
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R

δ

F

Figure 2.4: Schematic of Hertz’s contact model for a spherical indenter compressing a flat

surface. Contact between a rigid sphere of radius R and a flat surface, the sphere applies

a force F over the flat surface.

these properties in such soft and small materials.

2.2 Quantifying membrane (or cell) mechanical prop-

erties

Novel technologies and methodologies have been developed to study the mechanical prop-

erties of biological membranes under different conditions and resolutions. They have all

advantages and disadvantages. In table 2.1, a general overview of the techniques used to

measure cellular forces is shown.
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Table 2.1: Summary of techniques to measure cellular forces. Adapted from [97].

Force

range

Length

scale

Measured

quantity

Strengths Limitations References Schematic

2D traction

microscopy

1-104 Pa 10−1-

103 µm

Substrate

displace-

ment

+ Absolute

measurement

+ Tunability of

substrate stiffness

+ Output is a 2D

map

-Computationally

involved

- High sensitivity to

displacement noise

[98, 99,

100, 101]

3D traction

microscopy

10-104 Pa 10−1-

102 µm

ECM dis-

placement

+ Cells in 3D

environment

+ Output is a 3D

map

- Computationally

very involved

- Unknown ECM

material properties

close to the cell

- Physiological

ECM is non-linear

[102,

103]

Micropillars 10−2-

102 nN

10−1-1 µm Pillar dis-

placement

+ Absolute

measurement

+ No reference

image required

+ Simple force

calculation

- Discrete rather

than continuous

adhesion

- Difficult to

compare to

physiological

environments

- Small stiffness

range

[104,

105, 106]

Atomic

Force

Microscopy

10-105 pN 10−3-

103 µm

Cantilever

displace-

ment

+ Possibility of

imaging the sample

+ Simple and

precise force

measurements in

real time

+ Wide force range

+ Point

measurements

- Requires contact

- Requires surface

considerations

-Difficulties to

implement some

theoretical models

[107,

108]

Inserts 10−1-

104 Pa

10-102 µm Insert

deformation

+ In vivo

+ Control of

adhesion specificity

+ Versatile

- Requires

microinjection

- No measurement

of shear stress

- No measurement

of isotropic stress

[109,

110, 111]

Optical

tweezers

0.1-102 pN 10−3-

102 µm

Colloidal

displace-

ment

+ High

signal-to-noise ratio

+ 3D tracking and

forces

+ Multi-point

measurements

simultaneously

+ Point

measurements

+ Non-contact

- Narrow force

range

- Laser can damage

the sample

[112,

113]

Micropipette

Aspiration

1-103 pN X µm Sample

deformation

+ Point

measurements

- Requires contact

- Requires surface

considerations

[114,

115, 116]
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2.2.1 Optical Tweezers

Optical Tweezers are a technique that makes used of a strongly focused laser beam to

catch and hold dielectric particles in a size range from nanometers to micrometers. The

focused light interacts with the colloidal particle applying a force toward the focus of the

laser beam, with a magnitude proportional to the distance of the particle from the laser

focus, under the assumption of small displacements away from the center of the trap [117].

The bead motion can be modeled as a stationary trap. Making use of the equipartition

theorem, the average potential energy of the particle in the Hookean trap is equal to the

thermal energy of the medium (without assuming a value for the local viscosity):

1

2
KBT =

1

2
ktrap

〈
x2
〉

(2.7)

where KB is the Boltzmann’s constant, T the medium absolute temperature, ktrap the

equivalent stiffness of the optical trap, and 〈x2〉 is the mean square movement of the

colloidal particle due to thermal vibrations. The ktrap values are in the range of 10−6 −

10−5N/m. The optical force applies Ftrap over the colloidal is:

Ftrap = −ktrap∆x (2.8)

where ∆x is the distance of the sphere from the center of the optical beam (Figure 2.5),

in an optical trap, Ftrap is a restoring force due to the particle is attracted to the center

of the beam. Optical tweezers provide a valuable tool for high precision measurements of

small forces (in a range between 0.001−102 pN). There is an inherent limit on the amount

of force that can be applied using this method. In order to increase the optical force, it is

crucial to increase the laser power, potentially inducing local heating that might damage

the cell structure and affect its mechanical properties [84].
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Figure 2.5: Schematic of an optical trap, where the colloidal particle is displaced ∆x from

the center of the optical trap.
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2.2.2 Micropipette Aspiration

Micropipette aspiration is a technique employed to measure the mechanical properties

of micrometric bodies, such as Liposomes, living cells, and tissues. It makes use of a

micropipette to apply a suction pressure on the sample, and an optical microscope is

used to quantify the sample deformation. Figure 2.6 shows the schematic of a typical

microaspiration pipette setup. A pipette with a tip radius Rp, is connected to a water

reservoir and applies a suction pressure ∆P on the specimen of interest. The pressure

∆P depends on the hydrostatic pressure and by the difference of height ∆h between the

pipette apex and reservoir water level, as:

∆P = ρwaterg∆h (2.9)

where ρwater is the water density (1 g/mL), g gravity acceleration. If there is a flow,

Figure 2.6: Schematic of an micropipette aspiration setup. Adapted from [114]

the pressure drop along the microcapillary must be taken into account [118], using the

following equation:

∆P = ρwaterg∆h

(
1− U

Uf

)
(2.10)

where U is the velocity of the aspirated material, and Uf is the velocity for free flow.

In order to probe biological samples, many models have been developed. The simplest

model adopts continuum-modeling approaches. It was developed by Theret et al. [119],
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without taking into account a direct link to subcellular components. This model provides

one equation to compute the elastic modulus E of a sample by assuming a homogeneous

incompressible linear-elastic half-space material:

∆P

E
=

2π

3φp

Lp

Rp

(2.11)

where Lp is the aspirated length (see Figure 2.6) and φp is a parameter that depends

weakly on the thickness of the pipette wall, and the value φp ∼ 2.1 is typically used [114].

Micropipette aspiration is widely employed to evaluate interesting mechanical properties

on biological samples, such as the Young’s modulus E, Poisson rate ν, viscosity µ, diffu-

sion coefficient [114]. With this technique, the spatial resolution depends on the correlated

optical microscope employed, whereas the area that can be probed depends on the pipette

radius size, typically higher than 1 µm. For this reason, the technique has a limited res-

olution for our objectives since we want to study biological membranes at the nanoscale.

2.2.3 Surface Force Apparatus

The Surface Force Apparatus (SFA) is a technique that quantifies the interaction force

between two macroscopic and curved surfaces as a function of their separation distance.

SFA can measure the absolute separation of the distance between molecules up to sev-

eral hundred nanometers with an accuracy of 0.1 nm [115]. This separation between two

interaction surfaces is determined directly by optical interferometry, typically, a Fabry-

Perot interferometer [115]. J.N. Israelachvili established this technique in 1976, and it

is currently capable of working in aqueous solutions such as KNO3 [120]. SFA can di-

rectly measure long-range interaction forces, as a function of the distance between both

surfaces, including van der Waals interactions[121], both repulsive and attractive forces,

DLVO-type interaction, electrochemical surface forces [120, 122].

The figure 2.7 shows a schematic of the working principle of an SFA. Here, the samples

are supported by two cleaved and atomically flat mica sheet surfaces (thickness ∼ 0.3-0.5

µm), which are fixed to the surfaces of two crossed hemicylindrical and microscopic silica

lenses (Figure 2.7(a) and (b)). The typical radii of these lenses are 1-2 cm. The mica
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surface adjacent to the silica lens is coated with 50 nm silver film (reflective), which re-

sults in a resonant cavity for Fabry-Perot interferometry. The light transmitted by the

interferometer consists of a series of interferences fringes. Its wavelengths are determined

by the thickness and refractive index of the various films between the two reflective silver

surfaces. When a continuous white light is employed as a light source, the transmitted

wavelength changes when the sample surfaces separation (D in Figure 2.7 (a)) changes.

Finally, from those measured wavelength shifts, the distances D are determined within a

resolution of 0.1 nm [115]. In the SFA, the separation D is controlled by a three-stage

mechanism: an upper micro-driven rod, lower-driven rod, and a piezoelectric crystal,

which are the coarse (∼ 1µ m), medium (∼ 1 nm), and fine distance controls (< 1 nm),

respectively.

To measure the interaction forces between the two surfaces, one of the hemicylindrical

Figure 2.7: The Surface Force Apparatus. (a) samples in the SFA are supported on two

hemicylindrical lenses oriented at right angles to each other. (b) Schematic diagram of

the SPA working principle. Adapted from [115].

lenses is mounted at the end of a cantilever spring with a typical stiffness of ∼ 102 N/m.

Finally, the interaction forces are determined by a simple Hooke’s law:

Fint = keqx (2.12)
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where Fint is the interaction force, keq the equivalent spring stiffness (lens-cantilever) and

x the spring displacement. Clearly, the force resolution depends on cantilever stiffness.

We have shown that SFA has many pros, but the main drawback for our purpose is that

this technique cannot measure the properties at high lateral resolution since the surface

employed has a radius of ∼ 1 cm. The following technique notably improves this issue:

in addition to the SFA force sensitivity capabilities, it can visualize the sample with

nanometric lateral resolution.

Figure 2.8: Schematic drawing of a Surface Force Apparatus. From [120].

2.2.4 Atomic Force Microscopy

Atomic Force Microscopy (AFM) is a very high-resolution Scanning Probe Microscopy

(SPM) technique. AFM makes use of a micrometric cantilever with a nanometric tip to

scan a sample and measure the sample topography at the nanoscale, as shown in Fig-

ure 2.9. It was invented in 1986 by G. Binning, C. F. Quate and Ch. Gerber [123].

In order to better understand an AFM, we must describe the physics of the cantilever

that is used to sense the surface and its properties. Physically, the AFM cantilever can
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Figure 2.9: Schematics of an Atomic Force Microscope

be described as a single harmonic oscillator with a Point-Mass Model. In this model,

the cantilever-tip system geometry is approximated by a spring with an effective mass (a

fraction of the cantilever mass) located at the spring end, the AFM tip. In the presence

of the tip-surface interaction forces Fint, the position of the tip is described by

mz̈ + γż + kz = Fint (z) (2.13)

where m is the effective cantilever mass, γ is linked to the viscosity of the medium sur-

rounding the cantilever, and k is the cantilever spring constant. The equation 2.13 has

different solutions depending on if the cantilever is excited or not (dynamic or static

modes, respectively).

As mentioned in the previous chapter, this thesis aims to study biological samples, focus-

ing on biological membranes. Biological samples are diverse, from nanoscale biomolecules

such as lipid and proteins, up to the microscale when considering cells and tissues. AFM

can reach tens of piconewtons (∼ 10 pN) in force-resolution, 0.1 nm in vertical resolution,

and a few Angstroms in lateral resolution.

We will now proceed to describe the main components of this instrument.

Chapter 2 Oscar SAAVEDRA-VILLANUEVA 41



Cantilever

The AFM cantilever is the fundamental AFM component. An AFM cantilever is an elastic

beam with a tip at the free end. This lever is used here for sensing the sample surface and

its properties. Typically, this probe has a length of couple hundred microns, but more

recently, fast cantilevers were developed for High-Speed AFM (HS-AFM) with a length

of ten microns [82]. Commercially available AFM cantilevers are usually manufactured

silicon, silicon nitride, and quartz-like materials. They are available in a wide range of

shapes, spring constants, and resonant frequencies. In Figure 2.10 a cantilever and its

tip are shown. Concerning the shape, they are rectangular or triangular, as shown in the

Figure 2.11a) and b), respectively. The cantilever spring constant depends on its material

and geometry. For a rectangular beam, the spring constant is given by

k =
Ewt3c

4 (L− d)3
(2.14)

where E is the Young’s modulus of the cantilever material, w and tc are the cantilever

width and thickness, respectively, L the length of the beam, d is the setback of the applied

load from the cantilever free end. Another relevant parameter is the tip length h, spanning

from the cantilever center until the end of the tip. h must be accurately chosen depending

on the roughness of the studied sample. All dimensions are shown in Figure 2.12. The

model of equation 2.14 is valid under the consideration that w ≪ L, assuming that any

bending effects of the beam along its width are negligible. Spring constant values of AFM

cantilevers are typically in the range of 0.01 to 100 N/m.

Regarding the resonant frequency, it depends on the cantilever material, geometry,

and also on the medium where the lever is immersed, such as liquid or air. For the same

cantilever, the resonant frequencies in air and water, with low damping, are given by:

ωair
R =

√
k

m
(2.15)

ωliq
R =

√
k

m+mliq

(2.16)

where ωair
R and ωliq

R are the angular resonant frequency in air and liquid, respectively, and

mliq is the liquid mass participating to the motion of the lever. As the equations 2.15 and

2.16 show, for the same cantilever, the resonant frequency is lower in a liquid than in air,
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Figure 2.10: Scanning electron microscope images of an AFM cantilever. a) Cantilever,

b) AFM tip. Adapted from Olympus website.

Figure 2.11: Scanning electron microscope images of AFM cantilever shapes. a) rectan-

gular uniqprobe™ Nanosensors, b) triangular NSL from Bruker.

typically

1

3
ωair
R < ωliq

R <
1

2
ωair
R (2.17)

AFM tips are available in a wide range of different shapes, including tips protruding at

the end of the cantilever, pyramidal, conical and nano-spherical as shown in Figure 2.13

a), b) and c) respectively. Concerning the tip radius, the AFM tips are available from

less than 2 nm up to tens of microns (colloidal probes). These characteristics allow for a

wide variety of experimental indentation and microscopy schemes, i.e., from microspheres-

tissue indentations to probing intra-molecular interactions between biomolecules[124].

In AFM, the lateral resolution depends on the effective interaction between the AFM

tip and surface since the tip radius can be as small as 2 nm. It can probe the surface

very locally. The tip aspect ratio has a defining role in determining the lateral resolu-
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Figure 2.12: Schematics of a rectangular AFM cantilever.

Figure 2.13: Scanning electron microscope images of AFM tips. a) ATEC-CONT from

Nanosensors, b) MSNL from Bruker and c) B20-FM from Nanotools.

tion because it might compromise the lateral resolution when imaging surfaces with high

roughness. During the last decades, several procedures have been developed to either

reduce the tip radius and/or to get better aspect ratios [125], such as carbon nanotube

AFM tips [126, 127]. The tip geometry might also be the source of several imaging arti-

facts, i.e., when the tip is asymmetrical, such as etched silicon. Choosing an appropriate

combination of both AFM tip and cantilever is helpful in successfully image the target

sample and achieving the highest resolution.
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Detection system

One of the most widely used AFM detection systems is called optical beam deflection.

It is composed of a laser and a photodetector, and it has the function of measuring and

quantify the bending angle (deflection) of the AFM cantilever. A laser, typically a laser

diode, is focused at the free end of the beam backside (where typically a reflective coating

is deposited) and then reflected towards the photodetector, a position-sensitive photodi-

ode array also called QPD. A QPD is a photodetector divided into four segments (see

Figure 2.9): the reflected light needs to be aligned at the center of the QDP when the

tip is far from the sample surface. The procedure is performed by maximizing the sum

on the sensor, implying that a higher proportion of reflected photons is incident on the

sensor. Mathematically the sum is described as

SUM = A+B + C +D (2.18)

Where A, B, C, and D correspond to the current generated by the four QDP segments

as described in Figure 2.9. In order to quantify both cantilever vertical deflection Dver

and lateral deflection Dlat as

Dver =
A+B − (C +D)

SUM
(2.19)

Dlat =
A+ C − (B +D)

SUM
(2.20)

The three signals are measured and expressed in Volts, and the system needs to be cal-

ibrated to convert Dver, representing a deflection angle, into the vertical tip position

(expressed in meters).

Scanners

AFM scanners are employed to vertically and laterally displace the sample in respect to

the tip. They are typically made of piezoelectric materials, which can expand and con-

tract when a voltage is applied, depending on both its polarity and intensity. Scanners

are characterized by their sensitivity, which is the ratio of piezo movement per voltage
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applied on the piezo, meaning how much the piezo material extends or contracts per ap-

plied voltage. However, the sensitivity is non-linear overscan size. Indeed, piezo scanners

exhibit hysteresis between the forward and reverse scans. This issue can be corrected by

adding a linear sensor to each stage to detect the real displacement of the piezo and, by

applying a non-linear voltage to the piezo electrodes, the displacement can be controlled

to be linear. The latter is known as a "closed-loop" AFM scanner, whereas, in the absence

of this additional sensor, it is called an "open-loop" AFM scanner.

AFM can have two different stage configurations: sample stage or tip stage. In the sam-

ple stage, the tip is fixed in the XY-plane, and the sample moves under the AFM tip

(Figure 2.14a)). In the tip stage, the sample is fixed while the AFM tip scans the surface

(Figure 2.14b)). Additionally, the AFM has another relevant scanner, the Z-scanner (or

Figure 2.14: Schematic of a) sample stage and b) piezo stage AFM.

Z-piezo). It is in charge of moving the cantilever vertically, keeping constant amplitude in

AFM-AM (see below) or deflection in static modes (see below) during XY Scan. Finally,

an additional piezo, typically much smaller than Z-piezo, can drive the cantilever base at

a defined frequency, such as the cantilever resonant frequency, as it is done in Dynamic

mode AFM (described in the following subsection).

AFM control system

The AFM control system is in charge of the control of all instrument parts. The feed-

back control works both for dynamic and static AFM modes. In dynamic mode, the

cantilever-tip system is excited at a single frequency by a piezo. The practical goal of the

feedback loop is to keep the error signal (difference between the setpoint and desired tip

deflection or tip oscillation amplitude) as small as possible. The error signal is treated in
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the proportional-integral-differential (PID) system.

In dynamic mode, the cantilever deflection is measured by the QPD sensor and send to

a lock-in amplifier, which processes the signal and returns a signal related to the oscil-

lation amplitude and phase of the cantilever. The feedback loop maintains constant the

amplitude while the tip is either scanned across the sample surface or kept still above a

given surface region. The root mean square value of the oscillation signal measured in

the QPD is kept constant in a process that involves the comparison between the instanta-

neous values of the amplitude A with respect to a reference value ASP , called the setpoint

amplitude, and the difference of both amplitudes (ASP − Ai) is the error signal. The

PID output sends a voltage signal to the piezo Z-scanner to either approach or withdraw

the tip/sample in such a way as to minimize the error signal. The feedback loop set the

upper limit for the maximum scanning speed of the microscope. Figure 2.15 shows the

schematic of the feedback system described.

As mentioned, instead of keeping constant the oscillation amplitude in the case of static

mode, the PID system keeps the static cantilever deflection constant during image acqui-

sition.

Figure 2.15: Simplified scheme of the feedback loop circuitry in amplitude modulation

AFM. Adapted from [128].
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2.2.4.1 AFM cantilever calibration

Quantitative AFM is crucial for a wide range of applications. For example, when perform-

ing topography measurements in contact mode, the knowledge of the lever stiffness allows

control of the contact force, preventing possible damage of soft samples [129]. Applica-

tions, where high precision is desired require the AFM probe to be directly used as a force

sensor. Using Hooke’s law, the cantilever deflection can be converted into a force (only

valid in the low deflection angle regime of the cantilever). When the cantilever deflection

is acquired, the QPD is generated in a current converted into volts by a trans-impedance

amplifier. Then, it must be converted into a force value. For this purpose, two calibrations

have to be done: first, to determine the cantilever spring constant k and then the optical

sensitivity converting the voltage at the output of the trans-impedance amplifier into a

deflection angle, finally into a tip position in meters. Several calibrations methods have

been proposed in the last decades. The most employed ones are the method to calibrate

the optical sensitivity (detector calibration) and the thermal method and Sader method

to calibrate the cantilever spring constant:

Optical sensitivity

As mentioned, using a trans-impedance amplifier, the current generated by the QPD four

segments is converted into a voltage signal. However, we must quantify the cantilever

deflection in length unity, and therefore a conversion factor is required. The Inverse op-

tical lever sensitivity (InvOLS ) calibration is based on the acquisition of a force-distance

curve on a stiff sample, implying that the surface deformation upon tip-sample contact

is negligible and assuming that the cantilever deflection is equal to the z-piezo displace-

ment. The InvOLS is the scaling between the measured deflection voltage (Dver) and the

cantilever deflection ∆z, as:

InvOLS ≡ ∆z

Dver

(2.21)

InvOLS is usually expressed in nm/V.

This value depends on the laser spot position along the cantilever axis, the cantilever
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Figure 2.16: Operational scheme to acquire the InvOLS scaling factor to calibrate the

cantilever deflection using an optical beam deflection system.

length, and the distance between the tip and the QPD. As a consequence, the sensitivity

will depend on the cantilever length and the alignment procedure [128]. Additionally, this

calibration depends on the refractive index of the medium surrounding the cantilever,

such as air, water, or buffer. therefore, the calibration must be performed in the same

medium, where the AFM measurements are carried out.

Thermal noise method

The thermal noise method relies on the fact that a harmonic oscillator in thermal equi-

librium is mechanically vibrating due to thermal noise [130]. The Hamiltonian Ĥ of a

harmonic oscillator can be written as

Ĥ =
mż2

2
+

1

2
kz2 (2.22)

Assuming that the harmonic oscillator is in thermal equilibrium with the environment,

the equipartition theorem can be applied, obtaining the following relationship:

1

2
k
〈
z2 (ω)

〉
=

1

2
kBT (2.23)

where 〈z2 (ω)〉 is the mean square deflection of the cantilever due to thermal vibrations

in all spectrum of frequencies, kB is the Boltzmann’s constant and T is the absolute tem-

perature. Rewriting the equation 2.23, the spring constant of the cantilever k can be
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expressed as

k =
kBT

〈z2 (ω)〉 (2.24)

The measurement of 〈z2 (ω)〉 is therefore required over all frequencies. Butt and Jaschke [131]

refined this method, demonstrating that the contribution of the first resonance to 〈z2 (ω)〉

is 96 %. As a consequence, the measurement of PSD can be done just for the lowest eigen-

mode, and then, its dependence on the frequency is fitted with the dynamic response of

a single-harmonic oscillator (a Lorentzian function), obtaining:

k1 =
4kBT

ω1Q1A1

(2.25)

where k1 is the cantilever spring constant of the first mode, Q1 is the quality factor of

the first mode and A1 is the amplitude of the first mode. A relationship between the

cantilever static and the first mode spring constant is derived by using the vibrational

decomposition of the cantilever oscillations [128],

k =
kBT

〈z2 (ω)〉 =
12kBT

1.8754 〈z2
1
(ω)〉 = 0.9707k1 (2.26)

showing that k and k1 can be used as equivalents for tip calibrations.

Sader method

In the Sader method, the AFM cantilever is modeled considering the hydrodynamics of

the fluid surrounding the lever, and the dissipation effects on the cantilever dynamics

[132, 133]. In this method, the optical sensitivity calibration is not required. It has been

developed to determine the spring constant k of a rectangular cantilever that is defined

as [133]

k = 0.1906ρfw
2LQfΓi (ωf )ω

2

f (2.27)

Where ρf is the fluid density, w and L are the cantilever width and length, Qf is the reso-

nant quality factor of the lever immersed in the fluid, ωf the cantilever resonant frequency

in the fluid, and Γi (ωf ) is the imaginary component of the hydrodynamic function. The
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Γ (ωf ) depends on the AFM cantilever geometry, and for a rectangular cross-section an

analytic expression has been determine by Sader et al. [132]. ωf and Qf can be determined

by fitting a simple harmonic oscillator model to the resonant spectrum of the cantilever.

Lastly, since this method depends only on the cantilever plane-view dimensions, they are

provided by the AFM cantilever manufacturer with good accuracy. Alternatively, they

can be easily be determined with an optical microscope before mounting the cantilever or

directly in situ.

Combined calibration strategies

Performing the previous calibrations in series, the AFM cantilever is calibrated both in

optical sensitivity and spring constant k. The two most used strategies are the following:

1. Optical sensitivity + Thermal noise method: in this strategy, the optical sensitiv-

ity is employed to quantify the InvOLS, and the thermal noise to determine the

cantilever stiffness k. The main disadvantage of this combination is that the opti-

cal sensitivity method requires mechanical contact between the AFM and a hard

surface, and this procedure can induce tip damage and/or pollution.

2. Thermal noise method + Sader method: In this strategy, the equation 2.27 (Sader

method) is used to evaluate the cantilever spring constant k, and after the thermal

noise method is employed to obtain the InvOLS factor. In comparison with the

previous one, the advantage of this method is that the cantilever is calibrated out

of tip-sample mechanical contact, avoiding tip damage.

2.2.4.2 AFM operation modes

The AFM is a very versatile instrument that operates in several different modes for

both imaging or force-distance curves. We will describe the most used AFM operational

schemes, such as static and dynamic modes. All the following operational modes can work
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in both air and liquid environments.

Figure 2.17: Schematics of different AFM modes. a) Contact mode, b) Dynamic mode

and c) Fast force curves. Adapted from [134].

Contact imaging mode

Contact mode is the basis for all AFM modes. Here, the AFM probe is constantly in

mechanical contact with the sample surface. By scanning the surface with the tip, since

the AFM tip is close enough to the sample surface, any morphological variation within

the sample induces a cantilever deflection. Using the AFM feedback loop to maintain the

vertical deflection constant at a given force set-point, a sample topographical image can

be generated, as shown in Figure 2.17a).

In contact mode, since the AFM cantilever is not excited at its resonance on the vertical

z-axis (ż = 0 and z̈ = 0, no speed and acceleration of the cantilever in the axial direction,

respectively), equation 2.13 can simplified as the Hook’s law:
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Fint(z) = k∆z (2.28)

Where Fint(z) is the force on the cantilever, k the cantilever spring constant, and ∆z the

cantilever deflection.

In this mode, the force set-point corresponds to the force permanently applied by the

cantilever to the sample. This force can induce sample deformation and/or damage.

Therefore, it is crucial to minimize force set-point when measuring soft biological speci-

mens.

Dynamic imaging mode

In dynamic mode, a harmonic stimulus is imposed to the AFM tip exerting an external

force Fext(t) = F0e
iωt at the cantilever base, where ω is the frequency of the stimulus.

Rewriting the equation 2.13 for the Point-Mass model with the external force, the equa-

tion becomes:

mz̈ + γż + kz = Fint (z) + F0e
iωt (2.29)

If the cantilever is far from the surface, the tip-sample interactions are negligible, there-

fore, we can assume Fint = 0. Since the induced external force is harmonic, we look for

a harmonic solution with the form z(t) = z0e
iωt. Introducing z(t) into the equation 2.29,

this becomes as,

(
−mω2 + iγω + k

)
z0 = F0 (2.30)

Solving for z0, we obtain:

z0 =
F0

m

i ω
m
γ + k

m
− ω2

(2.31)

Inserting the equation 2.15 (ωR =
√

k
m
) into the last equation, the forced harmonic oscil-

lator amplitude A and phase φ are the following:
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A (ω) = |z0 (ω)| =
F0

m√
ω2γ2

m2 + (ω2

R − ω2)
2

(2.32)

φ (ω) = arctan

(
γω

m (ω2

R − ω2)

)
(2.33)

The amplitude A (ω) and phase φ (ω) of the forced harmonic oscillator are shown in

Figure 2.18: Dependence of the amplitude and the phase shift as a function of the exci-

tation frequency for a forced harmonic oscillator with damping γ. Adapted from [135].

Figure 2.18. where Q can be expressed as :

Q =
ωR

∆ω
(2.34)

When the tip and sample are close enough, interaction forces Fint are not anymore negli-

gible. These interaction forces change the oscillation of the cantilever in both amplitude

A (z) and phase φ (z) as shown in Figure 2.19, adapted from [135]. In this figure, the

interaction forces are negligible at tip-sample distances larger than 28 nm because ampli-

tude and phase do not vary with the tip-sample distance. When the tip is at a sample

distance inferior to 28 nm, the interaction forces are not negligible, as the variation of

amplitude and phase clearly shows it. In the case of the amplitude, when the AFM tip

approaches the surface, the amplitude decreases due to the presence of these interaction

forces.

Dynamic mode AFM has two main variables, Amplitude Modulation AFM (AM-AFM)

and Frequency Modulation AFM (FM-AFM). In AM-AFM, the excitation frequency is

usually set at the first resonance frequency of the cantilever, and the response amplitude is

adjusted to be constant by a feedback loop [136], as shown in Figure 2.17b) and described
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Figure 2.19: Amplitude and phase distance curves obtained in air with a silicon tip on a

mica surface. Adapted from [135].

in the previous section (Figure 2.15).

The main advantage of this operation mode (AFM-AM) is that the AFM cantilever is in

intermittent contact with the sample. It results in minor damage for the sample, especially

when it is soft, due to decreased friction present when the tip is in contact with the sample.

AFM-Force Spectroscopy

AFM-Force Spectroscopy (AFM-FS) is a technique based on the AFM static mode. The

AFM tip is approached to the surface at constant approaching speed v. The cantilever

deflection is measured as a function of the tip-sample distance. At large distances, tip-

sample interaction forces are negligible. At a short distance, the tip can be used as an

indenter to induce a local sample deformation up to the desired force (force threshold).

The operational scheme is described in Figure 2.20:

(a) the non-contact regime is shown.

Chapter 2 Oscar SAAVEDRA-VILLANUEVA 55



(b) jump to contact, the jump shown here is due to attractive forces bending the cantilever

towards the sample in cases where the force gradient is higher than the cantilever spring

constant.

(c) local compression of the sample by the AFM tip. It is the repulsive interaction forces

regime. Interesting samples’ mechanical properties can be measured, such as Young’s

modulus.

(d) once the threshold force is established, the AFM tip is retracted from the surface. In

this regime, adhesion and capillary forces dominate the interactions. Often the tip remains

in contact with the sample due to tip-sample adhesion forces. In this case, the cantilever

is deflected downwards. At this stage, interesting sample properties can be measured,

such as adhesion tip-sample forces, unbinding processes, and SLBs pulling tubes [59].

(e) the AFM tip is retracted far away from the surface.

In addition to the sample mechanical properties, this mode can be used to quantify

Figure 2.20: Schematic representation of a force-distance curve using AFM-FS, showing

the different steps: a) approaching, b) jump to contact (attractive interaction forces) c)

compression of the sample (repulsive contact interaction forces), d) tip-sample adhesion

and capillarity forces e) retracting. The red line corresponds to the approach trace and

the blue line to the retraction trace.

distance-dependent sample properties as Van der Walls interaction, surface charge prop-

erties as double-layer interaction, protein unfolding, and stretching of molecules between

tip and surfaces. A critical remark: force-distance curves are more sensitive when the
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cantilever spring constant roughly matches the stiffness of the tip-sample contact.

AFM-Dynamic Force Spectroscopy

AFM-FS has evolved in the AFM-Dynamic Force Spectroscopy (AFM-DFS). In this tech-

nique, the measurements are performed with the same procedure as in AFM-FS, but dif-

ferent sets of data are acquired at variable loading rates v (the approach-retract speed

between tip and sample). AFM-DFS is used to characterize the dynamic response of

a specimen within different loading rates v, such as unbinding forces in ligand-receptor

bonds [137, 138, 139] as shown in Figure 2.21. Also, SLBs rupture forces depend on the

loading rate v [140, 141], as will be discussed in the following sections of the chapter.

Figure 2.21: Biding force vs. loading rate. Dynamic strength spectra for biotin-

streptavidin (circles) and biotin-avidin (triangles) bonds. Adapted from [139].

Fast force curves mode

Fast force curves mode is a static and easy imaging mode where the tip is approached and

retracted from the sample surface as in AFM-FS. It is based on acquiring force-distance
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curves in each pixel of the AFM image, as shown in Figure 2.17c) (a force-distance curve is

shown in the inset). Using the approach force curve, the tip-sample distance is evaluated

at the position of the maximal force reached, and if this process is applied to each pixel,

the sample topography can be inferred. The main advantage of this operation mode is

the ability to generate simultaneously a topographical image and mechanical properties

images (including elasticity, adhesion, and any other properties that can be generated

from a force-distance curve). This operation mode is a "below-resonance" (quasi-static)

intermittent contact method. Therefore, the sample damage is reduced, and it is suited

to study very soft samples such as cells and biological membranes.

This method has been developed around 2010 and has several names depending on the

AFM company: i.e., it is called Quantitative-Imaging (QI) by JPK (Berlin, Germany)

and PeakForce Quantitative Nanoscale Mechanical (PeakForce QNM) by Bruker (Santa

Barbara, CA). The main difference between the different imaging modes relies in the fact

than in QI mode, the tip-sample distance is modulated by a triangle wave whereas in

PeakForceQNM is modulated by a sinusoidal wave. Additionally, in QI any approach-

retract cycle frequency can be selected by the AFM user, whereas in PeakForceQNM

frequencies are limited to a discrete number of options (up to 8 kHz).

2.2.4.3 Guiding rules for AFM imaging

As shown here, the lateral resolution in AFM depends on several parameters: guiding

rules were proposed by Professor Ricardo García [125] to simplify the experimental task

of achieving high-resolution images. They are the followings:

1. The instrumental noise should be smaller than the aimed resolution.

2. In general, the lateral resolution cannot be smaller than the size of the tip apex.

However, in some cases, the AFM lateral resolution can be smaller than the tip size

due to tip imperfection and roughness.

3. The decay length of the tip-surface interaction should be smaller than the tip apex.
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4. Imaging isolated three-dimensional objects imposes limits on the lateral resolution.

5. The adhesion energy should be minimized. This is usually achieved by using sharp

tips or biological samples, inserting a buffer with a salt concentration.

6. The applied force should be as small as possible.

7. Under identical conditions (tip radius and applied force), the stiffer the sample, the

better the lateral resolution.

Having considered the different techniques that can probe the mechanics of bi-

ological membranes, we decided to use AFM for probing the mechanical properties of

cellular membranes because this technique can work under physiological conditions with

both in-vitro biomimetic model membranes or in cells. Additionally, AFM has the pecu-

liarity to probe very local membrane mechanics, which is advantageous since membranes

are heterogeneous at the nanoscale.

Being interested in the mechanics of biological membranes, we have mainly employed

AFM-FS to investigate the mechanics of model membranes, as discussed in the following

section.

2.3 Rupture force measurements

With the exception of the lipid tube pulling case, in all AFM-FS experiments, the radius

of the AFM tip used as indenter plays a significant role. Therefore, the knowledge of the

AFM tip radius is essential to properly define the force and indentation length range of the

AFM-FS curve to be used to accurately evaluate the mechanical properties of the sample,

such as E. Indeed, the maximal force and, consequently, the indentation length to be

considered to properly evaluate E, avoiding substrate contributions, will change with the

indenter size. If higher forces are applied during the indentation cycle, membrane rupture

can be achieved [141, 142] as shown in Figure 2.22. This membrane’s rupture is observed

as a jump in the force-distance curve and can be interpreted as a penetration of the AFM

tip through the membrane film, as shown in Figure. 2.22d).
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Figure 2.22: Typical approach force-distance curve of the SLB indentation process using

AFM-FS, showing the different steps: a) approaching, b) first tip-sample contact (con-

tact point), c) vertical compression of the SLB, d) SLB’s rupture point, and e) tip-rigid

substrate interaction. The membrane rupture’s scheme is pictorially presented in the

insets.
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The rupture process of thin film has been extensively studied because of its

importance for both natural and industrial processes such as the rupture of lubricant

films, poration of biological membranes, where several mathematical models have been

proposed and successfully applied to describe these processes. However, a model for the

rupture of solid-supported thin films by an AFM tip was not reported until 2002, when

Butt et al. [143, 144, 145] proposed a discrete molecular model capable of predicting the

threshold rupture force FB as follows

FB = FT ln
(
0.693vK

k0FT

+ 1

)
, (2.35)

with FT the thermal force

FT =
2πhRkBT

αV
, (2.36)

where v is the loading rate (approach speed of the AFM tip), K is the cantilever spring

constant, k0 is the probability of observing a film rupture due to thermal fluctuation,

and h is the membrane thickness. V is defined as the activation volume occupied by the

critical number of lipid molecules that can escape from the mechanical contact with the

tip during the indentation, therefore, triggering the starting point of the hole formation

within the membrane. As a consequence, the equation (2.35) predicts the rupture force

FB to increase with the AFM tip radius R.

In the following sections, we will show the model’s efficiency in predicting the rupture

force of the liquid phase and gel phase model membranes as a function of different AFM

tip radii.

2.4 Experimental Methods

2.4.1 Sample preparation

DOPC and DPPC were individually dissolved in a chloroform-methanol (2:1) solution to

a final concentration of 10 mM each. 10 µL of each phospholipid solution were mixed,

poured in a glass vial and evaporated to dryness under nitrogen flux for 2 hours to form

a thin film on the tube walls. Afterwards, the dried phospholipid film was hydrated with

1 mL of DPBS buffer solution, previously heated at 70 ◦C, subjected to three minutes
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vortex cycle and finally extruded for 15 passages with 0.1 µm membrane filter (Whatman

International). The final solution was immediately used to prepare SLBs by vesicles

fusion method: 50 µL of lipids final solution were deposited onto freshly cleaved mica

disks (9.5 mm diameter), previously glued on top of larger Teflon disks that were in turn

placed onto metallic disks. Disks were incubated for 30 minutes at 70 ◦C in an oven.

In order to prevent the evaporation of the solution, disks were kept inside a petri dish

placed in a larger petri filled with water, ensuring the necessary humidity level during

incubation. Afterwards, disks were incubated at room temperature for 10 minutes before

being carefully rinsed ten times with buffer solution in order to remove intact lipid vesicles.

Membranes were kept overnight in buffer and protected from light exposure at room

temperature. AFM measurements were carried out 24 hours after membrane preparation.

2.4.2 AFM imaging and Force Spectroscopy

AFM images and AFM-FS measurements were performed using a JPK NanoWizard

4 AFM (Berlin, Germany) using the following cantilevers: V-shaped Si3N4 cantilevers

MSNL-D, MSCT-E and MLCT-Bio-DC-F from Bruker (Bruker AFM Probes, Camarillo,

CA) and spherical-shaped carbon AFM tips mounted on rectangular cantilevers, Bio-

sphere B20-CONT, B50-FM and B100-FM purchased from Nanotools GmbH (München,

Germany). For each cantilever, the optical lever sensitivity was calibrated, acquiring a

force curve on a rigid mica substrate (nm/V), whereas the spring constant was calibrated

using the thermal noise method [146]. Both calibrations were performed in DPBS buffer

at the end of the AFM-FS experiments to preserve the AFM tip radius from possible

damage that can occur during the acquisition of the force curve on rigid mica.

AFM-FS curves were recorded by approaching the tip to the membranes at a constant

loading rate of 1 µm/s with a sampling frequency of 7 kHz at room temperature. For dy-

namic force spectroscopy (AFM-DFS) experiments, the loading rate was varied between

0.5 µm/s and 50 µm/s, and MSCT-F cantilevers were used.

Force versus distance curves were acquired using a grid of 15 × 15, 20 × 20 or 25 × 25

points (Force-Volume experiments) over regions ranging from 25×25 µm2 to 80×80 µm2

depending on tip radius size. Once AFM-FS data were recorded, all regions were imaged
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in contact or quantitative-imaging (QI) modes. We acquired AFM topographical images

at the end of the Force-Volume experiments to protect the AFM tip from contamination

and damage that can occur during image acquisition. To ensure an accurate evaluation

of the rupture force and Young’s modulus and avoid data collected in the presence of tip

damage (i. e. resulting in a different tip radius), we have monitored the increase of the

rupture force measured with the same probe for each experimental session. Data showing

an increase of the rupture force during acquisition were discarded.

2.4.3 Data Analysis

Rupture forces and Young’s modulus evaluations from AFM-FS curves were obtained with

custom-made MATLAB and Python programs.

Rupture force:

We developed an algorithm to properly determine the corresponding rupture force FB for

each force-distance curve acquired. This algorithm works as follows (Figure 2.23):

• First, the force curve is low-pass filtered (Figure 2.23a).

• The algorithm performs a first numerical derivative (Figure 2.23b). A threshold, the

green dashed line, is used to discard non-relevant values, and the local minimum of

the derivative is identified (eventually the maximum, if data orientation is inverse).

• The minimum of the derivative corresponds to a position in the force curve that is

represented by a red dot in Figure 2.23c. A region defined by 20 to 30 data points

centered in the red dot is then considered: it is shown in Figure 2.23d with two

vertical green dashed lines.

• The maximal local force in the region is identified and corresponds to the rupture

force FB(red dot in Figure 2.23d).

With the AFM-FS curve, we can correlate each curve to a specific pixel and create a Force

map (Figure 2.24d) that can be correlated with a topography AFM image (Figure 2.24c)
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Figure 2.23: Algorithim developed to evaluate rupture forces from FS-AFM data. (a)

Low-pass filtered force curve. (b) Numerical first derivative of (a). (c) Position of the

minimum of (b) in the force curve, represented by a red dot. (d) The local maximum of

the force curve, corresponding to the breaking force FB, is evaluated over a region (green

dashed lines) centered in the position of the minimum of the numerical derivative.

of the same region of interest. Therefore, we can associate each rupture force FB to the

corresponding lipid enriched domain visible from the AFM image.

For each AFM-FS experimental session, we built histograms reporting the FB distribution

for both fluid and gel phase membranes. From each histogram, we evaluated the average

FB. Joining data from different experimental sessions, we averaged all mean FB values

in a unique FB, and we evaluated its standard deviation for each membrane phase and

AFM tip radius experimental conditions.

Young’s modulus:

AFM-FS experiments were performed on DOPC:DPPC (1:1) SLBs at a loading rate
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of v = 1 µm/s using B20-CONT cantilevers with a tip radius of 20 nm and B50-FM

cantilevers with a tip radius of 50 nm (both purchased from Nanotools). The membrane

Young’s modulus was evaluated with a numerical fit of the indentation cycles using the

Hertz model (2.37b). The contact point between tip and membrane was determined

assuming the presence of 2.7 nm of water layers plus 3.6 and 4.6 nm as DOPC and DPPC

thickness, respectively [52].

The total thickness was added to the absolute position of the mica substrate, evaluated

from the position of mechanical contact between tip and mica. Our data show the presence

of the Electric Double-Layer (DL) interaction in the tip-membrane non-contact part of

the curve, resulting in non-negligible forces of a few hundreds of pN once the contact is

established. We took the DL effect into account, modeling the tip as a sphere near a

flat surface [147] (Equation 2.37a). As a consequence, we have fitted the AFM-FS force

versus distance curves independently with two different interactions as follows:

FDL(z) =
RFZ

λD

e−z/λD , for 0.1 nm ≤ z ≤ 10 nm (2.37a)

FH(z) =
4

3

E

1− ν2

√
R(−z)

3

2 + F0, for − δmax ≤ z ≤ 0 nm (2.37b)

where z is the tip-membrane distance, λD is the Debye length, R is the tip radius, FZ is

an interaction constant with unity of force, E is Young’s modulus, F0 is the interaction

force at the contact point between tip and membrane and δmax the maximal indentation

of the SBLs. ν is assumed as 0.5 (meaning a perfectly elastic uncompressed material),

data were fitted with the Hertz model until a maximal indentation δmax of 1.5 nm for

DOPC and 1 nm for DPPC. DL fit was limited to tip-membrane distances higher than 1 Å

to avoid taking into account non-ubiquitous short-range Van der Waals (VdW) attractive

interactions (≈ to 10–20 pN, at the limit of our instrumental sensitivity). Concluding, for

Equation 2.37a, we left FZ and λD as free parameters, whereas for Equation 2.37b, only

E was left as a free parameter.
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2.5 Results

2.5.1 Rupture of Supported Lipid Bilayers

As previously mentioned, the AFM tip radius influences the measurements of the mem-

brane mechanical properties. For that, we focus here on the influence of the AFM tip

radius when measuring membrane rupture in the case of both fluid-phase and gel-phase

SLBs.

Acquiring AFM-FS curves for both DOPC and DPPC as was described in the Experimen-

tal Method section, we determined the rupture force (FB) for both DOPC and DPPC for

different tips radii and tip chemical compositions. Typical force-distance curves recorded

in a single grid with an MSCT cantilever with a tip radius of 10 nm at a loading rate

of v = 1 µm/s are reported in Figure 2.24a: we observe two different rupture force (FB)

regimes, a lower one for DOPC domains (blue curves) and a higher one for DPPC-enriched

domains (red curves).

In our study for the case of DOPC enriched domains, we show the presence of two

tip radii regimes: when the size of the tip (≈ 1–2 nm) is in the range of the area occupied

by a few lipid molecules, the tip can penetrate through the membrane encountering low

resistance, here referred as a puncture mechanism. We interpret the latter case as an in-

plane lateral perturbation of few molecules surrounding the AFM tip in a non-compressive

regime. Finally, we show that larger tip radii (> 2 nm) indentation always show a

vertical lipid compression followed by membrane rupture, confirming experimentally the

discrete molecular model introduced by Butt and Franz where the activation volume V

is observed to be constant and independent of the tip radius [143]. In the DOPC case

(Figure 2.25a and b), a vertical compression of the membrane is observed with the 10 nm

tip (blue curve) while the 2 nm tip indentation (red curve) suggests a different physical

mechanism is occurring (Figure 2.25d). Both AFM tips vertically compress the DPPC-

enriched domains.

For better clarity, Figures 2.26b and c show indentation cycles performed with
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Figure 2.24: Force-Volume experiment on DOPC:DPPC (1:1) SLBs on mica in DPBS

buffer. (a) Force versus tip-sample distance curves (blue, DOPC domains; red, DPPC

domains) recorded with a tip with radius of 10 nm at a loading rate of v = 1 µm/s over

a region of interest of 25× 25 µm2. (b) Rupture force FB distributions, (c) topographical

image showing both DOPC- and DPPC-enriched domains obtained in QI AFM mode.

DPPC domains are characterized by a higher thickness compared to DOPC domains. (d)

FB XY distribution map that well correlates with (c). Red crosses highlight the discarded

curves. The dashed-line in (c) and (d) indicates the boundary between the DOPC and

DPPC domains.

carbon probes with dashed lines and rupture force obtained with silicon and silicon nitride

probes with continuous lines. Figure 2.27 presents all values for the rupture force observed

on both DOPC and DPPC enriched domains as a function of the indenter radius. In

agreement with previous data [144], we observe a variation of FB with the tip chemical

composition: this is evident comparing FB values obtained with 20 nm radius Si3N4 and
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Figure 2.25: Pictorial representation of fluid-phase (a, DOPC) and gel-phase (c, DPPC)

membranes indentations with two different indenter sizes: 2 nm tip versus 10 nm tip

radii. While in both DOPC and DPPC the 10 nm tip (blue curve) induces a vertical

compression of the lipid molecules (b,d), a 2 nm tip (red curve) can penetrate the fluid-

phase membrane inducing a local perturbation of the molecules surrounding the tip in

absence of membrane rupture. Measurements were performed in DPBS buffer.

carbon AFM tips.

Our data can be used to evaluate the activation volume V in (2.35) and con-

sequently the associated number of molecules involved at the beginning of the rupture

process. To do so, we have evaluated k0 for both DOPC and DPPC from dynamic force

spectroscopy (AFM-DFS), as proposed by Butt et al. [144]. We measured FB as a function

of the loading rate v (between 0.5 and 50 µm/s) for both DOPC and DPPC (Figure 2.28a
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Figure 2.26: Force-distance curves of fluid- and gel-phase for different tip radii. (a)

coexistence of vertical compression (black) and membrane puncture (red) when indenting

a fluid-phase membrane (DOPC) with a 2 nm indenter. (b) and (c) indentation cycles on

fluid (DOPC, b) and gel (DPPC, c) phase membranes measured with different tip radii

in DPBS buffer. The maximal force the membrane can withstand before rupture for both

DOPC and DPPC increases with the tip radius.

and b, respectively) using MSCT-F cantilevers. Data were fitted using

FB = α+ βlog10
v

v0
, (2.38)

where FB, α and β are in nN and v0 = 1µm/s. The free fit parameters α and β lead to

Chapter 2 Oscar SAAVEDRA-VILLANUEVA 69



0

2

4

6

8

10

1000

10

20

30

40

50

60

20 40 60 80

Nominal tip radius (nm)

B
re

a
k
in

g
 f
o
rc

e
 (

n
N

)
B

re
a

k
in

g
 f
o
rc

e
 (

n
N

)

0

Si3N4

Carbon

Si

DOPC

DPPC

Figure 2.27: Rupture force FB for DOPC and DPPC enriched domains indented by silicon,

silicon nitride and carbon AFM tips at a constant loading rate v = 1 µm/s in DPBS buffer.

The rupture force increases with the tip radius, suggesting that the number of molecules

involved in the onset of the rupture process is independent of the tip radius.

the evaluation of k0 as follows

k0 = 1.596
Kv0
β

10−
α
β . (2.39)

We evaluated kDPPC
0

= 4.1 mHz (close to the value reported by reference [148]) and

kDOPC

0
= 297 mHz.

V is found to be essentially constant with the indenter radius for both DOPC-

and DPPC-enriched domains but dependent on the tip chemical composition (Table 2.2).

We can associate to each activation volume the number of molecules n triggering the

rupture process defined as n ≈ V/(Ah). Assuming the head to head distance h to be

3.6 nm and 4.5 nm for DOPC [52] and DPPC [149], respectively, Table 2.2 reports the

measured activation volumes and the corresponding number of molecules n including

their errors, evaluated from the dispersion of each rupture force, for DOPC and DPPC

membranes indented by silicon and carbon AFM tips. As a consequence, since the total
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Figure 2.28: AFM-DFS on DOPC:DPPC (1:1) SLBs, in DPBS buffer. Mean rupture

force versus loading rate v (error bars denote standard deviation) for DOPC and DPPC

enriched domains. In black the fit with (2.38). The free parameters obtained from the fit

are: α = (3.22 ± 0.41) nN and β = (0.81 ± 0.43) nN (DOPC) and α = (20.2 ± 1.1) nN

and β = (3.95± 0.56) nN (DPPC).

number of molecules N elastically compressed by the tip increases with the tip radius, for

a given tip chemistry, n is observed to be independent of N .

Table 2.2: Rupture force (FB), activation volume (V ) and associated number of molecules

(n) for DPPC and DOPC membranes indented by silicon and carbon AFM tips

DPPC DOPC

FB [nN] V [nm3] n FB [nN] V [nm3] n Tip

material

Radius

[nm]

2.21 ± 0.08 2.3 ± 0.1 1.0 ± 0.1 0.12 ± 0.02 - - Si 2

12.0± 3.3 1.8 ± 0.3 0.8 ± 0.1 1.9 ± 0.3 5.7 ± 1.0 2.2 ± 0.4 Si3N4 10

24.8 ± 3.7 2.1 ± 0.2 0.9 ± 0.1 3.7 ± 0.6 7.9 ± 0.8 3.1 ± 0.3 Si3N4 20

8.8 ± 0.6 6.1 ± 0.3 2.7 ± 0.1 1.6 ± 0.4 18.4 ± 3.2 7.1 ± 1.2 carbon 20

24.1 ± 2.7 6.2 ± 0.5 2.8 ± 0.2 4.0 ± 0.6 21.5 ± 3.1 8.3 ± 0.8 carbon 50

54.0 ± 2.3 5.1 ± 0.7 2.3 ± 0.1 8.0 ± 0.7 19.9 ± 1.4 7.7 ± 0.5 carbon 100

It is remarkable that in the case of DPPC enriched domains, the use of probes

with a tip radius larger than 20 nm induces a two-step rupture process (Figure 2.25c).
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Several scenarios that remain to be elucidated can be involved explain the mechanism:

1) two different rupture events involving at first the DPPC molecules compressed at the

very end of the tip apex and subsequently other molecules compressed by the tip side at

higher indentation length; 2) a limiting maximal DPPC hole size inferior to 20 nm; 3)

tip approach and hole formation comparable speeds (k0 ≈ 4 mHz for DPPC membranes;

4) discrete rupture of the upper membrane leaflet subsequently followed by the rupture

of the bottom leaflet. To evaluate FB and V , we have considered the breaking event

characterized by the highest rupture force only.

2.5.2 Young’s modulus of Lipid Bilayers

In addition to the rupture force, the elasticity can be used to characterize biological mem-

branes. This section is devoted to the characterization of the elastic properties of SLBs in

terms of Young’s modulus. In addition, in the rupture force experiments reported previ-

ously, we reported observing a different mechanism in the case of indentation of DOPC-

enriched domains with a small tip radius (≈ 1–2 nm). In order to check whether such

indentation is compatible with vertical compression of the membrane, we have evaluated

the Young’s modulus for DOPC-enriched domains for small tip indenters and compared

it with the one evaluated for large and well-defined tip radii. As the Young’s modulus is

an intrinsic property of a material, meaning that it does not depend on the indenter size,

we expect to observe a Young’s moduli values considerably different, justifying the exis-

tence of a novel mechanism, occurring when using small probes, not involving mechanical

compression of the sample.

AFM-FS experiments were performed on DOPC:DPPC (1:1) SLBs at a loading rate of ν

= 1 µm/s using two different well-defined tip radii 20 and 50 nm by using the B20-CONT

and B50-FM AFM cantilevers (both purchased from Nanotools), respectively, previously

introduced. The manufacturer of these cantilevers measured each cantilever’s tip radius

individually in order to ensure its size with a precision of ± 1 nm, being the ideal tip for

our experiments. Assuming ν as 0.5 (perfectly elastic uncompressed material), data were

fitted with the Hertz model previously described in equation XX, until a maximal inden-

tation δmax of 1.5 nm for DOPC and 1 nm for DPPC. DL fit was limited to tip-membrane
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distances higher than 1Å to avoid taking into account non-ubiquitous short-range Van

der Waals (VdW) attractive interactions (≈ to 10–20 pN, at the limit of our instrumental

sensitivity). Concluding, for Equation XY, we left FZ and λD as free parameters, whereas

for Equation XX, only E was left as a free parameter. We have evaluated EDOPC = (34

± 19) MPa and EDPPC = (48 ± 15) MPa (Figure 2.29 c an e, respectively) for the 20 nm

carbon probe and EDOPC = (36 ± 19) MPa and EDPPC = (58 ± 28) MPa (Figure 2.29

g and i, respectively) for the 50 nm carbon probe. Our values are consistent with the

fact that the Young’s modulus constitutes an intrinsic mechanical property of a material;

therefore, it is independent of the indenter size. Moreover, our values are in agreement

with data reported in the literature [87]. In addition, we have determined λDOPC = (1.6

± 1.4) nm and λDPPC = (1.5 ± 1.4) nm (Figure 2.29 d and f, respectively) for the 20

nm probe and λDOPC = (1.3 ± 0.6) nm and λDPPC= (1.7 ± 0.7) nm (Figure 2.29 h and

j, respectively) for the 50 nm probe. This suggests that DOPC and DPPC head-groups

have similar Debye length values close to 1.5 nm in DPBS buffer.

Sharp probes were previously used to evaluate the Young’s modulus of DOPC membranes

using Peak-Force Tapping AFM (indentation cycles in between one and two orders of mag-

nitude faster) in buffer containing MgCl2 [86, 87]. By analyzing the Young’s modulus of

the AFM-FS data acquired for the sharpest probes (MSNL-D), where the breaking force

was studied within the literature. We have observed the Young’s modulus for DOPC-

enriched domains when the size of the tip is small (≈ 1–2 nm), the molecular vertical

compression in fluid phase membranes is a rare event, in favor of cases where the tip can

puncture the membrane in the absence of rupture events (Figure 2.26, red curve).

Fitting indentation cycles on DOPC (number of curves= 175) with the Hertz’s model

((2.37b)), assuming 2 nm as tip radius (MSNL-D cantilever, Bruker), we observe that a

large majority of the curves leads to Young’s modulus consistently lower (≈ 2–3 MPa,

Figure 2.30 a, red region) than the values reported in Figures 2.29c and g and, more

generally, in the literature [87].

It imposes a limit to the use of the Hertz model since the vertical compression of the

lipid molecules rarely occurs (the green region in Figure 2.30a). Figure 2.30b shows the

distribution of maximal force the membrane can withstand for the same dataset.

The large majority of indentation cycles show a force that is maximal at the contact point

between the tip and mica (see the red curve in Figure 2.26a), suggesting that the physical
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Figure 2.29: Evaluation of Young’s modulus and Debye Length for DOPC (a) and DPPC

(b) model membranes using an indenter with a radius of 20 nm (a,b,c,d,e,f) and 50 nm

(g,h,i,j). In red the fit with Hertz model (Equation S1.2), in green the fit with DL model

(Equation S1.1), the tip-membrane contact point is fixed at z = 0 The free parameters

E and λD distributions over 200 curves, for both DOPC and DPPC, are displayed in the

histograms. For the 20 nm indenter, EDOPC = (34±19) MPa and λDOPC

D = (1.6±1.4) nm,

(c) and (d), respectively and EDPPC = (48±15) MPa and λDPPC

D = (1.5±1.4) nm (e) and

(f), respectively. For the 50 nm indenter, EDOPC = (36 ± 19) MPa and λDOPC

D = (1.3 ±

0.6) nm, (g) and (h), respectively and EDPPC = (58±28) MPa and λDPPC

D = (1.7±0.7) nm,

(i) and (j), respectively.

mechanism involved during the indentation does not lead to a membrane rupture event

anticipated by a molecular vertical compression. In other words, the tip can easily punc-

ture the membrane, therefore encountering lower resistance (red region in Figure 2.30b).

Our data suggest that small indenters should not be used to quantify the DOPC Young’s
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Figure 2.30: (a) Young’s modulus distribution evaluated from indentation cycles on DOPC

membranes, fitted with the Hertz contact model, using a tip with a radius of 2 nm (MSNL-

D cantilever). The measured Young’s modulus is ≈ 1 order of magnitude lower than the

reported value of ≈ 20 − 30 MPa. (b) Maximal force the membrane can withstand

for the same dataset of (a): in most cases (red region) it was evaluated at the contact

point between the tip and the mica because the molecular vertical compression leading

to membrane rupture is absent. In both (a) and (b), the green region consists of the

approach curves where molecules are vertically compressed. The red region highlights the

indentation cycles showing membrane puncture.

modulus using the Hertz contact model, and any other model, with an indentation speed

of ≈ 1 µm/s in experiments carried out in the absence of MgCl2.

While for the DPPC case, the use of equation (2.6) provides a Young’s modulus in the

range of few tens of MPa, close to what has been reported in the literature for both AFM

tips [88, 87], this applies to the DOPC only for the larger tip case. Indeed, indentation

curves performed with the 2 nm tip on DOPC membrane show a much softer indenta-

tion regime where the Hertz fit would provide a Young’s modulus of ≈ 2 MPa [124],

far too low for DOPC membrane since it has been reported to be in the range of 20–

30 MPa [88, 87]. The unrealistic Young’s modulus and the absence of rupture events

suggest a different indentation mechanism is occurring. Moreover, since the tip radius
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we used for the fit (≈ 2 nm) is smaller than the membrane thickness, the surface of the

tip in contact with the membrane at large indentation is underestimated and, therefore,

the obtained small Young’s modulus is even overestimated, further confirming its unreal-

istic value. According to Tristram-Nagle and co-authors, the area occupied by a DOPC

molecule is A ≈ 70 Å2 [52]. The area occupied by a DPPC molecule has been reported to

be A ≈ 47 Å2 [150, 151]. Approximating the tip as a sphere, for indentations δ smaller

than tip radius R, the contact area, also known as the spherical cap, is given by S = 2πδR.

The contact area S can be related to the area A occupied by a single lipid by multiplying

the latter times the number of lipids N and dividing by the coverage/packing factor Φ.

2πδR =
NA

Φ
(2.40)

The densest packing assumes a value of ≈ 0.9069 in two-dimensional space (hexagonal

packing), which is the case here. As a consequence, for an indentation δ of 0.5 nm there

are approximately NDOPC = 8 DOPC molecules in mechanical contact with the 2 nm

AFM tip, whereas the molecules increase to approximately NDPPC = 12 in the DPPC

case. The low number of molecules involved can justify the probability of a physical

indentation mechanism where a vertical molecules compression is minimized in favor of

a lateral molecules tilt/displacement, here referred to as puncture mechanism. How-

ever, it is remarkable that the latter occurs only in DOPC-enriched domains, despite a

number of molecules below the tip similar to the DPPC case. Eventually, the higher dif-

fusion coefficient characterizing DOPC molecules (≈ 4 µm2/s [152]) compared to DPPC

molecules (≈ 10−3 µm2/s [153]) can play an additional role favouring such mechanism.

In other words, the use of a small AFM indenter induces an in-plane local perturbation

in the absence of elastic compression followed by membrane rupture. Indentations with

the high-speed AFM (HS-AFM) or eventually correlative fluorescence correlation spec-

troscopy (FCS)-AFM experiments can further explore the contribution of lipid diffusion to

the mechanical response of the membrane. During all experimental sessions for fluid-phase

membranes using the 2 nm AFM tip, we observed a prevalence of indentation cycles where

the tip can penetrate the membrane in the absence of molecular vertical compression in

respect of cycles where compression is present, as shown in Figure 2.26a. When using

larger AFM tip indenters, molecular vertical compression always occurs. Figures 2.26b

and c show indentation cycles on DOPC- and DPPC-enriched domains acquired with tip
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radii varying from 2 nm to 100 nm. In addition, the curves presented in Figure 2.26

clearly show that the maximal force FB the membrane can withstand before rupture for

both DOPC and DPPC increases with the tip radius as predicted by (2.35).

In the case of thin films, Dimitriadis et al. [154] have shown that the Hertz model must

be corrected to take into account the finite thickness of the film (equation (8) in refer-

ence [154]) that would otherwise induce an apparent material stiffening. The correction

function is proportional to the square root of the tip radius, and this model considers

the membrane’s thickness. However, it cannot explain the apparent membrane softening

observed for fluid phase membranes indented by a 2 nm AFM sharp tip (Figure 2.26a, and

Figure 2.30). The Hertz model itself (2.6) describes indentation cycles in the approxima-

tion of the a radius R ≫ δ, leading to the Hertz contact radius a ≈
√
Rδ [96]: in the 2 nm

tip radius case, the approximation does not hold, but the use of the non-simplified Hertz

radius a =
√
Rδ − δ2 does not lead to the expected Young’s modulus EDOPC value either.

Therefore, indentation cycles performed with such a small tip radius, with a contact area

compared with the surface occupied by few lipid molecules, reveal a physical indentation

mechanism that minimizes molecular vertical compression. While the use of small AFM

tips could be extended to a large variety of thin films constituted by diffusive and dy-

namic molecules, in practice, it represents a limit to the conventional Hertz contact mode

because, with this indenter size, the membrane is not being vertically compressing what

is required to probe Young’s modulus under any compression model. Additionally, the

acquisition of AFM images is particularly challenging because of the films’ small rupture

force.

Indentation cycles performed with larger indenters can be used to probe membrane me-

chanical stability. Interestingly, the activation volume associated with the onset of the

rupture process is essentially constant in the range of the indenter sizes we tested in this

work. Suggesting that the activation volume, together with the probability to observe a

film rupture due to thermal fluctuation k0, are the quantities that should be considered

when comparing variations of membrane mechanical stability due to the presence of ex-

ternal factors or due to changes in membrane composition.
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2.6 Conclusions

In the first chapter, we discussed the relevance of the lipid organization on biological

membranes’ mechanical properties. We have also discussed how model membranes such

as supported lipid bilayers play a crucial role in approaching and understanding mem-

brane remodeling on biological membranes. In order to probe mechanical properties of

membranes, within this chapter, we used AFM - a well-establish technique to image the

lateral organization of biological membranes in both homogeneous and phase separation-

to probe and image supported lipid bilayer with phase separation, distinguishing both

lipids present on the membrane. Moreover, we used AFM-FS to probe the mechanical

properties of the membranes at the nanoscale, correlating them with each lipid-enriched

domain. We have shown that the indenters’ size to probe membrane mechanics through

AFM-FS is crucial to properly quantify intrinsic properties such as the Young’s modulus

and the number of molecules involved at the onset of a hole formed within the membrane.

These intrinsic properties help us to distinguish and show the presence of two different

effects- vertical compression and puncture of the membranes- by evaluating one intrinsic

property (Young’s modulus) on the data acquired for this novel effect called puncture. We

have shown for the first time that, for small indenters, the membrane Young’s modulus

cannot be assessed due to the puncture mechanism, where the tip passes through the

membrane with less resistance than in a compression regime. Resulting in the erroneous

estimation of the Young’s modulus due to the membrane is not being compressed, at

least for the case of DOPC-enriched domains. For larger indenters, our results are in

good agreement with Butt and Franz’s theory [143] and confirm that the rupture force

increases with the indenter radius. Although the critical number of molecules involved in

the AFM tip breakdown process is material-dependent, it remains constant regardless of

the indenter size.

We have shown that AFM is a versatile tool to probe membranes because it provides

the membrane morphology with high lateral resolution. At the same time, we can

probe and characterize membranes mechanically with nanoscale resolution, correlating

the membrane topography with local mechanics. A crucial advantage of AFM, compared

with other techniques that can probe membranes’ mechanical properties, such as optical
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tweezers, micropipette aspiration, and surface force apparatus, is that AFM can achieve

both mechanical properties and topography the nanoscale, and even simultaneously, with

nanoscale resolutions. In this frame, a new technique called Phonic Force Microscopy was

recently developed [155] (initially proposed in 1997 by Florin et al. [156]) in order to image

biological samples without force-induced artifact. At the core of the technique, there is a

sharp probe scanned by an optical tweezer. The latter can measure the interaction force

acting on the scanning probe with sub-pN resolutions. However, this technique can not

apply more than few tens of pN. Consequently, this technique can not probe membrane

mechanics as we did with AFM due to the force range limitations.

The physics of hole formation within a membrane is contained in equation (7) of refer-

ence [143], where the energy is dictated by an interplay of line tension, spreading pressure,

and the membrane elastic energy. In our case, we are interested in the process of hole

formation where the latter term is absent. Additionally, it is remarkable that one cannot

assume constant line tension and spreading pressure, first and second terms of equation

(7) in reference [143], in the process of hole formation, where our data suggests that they

are indentation dependent. We propose to use this novel puncture effect on membranes

as a possible way to measure the line tension of membranes. However, it is challenging to

adequately describe the dependency of line tension and spreading pressure as a function

of the indentation from our data: besides the very small forces measured (≈ tens of pN),

several questions arise concerning the way single molecules are tilted/laterally displaced

and how the two leaflets differently participate to the hole formation at different inden-

tation lengths.

We have shown that the AFM tip can be very invasive with the membrane and even break

it with a low force if a small indenter is used. We emphasize the importance of correctly

choosing both the AFM tip size and force applied to the membrane. Indeed, even without

membrane breakage, the latter can get curved and deformed by the AFM tip’s mechanical

constraints during the sample scan. As a possible solution for this issue, we will propose

in the next chapter a new Scanning Probe Microscopy technique that aims at using a

fluorescence signal as the feedback signal, meaning that, in a long term perspective, the

topography will be reconstructed without measuring the interaction force with an AFM

cantilever.

We have shown that supported lipid bilayers can be characterized and distinguished by
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their mechanical properties like Young’s modulus and breaking forces. However, a more

exhaustive characterization of a membrane requires the recognition of the components of

the membrane. As mentioned in the first chapter, in most cases, AFM cannot recognize

a molecule by itself, and it requires a correlation with another technique/instrument that

can achieve molecular recognition. The novel Scanning Probe Microscopy technique intro-

duced in the next chapter is based on the correlation of an AFM with confocal microscopy.

This development aims at measuring membrane topography, mechanical properties, and

chemical molecular recognition with a high lateral resolution in a correlative and simul-

taneous way.
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Chapter 3

MIET-AFM

In the present chapter we discuss the necessity of a novel correlative AFM-Super Resolu-

tion instrument. At first, we report and discuss the main techniques employed for molecu-

lar recognition when studying biological membranes. Then, we introduce the MIET-AFM

operational scheme and report the relevant instrumental work necessary to develop such a

technique. The synchronous and cross-talk free use of an AFM with a confocal microscope

is here crucial. Finally, we report the first MIET-AFM images obtained with a resolution

inferior to the diffraction limit, making of MIET-AFM a new Super Resolution technique.

3.1 Necessity of Super-Resolution and morphology

In the two previous chapters, we have presented the most relevant lipids characteristics

and their mechanical properties. We have shown that different lipids can be distinguished

thanks to their topography and their mechanical properties, such as Young’s modulus

and rupture force. As mentioned in the first chapter, biological membranes and sup-

ported model membranes are composed of many components, including lipids but also

proteins which are heterogeneously distributed on both leaflets. As those membrane con-

stituents are small (in the nanometer range), AFM cannot recognize a molecule. However,

if the molecules of interest are labeled with fluorescent probes, fluorescence microscopy
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can be used for molecular recognition. Although conventional fluorescence microscopy is

limited by the diffraction limit, which is a problem if we aim to address fundamental bio-

logical questions, it can be used to characterise membrane remodeling, as we have shown

in the first chapter. However, given the size of membrane constituents, the localization of

interest molecules at high spatial resolution is crucial.

A potential approach to fully describe a membrane is the correlative AFM with Super-

Resolution Fluorescence Microscopy, as shown in Figure 3.1. There, a correlative AFM-

dSTORM - it is a Super-Resolution Fluorescence Microscopy technique that will be

later described in this chapter- approach was used to investigate the organization of

tetraspanins HIV-1 on HeLa cells [77]— highlighting the necessity of a more complete

description of the membranes at high resolution.
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Figure 3.1: Correlative AFM-dSTORM of CD9 recruitment at HIV-1 budding sites. HeLa

cells expressing HIV-1 Gag-GFP were immuno-stained with anti-CD9 coupled to Alexa-

647. a) AFM 3D images of a HeLa cell (the dotted lines delineate the zoomed areas shown

below, and the insets are corresponding Gag-GFP signal fluorescence images). The scale

bar is 500 nm. b) overlays of the Gag-GFP picture with the reconstructed dSTORM

image of the tetraspanin CD9. c) Overlays of the reconstructed dSTORM image of the

tetraspanin CD9 with the AFM topography image. The scale bar is 200 nm in b) and c).

AFM color z-scales are 300 nm. Adapted from [77].
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Concluding, the full membrane characterization requires to measure its morphol-

ogy, determine its components, and describe them mechanically.

3.1.1 Molecular Recognition

In the frame of molecular recognition, diverse techniques have been developed during the

last decades and are currently well-established and available, allowing characterization at

different lengths and timescales. We focus on the following techniques:

3.1.1.1 Fluorescence microscopy

Historically, fluorescence microscopy was limited by the diffraction limit. However, some

recently developed super-resolution techniques have bypassed the diffraction limit and

improved the lateral resolution (depending on the technique) down to a few nanometers

[157]. Some of these super-resolution techniques are Stimulated Emission Depletion Mi-

croscopy (STED) [158], Stochastic Optical Reconstruction Microscopy (STORM) [159],

Photoactivated Localization Microscopy (PALM) [160], and MINFLUX [161]. The main

drawbacks are: (i) the photo-toxicity due to the laser power that some of them need for

measuring. (ii) acquisition speed, taking until tens of minutes per image, becoming a

problem due to the high dynamics of membrane constituents (for PALM and STORM).

Concerning the coupling of AFM and Fluorescence microscopy, many setups were de-

veloped during the last decade, using super-resolution fluorescence. However, the laser

power required for super-resolution fluorescence affects the AFM measurement, as we

have shown for Confocal Laser Scanning Microscopy (CLSM) in Fernandes et al. 2020

[157]. Because of that, the AFM and fluorescence images are acquired in series, and

the correlation between images is generated afterward [162, 163]. Finally, concerning the

long acquisition time of some super-resolution fluorescence, a temporal delay between the

molecular recognition’s image and mechanical properties’ maps makes it difficult to follow

dynamical biological processes.
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3.1.1.2 Simultaneous topography and recognition imaging (Pico TREC)

Pico TREC is a technique where the AFM tip is chemically functionalized to detect

molecules during AFM-AM mode scanning. This technique was developed by Peter Hin-

terdorfer’s group in Austria.

The AFM tip functionalization is the key parameter in this technique. The tip surface is

functionalized with ligands in order to bind them with the receptors at the sample. The

tip chemical functionalization has been extensively studied, establishing well-defined pro-

tocols for the surface chemistries most used for modifying AFM tips for single-molecule

recognition studies. However, chemical protocols should be carefully developed and tested

in order to achieve strong biomolecules attachment at low surface density [78].

Pico TREC offers the possibility to study molecular recognition in two different ways:

(i) recognition forces, probing the interaction forces between the modified tip and the

sample surface, or ligand-receptor interaction forces. The interaction force (unbinding)

can be probed and measured in a force-distance curve during the tip retraction by ap-

proaching an AFM tip with ligand functionalization on a sample with receptors, as shown

in Figure 3.2a), where the force-jump due to the interaction force is highlighted. If the

same process is done on a sample where the receptors are blocking, no force-jump will be

acquired on the force-distance curve, as shown in Figure 3.2b). By sequentially repeating

this procedure, the study of the ligand-receptor unbinding force can be characterized by

statistics. As these measurements are performed in an AFM, the force is measured with

few picoNewtons of resolution [78].

(ii) molecular recognition maps, it is based on AFM-AM mode where a ligand func-

tionalized tip scans the surface, detecting the molecular recognition signals by properly

analyzing the signal. The topography and recognition images are simultaneously obtained

using an electronic circuit (Pico TREC) [164, 165]. Here, the sinusoidal signal from the

cantilever deflection (AFM-AM mode) is separated into two maxima (Uup) and minima

(Udown) (Figure 3.3a)), which are used to evaluate the Recognition and Topography im-

age, respectively (Figure 3.3b)).
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Figure 3.2: Molecular recognition interaction forces. a) Typical force-displacement curve

obtained upon retracting an AFM tip functionalized with oligoglucose carbohydrates (lig-

ands) from a surface modified with the lectin concanavalin A (receptors), where the un-

binding force is highlighted. At the left, a schematic of the process is shown. b) Typical

force-displacement curve obtained upon retracting an AFM tip functionalized in the same

conditions of a) and where the receptors are blocked. No unbinding force was measured.

At the left, a schematic of the process is shown. Adapted from [78].

The main drawbacks of this technique are: (i) the lifetime of a functionalized tip may

be very short because of tip contamination or damage [78]. Indeed, in AFM experiments

tip contamination and damage constitute often a problem. In Pico TREC it is even more

crucial because the chemical functionalization under the tip can be easily altered during

data acquisition, making only a few maps should be acquired with the same tip in order

to ensure proper interaction forces. (ii) Accurate data collection and interpretation often

require strong expertise, especially when dealing with complex specimens such as living

cells [78].
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Figure 3.3: Simultaneous topography and recognition imaging (TREC). Adapted

from [78].

3.1.1.3 Infrared (IR) spectroscopy

Infrared (IR) spectroscopy, called vibrational spectroscopy, is a technique that analyzes

the interaction of molecules with infrared light. It is based on the theory that molecules

tend to absorb specific light frequencies (energy) depending on their structure. More

specifically, it depends on the shape of the molecular potential energy surfaces, the as-

sociated vibronic coupling, and the mass of the molecule’s atoms. This spectroscopy

technique deals with the electromagnetic spectrum’s infrared region, i.e., light having a

longer wavelength and lower energy than visible light. The pattern of absorption peaks

in the IR spectra serve as a fingerprint that can be used to characterize and/or identify

chemical species [166], making this technique one of the most widely used methods for

chemical analysis.
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The main advantage of this technique is that it is a label-free technique, i.e., the molecules

do not have to be tagged with another molecule, therefore permitting study them with-

out any external agents. However, its major limitation is the lateral resolution due to

the long-wavelength of IR light because of the diffraction limit. Most commercial Fourier

transform infrared (FT-IR) microscopes based on a thermal IR source have a practical

spatial resolution limited from λ to 3λ (in the range of 2.5 - 75 µm), depending on the

specific technique and configuration employed [167, 168]. Recently, a spatial resolution

close to 1 µm even with a thermal source was reported [169, 170, 166].

AFM and IR spectroscopy have been early combined and commercial setups are now

Figure 3.4: AFM-IR correlative microscopy schematic view. a) Schematic of AFM-IR,

where a pulsed tunable IR laser source is focused on a sample near the AFM tip. When

the sample absorbs the IR light, it induces a thermal expansion, which is measured by

the AFM tip. b) The sample’s photothermal expansion induces a transient cantilever

oscillation proportional to the IR absorption. c) Measuring the AFM cantilever oscillation

amplitude as a function of the wavelength results in a local absorption spectrum with

nanoscale spatial resolution. Adapted from [166] and Anasys Instruments.

available. AFM-IR employs a pulsed tunable laser source focused near the AFM tip,

which scans the sample, as shown in Figure 3.4a. The light is absorbed by the specimen
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producing a photothermal expansion of its absorbing regions, detected by the AFM tip,

here the IR detector, as an induced transient on the cantilever oscillation, which is linearly

dependent on the IR absorption [171, 172, 166] as shown in Figure 3.4c. As the AFM

tip is used as the thermal expansion detector, AFM-IR can overcome conventional IR

microspectroscopy’s spatial resolution limits [166]. The most common method to perform

correlative AFM-IR maps is by measuring the AFM probe response to IR absorption as

a wavelength function. Additionally, by fixing the wavelength and measuring the absorp-

tion, it is possible to create a chemical recognition map where the distribution of chemical

species is shown across the sample and correlate this chemical map with the AFM topog-

raphy.

We have shown that IR is a powerful technique to recognize chemical compositions on

the sample. However, it is hard for this technique to work in liquid conditions due to the

water absorbance. The latter represents a significant limitation for the study of biological

samples under physiological conditions. Most of the experiments with cells are performed

with dried samples [173, 174], in non physiological conditions, without cell and membrane

dynamics.

3.1.1.4 Förster Resonance Energy Transfer (FRET)

FRET is a technique widely used to measure the relative distance between two light-

sensitive molecules (chromophores) with sub-nanometer resolution. Theodor Förster de-

veloped the theory behind it in the late 1940s [175, 176]. However, FRET was not applied

to biological experiments until the 1970s.

When a fluorophore is illuminated by the light in the energy that it can absorb, by absorb-

ing a photon, it increases its electron’s energy resulting that the electron in the excited

orbital is paired (by opposite sping) to a second electron in the ground-state orbital [177].

However, this excited state is not stable for longer, and the molecule returns to its ground

state by two mechanisms: (i) internal conversion, where vibrational relaxations decrease

this excess of energy. (ii) emission of a photon (with lower energy than the absorbed one),

which has a typical emission rate of around 108s−1, resulting in a typical fluorescence life-
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time near 10 ns [177]. The process described is called ’florescence,’ and it is described

graphically by the Jablonski diagram (see Figure 3.5a)). While fluorescence lifetime (τ) of

a fluorophore is the average time between its excitation and return to the ground state, in

other words, the average time between a photon is accepted and emitted as fluorescence.

Coming back to FRET, it is based on an electrodynamic phenomenon, where a first

Figure 3.5: Jablosky diagram.

fluorophore (donor) is initially in its electronic excited state and transfers its energy to

a second fluorophore (acceptor). This energy transfer is done without a photon’s emis-

sion from the donor (Figure 3.5b)) but instead due to long-range dipole-dipole interaction

between the donor and acceptor [178]. The latter is based on a fluorophore concept as

an oscillating dipole, which can exchange energy with another dipole with a similar reso-

nance frequency [179, 180, 178]. The energy transfer rate from donor to acceptor depends

on (i) the extender spectra overlap of the donor’s emission spectrum with the acceptor’s

absorption spectrum. (ii) the quantum yield of the donor. (iii) the relative orientation
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of the donor and acceptor transition dipoles is also called orientation factor (κ2), which

is assumed κ2 = 2/3 when at least one of the molecules is free to rotate (random orien-

tation). (iv) the donor-to-acceptor distance. The rate of energy transfer kT (r) is given by:

kT (r) =
1

τD

(
R0

r

)6

(3.1)

Where τD is the decay time of the donor in the absence of receptor (in the same medium),

R0 is the Förster distance, and r the distance between the donor and acceptor. Concern-

ing R0, it is defined as the distance where the transfer efficiency is 50%. At this distance,

the donor emission would be decreased to half its intensity compared to when the donor

is in the same condition but the absence of acceptors.

We mentioned the energy transfer efficiency (EET ) without defining it. It is defined as

the fraction of photons absorbed by the donor which are transferred to the acceptor [178],

and it is given by:

EET =
kT (r)

τ−1

D + kT (r)
(3.2)

Replacing the equation 3.1 into 3.2, EET is given by:

EET =
R6

0

r6 +R6
0

(3.3)

It shows that the transfer efficiency depends strongly on the donor-to-acceptor distance,

as shown in Figure 3.6. Showing that the highest variation on the efficiency is around to

r = R0.

If a fixed distance separates the donor-acceptor pairs, the transfer efficiency can be ex-

pressed as [178]:

EET = 1− FDA

FD

(3.4)

where IDA and ID are the relative fluorescence intensity of the donor in the presence and

the absence of the acceptor, respectively. The last equation can be written in an analo-

gous form in the function of the lifetimes as:

EET = 1− τDA

τD
(3.5)
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Figure 3.6: FRET efficiency in function of r/R0.

where τDA and τD are the donor’s fluorescence lifetime in the presence and absence of the

acceptor, respectively.

In an operational scheme where the AFM tip is used as donor or acceptor, the main

problems to use FRET as a molecular recognition technique are: i) photobleaching and

ii) the Förster distances (R0) are typically in the range of few nanometers. If we analyze

more in details the equation 3.3 and Figure 3.6, they show that the highest variation on

the efficiency is around to r = R0. The efficiency at r = R0/2 is 98.5% and at r = 2R0

is only 1.5%. Assuming an R0 = 5 nm, the efficiency for r = 2.5 nm should be 98.5%,

and for r = 10 nm is 1.5%. There, we can see how small variations in distance result in

a considerable efficiency change. However, these short interaction distances are tricky to

control, resulting in a instrumental complex problems when combining FRET with AFM

for simultaneous molecular recognition and mechanical properties on biological samples.

The ideal instrument would require the use of AFM combined with a fluorescence

technique that is sensitive to distances larger than just a few nm. It is the case for Metal

Induced Energy Transfer (MIET). Therefore, this chapter is devoted to the development

of the MIET-AFM, which can synchronously provide AFM and super-resolution images.
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3.2 Metal Induced Energy Transfer (MIET)

Metal Induced Energy Transfer (MIET) is a technique based on energy transfer like FRET,

but the acceptor molecule is replaced with a metallic surface (layer or nanoparticle) mea-

suring the energy transfer efficiency from the donor to metal surface plasmons [181, 182].

The main advantage of MIET is that the axial-distance between the fluorophore and the

metal surface can be determined with nanometers accuracy, but the interaction range

over which efficient energy transfer is an order of magnitude larger than for conventional

FRET [182] - given us a possible solution to the problem with the short interaction range

of FRET.

Enderlein proposed this technique theoretically at the end of the 1990’s [183] and demon-

strated experimentally in 2014 [182, 184], showing that the fluorescent lifetime of a flu-

orophore can be tuned by the presence of a metallic surface depending on the distance

between them with nanometer precision [184].

MIET is based on the modulation of a luminescent molecule’s de-excitation rate to the

ground state by the near-field coupling to surface plasmons in a thin metal film deposited

on the substrate surface [182, 185] or metallic nanoparticles [186]. This modulation of the

luminescent molecule can be measure as a change in its fluorescence lifetime, which can

be converted into height values. For a fluorophore positioned to a distance z from a flat

metallic surface, the fluorescent lifetime of the fluorophore τ (z, θ) is given by:

τ (z, θ)

τ0
=

1

1− Φ + Φ ·
[
S⊥ (z) cos2θ + S‖ (z) sin2θ

]
/S0

(3.6)

where z is the distance between the dipole and metal, θ orientation of the emission dipole

moment, τ0 is the fluorescent lifetime of the fluorophore in the absence of the metal, Φ is

the free-space quantum yield, S0 is the total amount of energy emitted by the fluorophore

per time in free space. S⊥ and S‖ are, respectively, the perpendicular and parallel com-

ponents of the emission rate, which are independent on θ and depends on the wavelength

(λ) of the virtual photon emitted by the fluorophore, and on the complex reflective index

of the metal, for more details see the theoretical background proposed by Jörg Enderlein

in 1999 [183]. As the complex reflective index (nm) for silver and gold, at 670 nm, are

nm = (0.16 + i4.07) and nm = (0.17 + i3.61), respectively, resulting in that S
(
S⊥, S‖

)
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is almost identical for both metal [183]. On the other hand, if nm is much different,

aluminum nm = (1.45 + i7.7), resulting in S different from the previous cases. Show-

ing that the S⊥ and S‖, and therefore τ (z, θ), highly depend on the complex refractive

index of the metallic material. Recently, it has been shown that if a layer of graphene

is used as the substrate, MIET still occurs on fluorophores. In this case, graphene has

a nm = (2.77 + i1.41) (at λ = 680nm) resulting in a shorter interaction range than the

shown for a gold substrate [187]. We can then conclude that the MIET resolution and

interaction range highly depend on the substrate material.

The dipole lifetime change in the presence of a gold film of 20 nm thickness function

Figure 3.7: Metal-induced fluorescence lifetime modification in the presence of a gold

layer. Calculated dependence of fluorophore lifetime in the function of the dipole-gold

film separation (z). Gold thickness of 20 nm. Three cases are shown: horizontal, vertical,

and random dipole orientation. Adapted from [182].

of the distance- for different dipole orientations- is shown in Figure 3.7. It is worth to

mention that equation 3.6 is only valid for a dipole-plane interaction. However, our case

is different; we will use a metallic sphere interacting with a dipole.
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3.3 MIET-AFM

MIET-AFM is a novel technique that correlates AFM morphology measurements with

MIET as Super-Resolution fluorescence microscopy in a synchronous way. The use of

MIET is dedicated to molecular recognition taking advantage of its high spatial resolu-

tion. We chose MIET, rather than another similar technique like FRET, due to its in-

teraction range. As previously mentioned, MIET occurs over larger interaction distances

than FRET (up to one order of magnitude higher). On the other hand, MIET-AFM

has a competitive advantage in comparison to some of the Super-Resolution fluorescence

techniques, since it is compatible with confocal fluorescence microscopy, allowing us to

probe locally, simultaneously, and synchronously the mechanical properties and molecular

recognition on the sample. The latter is crucial in biological membranes due to high dy-

namics and heterogeneity, as discussed in the first chapter. As this technique is probing

the sample in a synchronous and simultaneous approach, we do not need to correlate

both topographically and recognition maps after the acquisition as most of the correla-

tives techniques, avoiding to deal with mechanical drift and membrane dynamics.

The following section is devoted to the MIET-AFM working principle. Then, we will

explain the FLIM-AFM setup developed for the MIET-AFM operational scheme, the

troubles encountered during the development, and how we solved them. Finally, we will

introduce the MIET-AFM probes that we fabricated and used in our experiments, em-

phasizing why they are crucial for a successful experiment.

3.3.1 MIET-AFM working principle

MIET-AFM requires synchronous and simultaneous FLIM-AFM. As we have shown be-

fore, the fluorophore lifetime change depends on its distance from the metal surface and

which metal is involved in the energy transfer. If the metallic surface is a nanoparticle, the

distance and efficiency of this energy transfer also depend on the nanoparticle size. The

setup employed is a simultaneous and synchronous AFM-FLIM, where the fluorophore is

located at the AFM tip apex, in such a way that its position can be controlled by the
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AFM setup and the sample scanner, ensuring high vertical and lateral precision. The

fluorophore is excited by a supercontinuum laser, and the photons emitted are collected

by an avalanche photodiode (APD) and the information is transferred to the TCSPC

card. Then, if a metallic nanoparticle is at the sample, the fluorophore can be precisely

approached to this nanoparticle. There are two cases: (i) if the relative distance between

the fluorophore and metallic nanoparticle is larger than the energy transfer range, the flu-

orophore fluorescence lifetime will not be affected. We call it ’low MIET’ regime, as shown

in Figure 3.8a). (ii) On the other hand, if the relative fluorophore-metallic nanoparticle

distance is in the energy transfer range, the fluorophore fluorescence lifetime will decrease.

We call it ’high MIET’, and a schematic is shown in Figure 3.8b).

By using this working principle, molecular recognition maps can be obtained by scanning

Figure 3.8: MIET-AFM working principle. a) Low MIET, and b) High MIET.

by AFM a sample where the molecules of interest are labeled with a metallic nanoparticle,

in our case, gold nanoparticles. In this operational scheme, the MIET-AFM setup can

address simultaneous and synchronous measurements of the sample morphology (and its

mechanical properties) and molecular recognition maps by monitoring the change of the

fluorophore lifetime located at the AFM tip apex as shown in Figure 3.9. Since MIET

is a technique with axial resolution inferior to the diffraction limit, we expect for our

MIET-AFM to have tens of nanometers as lateral resolution, as discussed in Section 3.2.

The choice of the fluorophore to place at the AFM tip apex is a tricky one. The two

main characteristics that this fluorophore must have are the following:

• Capable to transfer energy to the metallic nanoparticle: here we focus on gold

nanoparticles.
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Figure 3.9: Expected MIET-AFM maps by scanning a single gold nanoparticle. a) AFM

morphology, and b) lifetime of the fluorescent emitter located at the AFM tip apex.

• Photostability, the fluorophore is continuously exposed to the excitation light, which,

in most of fluorophores, produces photochemical alteration resulting mainly in

molecule photobleaching and blinking. Both effects do not permit a stable MIET-

AFM acquisition. One of the possible solutions to this problem is to work at a lower

laser power as possible. However, a single MIET-AFM image could take a couple of

minutes, which is a long time for most of the fluorophore, even at low laser power.

The solution that we propose is the use of fluorescent nanodiamonds, which contain defects

(color centers) in their structure providing interesting fluorescent properties. In the fluo-

rescent nanodiamond’s structure, two adjacent carbon atoms are replaced by a nitrogen

atom and a vacancy, as shown in Figure 3.10a. This defect site is called a nitrogen-vacancy

(NV) center [188]. There are two different types of NV, depending on its charged state:

NV0 state, which is neutrally charged. On the other hand, NV− is negatively charged. We

decided to use the NV− due to its photophysics properties. One of the most relevant char-

acteristics is its unlimited photostability meaning that nanodiamonds with NV centers

never bleach (any detectable change in their fluorescence emission in function of time). In

addition, most of the NV centers do not blink, as shown in the graph of Figure 3.10c. The

latter makes the nanodiamonds more suitable for our instrument than the quantum dots

(QDs) because of the random blinking exhibited on QDs [189]. This makes QDs tricky

to use as the fluorescent probe at the AFM tip apex because this behavior can induce
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artifacts and fluorescence variations that are not sample-dependent, imposing complexity

to the interpretation of the QDs emission. Therefore, we preferred nanodiamonds over

QDs.

Nanodiamonds have a large absorption and emission spectrum, as shown in Figure 3.10b,

where the zero-phonon line of NV− is located at 637 nm, and the resulting fluorescence

emission is between 600 and 850 nm [190, 188]. Nanodiamonds have a long fluorescence

lifetime of around 15 ns in DPBS solution, as shown in Figure 3.10d. This outstanding

photostability makes NV centers- in nanodiamonds excellent candidates to be used as

fluorophore for MIET-AFM. In this scheme, we have to address how to bind them at the

tip apex in order to maximize the energy transfer that highly depends on the fluorophore-

metal surface distance. This will be addressed in a the next subsections, after having

described the correlative FLIM-AFM experimental setup.

3.3.2 Experimental setup

We developed a synchronous and simultaneous Fluorescence Lifetime Imaging Microscopy

(FLIM)-AFM setup. This setup is based on Nanowizard 4 AFM (JPK Instruments,

Bruker) equipped with a Tip Assisted Optics (TAO) module (JPK Instruments, Bruker)

and a Vortis-SPM control unit. The AFM cantilever detection system was custom-

modified employing an infrared low-coherence light source, with emission centered at 980

nm and further long-pass filtered at 850 nm with a Schott RG850 filter. The AFM head

was mounted on custom-made confocal microscopy based on a Zeiss inverted optical mi-

croscope with an oil immersion objective with a 1.4 numerical aperture (Plan-Apochromat

100x, FWD = 0.17 mm, Zeiss) and a pinhole of 100 µm diameter size (P100D, Thorlabs).

The excitation source is a Rock-PP supercontinuum pulsed laser (Leukos), which operates

at 20 MHz (50 ns pulses of width < 100 ps). On the detection side, we used an avalanche

photodetector (SPCM-AQR-15, PerkinElerme) connected to an SPC-150 (Becker & Hickl)

TCSPC card to collect fluorescence signals. To filter out the photons from the AFM de-

tection system in the fluorescence emission path, we used an ET800sp short-pass filter

(Chroma). The excitation laser power was measured after the objective at the sample
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Figure 3.10: Fluorescent nanodiamonds. a) Schematic of the nitrogen-vacancy center and

diamond lattice depicting the vacancy (transparent purple), the nearest neighbor carbon

atoms to the vacancy (green), the substitutional nitrogen atom (brown), and carbon atoms

in the defect’s proximity (black). Adapted from [191]. b) Optical absorption and emission

spectrum of the fluorescent nanodiamonds, where the dash line corresponds to the zero

phonon line (ZPL) at 637 nm. Adapted from [192]. c) Photostability of nanodiamonds

acquired in TIRF microscopy with a 562 nm excitation laser, 700/50 nm emission filter,

and 1 frame/s. d) Fluorescence lifetime of a nanodiamond using a 532/10 nm excitation

filter, 100 µW of power, and a 709/167 nm emission filter. The transparent red areas

represent the excluded data from the fit. The nanodiamond lifetime is 14.7 ± 1.7 ns.

level with an S170C microscope slide power sensor and a PM 100 energy meter interface

(both purchased from Thorlabs). Both emission and excitation filters utilized are shown

in Table 3.1. Our setup can be adapted and optimized to different fluorophores and dyes

by merely exchanging the emission and excitation filter. A schematic and a photo of the

setup are shown in Figure 3.16 a) and b), respectively.

The main advantage of our setup is the capability to acquire FLIM/AFM images simul-
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Figure 3.11: Simultaneous FLIM-AFM setup.

Table 3.1: Emission/Excitation filters

Model Wavelength

[nm]

Brand

Excitation
ZET488/10x 448/10 Chroma

ZET532/10x 532/10 Chroma

Emission

FF01-525/39 525/39 Semrock

AT690/50m 690/50 Chroma

FF01-709/167-

25

709/167 Semrock

taneously. By aligning the AFM tip to the confocal spot and fixing the tip position. Full

alignment is obtained in two steps:

1. The tip is at first roughly aligned using white field illumination, and then the align-

ment is fine-tuned using the increase of tip luminescence.
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2. The sample is imaged, and any mismatch between topography and FLIM image is

adjusted by correcting the tip position.

After the alignment process, we keep the AFM tip always at the center of the confocal

spot. To image the sample, the tip is fixed in position, and we scan the sample using the

TAO as sample scanner.

Keeping the confocal spot and AFM tip aligned during data acquisition has the advantage

of maintaining constant all spurious effects resulting from the synchronous operation. In

addition to the tip/cantilever luminescence background and the optomechanical deflection,

we mention the mirror-like effect that is due to the reflection of the incoming excitation

light by the metallic coating at the cantilever backside: this results in a higher excita-

tion intensity that is constant all over the image acquisition if confocal spot and tip are

aligned, whereas it is not in case of wide-field epifluorescence or confocal spinning disk

operational schemes.

3.3.3 Confocal-AFM cross-talk

The combination of confocal microscopy and AFM has some troubles that need to be

investigated and quantified as the photothermal induced deflection resulting from metal

coating at the cantilever backside [193], radiation pressure exerted on the tip [194] due to

the scattering of the confocal spot and finally perlever luminescence [195].

The phenomena that affect the AFM tip due to the focused excitation light interaction are

two: optomechanical forces and/or tip/cantilever luminescence, where the former branches

into radiation pressure and photothermal effect. Radiation pressure (Figure 3.12a) will

always be present in all cases since the scattering of the incoming light will generate forces

due to the change in momentum of light. Momentum conservation dictates that the can-

tilever will be deflected upwardly by this force. Photothermal defection (Figure 3.12b) is

present if the cantilever is composed of two different materials (similar to bimetallic strip),

which is the case of metal-coated cantilevers, where a thin layer of metal is deposited onto

the cantilever backside to improve reflectivity. For visible light, gold will absorb more

than either silicon or silicon nitride (due to the higher extinction coefficient), and due to
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Figure 3.12: Possible AFM tip and confocal spot interactions. a) Radiation pressure. b)

Photothermal induced deflection. c) Cantilever/tip luminescence.

its higher thermal expansion coefficient, it will expand more when heated by the laser.

This differential expansion will cause a downwards bending of the cantilever. Spurious

luminescence (Figure 3.12c) can arise from two sources:

1. The tip/cantilever material itself can present luminescence properties, as in the case

of amorphous silicon nitride, particularly important at wavelengths higher than 800

nm [195].

2. The coating on the cantilever backside can be luminescent as well, as for example,

gold that emits in the red region of the spectrum [196].

It is worth to notice that backscattered light will occur in all possible configurations since

the tip will always scatter the incoming light of the confocal spot in all directions and,

therefore, for the same reason, radiation pressure will always be present. However, most

of the backscattered light can be easily eliminated by a notch filter when it is not already

sufficiently reflected by the emission filter.

We characterized and quantified these effects by operating the AFM in the reverse-tip

imaging configuration [197]. The confocal spot is focused 4 µm from a glass coverslip and

held in place throughout the measurement. Using the ’hover mode’ of the AFM, the tip

scans the glass coverslip in the trace scan, and then, in the retrace scan, the tip follows

the retrace topography vertically displaced in z by a given distance specified by the user.
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In this way, it is possible to make a constant height image even if the sample is inclined.

In this mode, the cantilever’s deflection is monitored in the retrace scan without active

feedback. Deflection (force) and intensity (photon counter) images are acquired during

the scan, as shown in Figure 3.13. The resulting images will be of the confocal spot’s

interaction with different regions of the tip for different focal planes. In this operational

scheme, the confocal spot is steady and operates as a "probe," while the AFM tip and

cantilever are the samples to be measured, hence the name, reverse-tip imaging. We used

three AFM cantilevers with different specifications: a protruding silicon tip (Figure 3.13a),

a quartz-like tip with gold coating on the cantilever backside (Figure 3.13b), and silicon

nitride (Si3N4) with a gold-coated cantilever (Figure 3.13c), commercially available as

ATEC-CONT (Nanosensors), qp-BioAC (Nanosensors), and MLCT-BIO-DC (Bruker),

respectively. The images were acquired both with the tip in focus and out-of-focus po-

sitions to observe the different interactions of the confocal spot (300 µW power, 532/10

nm wavelength) with the AFM tip and cantilever body.

Given the broad emission spectra of silicon [198], silicon nitride, and the metallic coat-

ing on the cantilever backside, in our case gold, the choice of the emission filter is not

crucial if compared to fluorescence imaging of conventional organic fluorophores charac-

terized by narrow emission spectra. In Figure 3.13, we used a 690/50 nm emission filter.

Panels 1, 3, and 5 show the photon intensity signal, whereas panels 2, 4, and 6 display

the vertical force acting on the AFM cantilever. Figure 3a shows that the ATEC-CONT

has a bright central spot in the photon intensity channel due to tip luminescence and

presents a positive force in the range of a few hundred of piconewtons. By inserting a

notch filter in the emission path, no significant change in the photon intensity channel

is observed, which shows that backscattering contribution is minimal, and the band-pass

emission filters completely filter it out. Such a positive force is a direct consequence of

the radiation pressure acting on the cantilever due to the backscattered light. With the

qp-BioAC (Figure 3.13b), the situation is consistently different: the force is negative, and

it has a maximum modulus of ≈ 7 nN. The confocal spot interacts strongly with the

gold reflective coating on the cantilever backside, as shown in the photon intensity im-

ages, Figure 3.13b panels 1, 3, and 5. Consequently, the interaction induces a differential

heating that bends the cantilever downwards due to photothermal effects. The intensity

signal presents no direct correlation with force observed and is highly dependent on the
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Figure 3.13: Simultaneous photon counts (panels 1, 3, and 5) and force (2, 4, and 6)

scans for three different AFM cantilevers. a) ATEC-CONT, b) qp-BioAC, and c) MLCT-

BIO-DC. The images were acquired utilizing the reverse-tip image operational scheme

where the confocal spot is a probe, and the AFM tip and cantilever are the samples to

be measured. Data were performed with a 532/10 nm excitation filter, a 690/50 nm

emission filter, with a laser power of 300 µW. Subfigures 1-2, 3-4, and 5-6 were acquired

at different distances from the confocal spot focal plane. The scale bar is 5 µm for all

images. In the schematic of the cantilevers, the nominal cantilever length and the red and

blue arrows indicate positive and negative force directions, respectively, corresponding to

the color scale in panels 2, 5, and 6. Intensity (photon counter) images (panels 1, 3, and

5) are given in counts per seconds (cps) and were recorded directly from the APD. The

cantilever used for the qp-BioAC is the CB2 (0.1 N/m of nominal spring constant), while

the one for MLCT-BIO-DC is the cantilever C (0.01 N/m of nominal spring constant).

The Point Spread Function (PSF) of the confocal spot is ≈ 400 nm.

cantilever bending angle. In contrast with the previous case, the tip position is charac-

terized by a darker spot in the photon intensity image (Figure 3.13b panel 5) that is due

to the fact that both excitation light and gold emission have to pass through the tip,
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therefore through a higher quantity of material. As a consequence, we collect less fluores-

cence emitted by the reflective gold coating material when the tip and confocal spot are

aligned. The MLCT-BIO-DC (Figure 3.13c) shows a mix of radiation pressure and mild

photothermal deflection contributions in the force signal. In this case, it is also possible

to observe the interaction with the tip’s gold-coating, but the thermal effects are not as

drastic as before, leading to a totally positive force acting on the cantilever when the tip

and confocal spot are aligned. The small deflection of the MLCT-BIO-DC, despite the

presence of a gold coating at the cantilever’s end, could be attributed to its manufacturing

process, optimized to minimize probe bending due to elevated temperatures.

Given the data presented in Figure 3.13, the arising question is what cantilever is worth

using to reduce cross-talk between AFM and time-resolved fluorescence acquisitions in

correlative experiments. Figure 3.14a presents time-resolved fluorescence decay curves

acquired for the three AFM cantilevers of Figure 3.13 with a high laser power of 300 µW

to maximize signal to noise ratio for the less luminescent ones. MLCT-BIO-DC (yellow

curve) has the highest intensity signal by two orders of magnitude and presents a long life-

time in comparison with the qp-BioAC (red curve) and the ATEC-CONT (green curve).

While ATEC-CONT and qp-BioAC will affect the measured lifetime of fluorescent probes

characterized by a short (≈ 1 ns) lifetime, the MLCT-BIO-DC will affect a larger vari-

ety of fluorophores presenting even longer lifetimes. Besides, we monitored the spurious

force’s variation as a function of the incident laser power (see Figure 3.14b). The force

scales linearly with the power, and the different cantilevers branch in the two categories

depending on the nature of the optomechanical interaction: radiation pressure and pho-

tothermal induced deflection.

It is worth to notice that the photothermal deflection computed in this case, for a laser

power of 300 µW, is inferior in modulus to the 7 nN shown in Figure 3.13b because in the

latter case, the maximum force is measured with the confocal spot focused on gold-coated

cantilever backside and not on the AFM tip as in Figure 3.14b, as previously mentioned.

Table 3.2 reports the slopes from Figure 3.14b, force versus laser power, which indicates

the force’s significance for a given probe.

Concluding, according to our results, low laser power should be used, and the relative

position between the tip and the confocal spot should be held constant, leading to a

change of the cantilever equilibrium position while avoiding a change of relative deflec-
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Figure 3.14: Luminescence decay curves and variation of the measured force for three

different AFM cantilevers. The cantilevers used are qp-BioAC (red), MLCT-BIO-DC

(yellow), and ATEC-CONT (green). a) Luminescence decay curves for different AFM

cantilevers. b) variation of the measured force as a function of the laser power. The

inset shows a zoom of the region of low power, highlighted by the ellipse. Positive force is

characterized as radiation pressure (light grey region), while negative force is photothermal

induced deflection (dark grey region). All curves in a) were acquired with 532/10 nm

excitation filter, 690/50 nm emission filter, and 300 µW.

tions. Besides, our data suggest (Figure 3.14a) that the qp-BioAC cantilevers should be

employed to accurately evaluate the lifetime of the fluorescent probes within the sample.

Instead, MLCT-BIO-DC cantilevers, presenting lower spurious force, are more suited for

experiments where low AFM interaction forces have to be measured and in the presence

of a large number of fluorophores in the excitation volume, ensuring a high signal to noise

ratio to properly evaluate their lifetime.
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Table 3.2: Slopes of the fits in Figure 3.14.

Cantilver Brand Optomechanical constant [pN/ µ W]

ATEC-CONT Nanosensors 2.47 ± 0.13

qp-BioAC Nanosensors -2.24 ± 0.03

MLCT-BIO-DC Bruker 0.59 ± 0.02

3.3.4 Simultaneous FLIM-AFM

The advantage of the correlative AFM-FLIM imaging mode relies on the complementarity

of the two techniques. In order to test our setup, we imaged fluid and gel phases enriched

domains in biological model membranes correlating their morphology (AFM) with their

local viscosity (FLIM). We prepared a sample of DOPC:DPPC (v:v 1:1) labeled with 0.1

% BODIPY in volume on round glass coverslips (28 mm diameter, 165 µm thick, pur-

chased from Marienfeld) as described in Appendix A.

For the simultaneous acquisition of AFM, confocal microscopy, and FLIM, we used: AFM

images of the membrane were acquired in contact mode using a rectangular qp-BioAC

cantilever (Nanosensors) with a stiffness of 0.3 N/m at a constant force of 1.5 nN at a

line imaging rate of 0.25 Hz with 128 lines x 128 pixels and with a scan size of 15 µm

x 15 µm. Images were acquired using a 488/10 nm excitation filter and a 535/39 nm

emission filter with a laser excitation power of 120 nW, ensuring the highest accuracy for

BODIPY lifetime evaluation while minimizing the spurious force during AFM acquisition.

The measurements were performed at room temperature.

Lifetime analysis: The FLIM image has a lifetime curve per pixel acquired. They are

processed in the SPCM software (Becker & Hickl). The presence of the tip, qp-BioAC

in this case, in the confocal spot results in a signal of a low lifetime, < 1 ns, as shown

in Figure 3.15a. In Figure 3.15a, a decay curve from DOPC region from Figure 3.16c is

shown, while Figure 3.15b) shows the respective phasor plot. The decay curve presents

no peak with low lifetime, indicating that the tip does not contribute with any spurious

signal. This is further corroborated by the phasor plot showing data that belong to a

single population and close to the semi-circle.

Both topography (Figure 3.16a))and fluorescence intensity (Figure 3.16b)) shown that
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Figure 3.15: Lifetime analysis for DOPC:DPPC curves labeled with 0.1 % BODIPY. a)

Decay curve from a DOPC enriched region, where the blue curve is the Instrumental

Response Function (IRF), black dots are experimental data, and the red curve is the

experimental data fit. b) phasor plot of all DOPC/DPPC enriched regions. The power

used was 120 nW, with an excitation filter of 488/10 nm and a band-pass emission filter

of 525/39 nm. A qp-BioAC cantilever was employed.

DPPC enriched regions (higher thickness) have lower BODIPY concentration than DOPC

enriched regions. Wu et al. showed in GUVs that high viscosity lipids present higher BOD-

IPY’s lifetime. Hence BODIPY’s lifetime can be used to probe the viscosity of the lipid

directly [199]. Figure 3.16c) shows that DPPC enriched domains have a higher lifetime

when compared with DOPC domains, 3.71 ± 0.09 ns and 3.55 ± 0.07 ns, respectively, as

shown in the histograms of Figure 3.17; this is expected since DPPC is a gel-phase lipid

(at room temperature), hence more viscous than DOPC (fluid-phase lipid). The higher

lifetime, above 3 ns, when compared to Wu et al. ≈ 1.8 ns [199], can be attributed to

the fact that SLBs are formed on top of a substrate (glass), inducing different physical

behaviors in terms of lipid diffusion and potentially local viscosity when it is compared to

free-standing bilayers in the GUVs case. Indeed, even if the presence of a layer of buffer

Chapter 3 Oscar SAAVEDRA-VILLANUEVA 108



(2-3 nm thickness) between the lipid polar heads and the substrate generally prevents an

important hindrance in lipid diffusion [38], it is known that the latter can be reduced as

compared to giant unilamellar vesicles [200]. The tip luminescence, dominated by a low

lifetime (<1 ns), is not present in the simultaneous AFM-FLIM imaging.

Figure 3.16: Simultaneous FLIM-AFM on DOPC:DPPC (1:1 molar ratio) SLBs on glass

labeled with 0.1% of BODIPY. a) AFM morphology, b) fluorescence intensity, c) lifetime.

The scale bar is 5 µm, the power used was 120 nW with a 488/10 nm excitation filter and

a 525/39 nm emission filter. An a qp-BioAC tip was employed. The dashed white lines

serve as a visual aid for the separation of the two lipid enriched domains.

3.3.5 Preparation of a MIET-AFM probes

MIET-AFM makes use of a nanodiamond at the tip apex as fluorophore. As previously

shown in this chapter, nanodiamonds are fluorescent stable nanoparticles due to their NV

center, which means they never bleach and do not blind, making them ideal candidates

for experiments that require long photostability as MIET-AFM experiments. However,

all nanodiamonds are different in terms of size and number of NV centers. Then, we

need to grab a single nanodiamond at the AFM tip apex selectively, which is a problem

because we can not use functionalization methods that graft a random nanoparticle from

a sample. In order to address this problem, we have tested different methods such as tip

chemical functionalization and deposition of a thin film of optical glue functionalization

to graft a nanodiamond selectively. However, we did not achieve a sufficient reproducibil-
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Figure 3.17: BODIPY lifetime distribution from DOPC (blue) and DPPC (green) domains

from Figure 3.16. The lifetimes of DOPC and DPPC are 3.55 ± 0.07 ns and 3.71 ± 0.09 ns,

respectively.

ity with those protocols. Finally, we developed a protocol where a custom-made plateau

cantilever - based on a qp-BioAC cantilever- is functionalized with Poly-L-Lysine (PLL)

coating. In this way, we can glue a nanodiamond by electrostatic forces due to the fact

that nanodiamonds are negatively recharged, and PLL is positively recharged. Custom

qp-BioAC tips, presenting a plateau at the tip apex, were purchased from Nanoworld:

they were fabricated, modifying a qp-BioAC cantilever (see Figure 3.18e)). An electron

beam deposited carbon tip was grown on top of a thin layer of gold, and through Field Ion

Beam (FIB), a flat circular plateau of ≈ 50 nm diameter was obtained. The advantage

of the modified qp-BioAC plateau tip is that the plateau increases the nanoparticle-tip

contact area.

Fluorescent Nanodiamonds (FNDs) were purchased from FND Biotech (Taiwan). A so-

lution of 40 nm diameter nanodiamonds, each containing in average 15 NV centers, at

a concentration of 0.1 mg/mL was sonicated for 15 min and subsequently diluted to 0.1

µg/mL in deionized water. 5 µL were deposited on a round glass coverslip (28 mm diam-

eter, 165 µm thick, purchased from Marienfeld) that was previously cleaned by a cycle of

sonication in KOH for 15 min, followed by a second cycle of sonication in deionized water

for 15 min, and subsequently dried under nitrogen flow. Once the deposited nanodia-
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monds solution is dried, the sample is mounted and mechanically fixed in an Attofluor

chamber (Thermofisher) and rehydrated with DPBS solution.

Concerning the AFM tip functionalization, a modified qp-BioAC plateau tip (Nanosen-

sors) was coated with Poly-L-lysine hydrobromide (P0879) purchased from Sigma-Aldrich,

depositing 2 µL of PLL solution at 1 mg/mL on the tip for 15 min. Afterward, the tip is

removed from the PLL drop and left to dry.

The PLL-coated tip was mounted in the AFM and calibrated using a combination of a

Sader [201] and thermal [146] methods (called "contact-free" method in the JPK AFM

instruments). The fundamental peak was used with a correction of 0.817 at room temper-

ature and in a liquid environment (DPBS). Subsequently, the AFM tip and confocal spot

were aligned as described in the experimental setup of this chapter. Fluorescence images

were acquired without AFM tip to pre-localize nanodiamond candidates on a glass cov-

erslip for the grafting process, as shown in Figure 3.18c). Consequently, an AFM image

with a low force setpoint (≪ 1 nN) and few pixels (32 pixels x 32 pixels) in the same

area in AFM dynamic mode avoiding tip pollution and damage, obtaining the nanodia-

mond morphology and profile as shown in Figure 3.18a) and 3.18b), respectively. The

PLL-coated was then pressed on the selected nanodiamond for 1 minute with a 1 nN

setpoint [197]. Afterward, a fluorescence image of the same area was acquired to check if

the selected nanodiamond was grafted; it will not be present in this image, as shown in

Figure 3.18d). The use of PLL permanently sets the nanodiamond to be at the tip apex

if low forces are used to avoid dislodging events.
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Figure 3.18: Grafting a single and selected nanodiamond. a) AFM topography image

of the nanodiamond to graft measured with the functionalized plateau tip. b) Nanodi-

amond’s profile from a). c) TIRF image of nanodiamonds sample on a glass coverslip:

the selected nanodiamond to be grabbed by the AFM tip is highlighted by a red circle.

d) TIRF image of nanodiamonds sample on a glass coverslip once the nanodiamond has

been grabbed by the AFM tip. The scale bar in c) and d) are 5 µm. e) SEM image of a

modified qp-BioAC plateau tip.
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3.4 Experiments

Having tested the FLIM-AFM experimental setup and having developed a method to pre-

pare and fabricate MIET probes, the MIET-AFM setup must be experimentally tested.

In this subsection we describe different experiments that will quantify and set up the

crucial parameters required to carry on MIET-AFM on biological membranes. The first

experiment aims at testing the NV centers (on the MIET probe) as a fluorescent dipole,

quantifying the change of its lifetime in the presence of a metallic substrate. After, we will

measure the shift of the nanodiamond lifetime in the presence of metallic nanoparticles

of different sizes. Once the dependency on the distance is understood, we will perform

MIET-AFM experiments on the same metallic nanoparticles deposited on a glass coverslip

in order to acquire MIET-AFM molecular recognition images on the most straightforward

system possible. We chose gold as the material for all these experiments because of its re-

fractive index, as discussed in section 3.2. As a perspective, MIET-AFM will be tested on

DNA origami functionalized with two nanoparticles separated at a well-defined distance

to evaluate the minimal separation that MIET-AFM can distinguish.

3.4.1 Simultaneous force curve and nanodiamond lifetime on a

flat gold surface

To test the efficiency of NV centers on a nanodiamond in the presence of a metallic sur-

face in the function of the distance. We adapted our setup to perform AFM-FS and

fluorescence spectroscopy experiments synchronously. In this novel operational scheme,

the AFM tip has fluorescent properties- due to the nanodiamond grafted at the tip apex-

that can be correlated with the force measured by AFM while being approached or re-

tracted from the sample. The force readout can be used to define the mechanical contact

position between the sample and the fluorescent probe. Subsequently, the latter can be

accurately placed with nanometric precision at a given distance from the sample, and its

lifetime can be probed. In this approach, we can characterize the NV centers’ efficiency

in the function of the distance (in all distance range) within a nanometric resolution.

Chapter 3 Oscar SAAVEDRA-VILLANUEVA 113



Gold-coated coverslips were prepared. 24 mm diameter circular glass coverslips (Marien-

feld) were subjected to sonication cycles in acetone (5 minutes) and ethanol (5 minutes)

and subsequently dried under nitrogen flow. 5 nm or 10 nm of gold were evaporated

on top of coverslips by thermal evaporation method at a rate of 1Å/s (AS053 Oerlikon

thermal evaporating source). The sample was mounted and mechanically fixed in an At-

tofluor chamber (Thermofisher) and hydrated with Dulbecco’s Phosphate Buffer Solution

(DPBS), purchased from GIBCO, without MgCl2 and CaCl2 (GIBCO ref. 14190-094).

AFM and photons collected were synchronized by tagging each photon read by the TC-

SPC card with the TTL signal from the AFM instrument, which enables the acquisition

of decay curves for every z-position of the tip. We acquired approach-retract curves with

the simultaneous collection of force, photon intensity (photon counter), and fluorescent

nanodiamond lifetime was performed using 532/10 nm as excitation filter and 709/167

nm as emission filter with a laser excitation power of 90 µW. In order to analyze only

the photons emitted by the nanodiamond, the photons with a lifetime below 6 ns were

discarded due to the dominance of IRF and the gold luminescence, as explained in the

previous section. Afterward, the number of photons emitted by the nanodiamond is in

the order of tens of counts per second (cps), whereas normal acquisition speed in mod-

ern AFM can reach hundreds of kHz [202]. Since hundreds to thousands of photons are

needed to evaluate the lifetime properly, our acquisition bandwidth must be reduced to

a few tens/hundreds of Hz. Faster acquisition rates would result in the collection of too

few photons (or even none), and the lifetime evaluation would be impossible. For this

reason, we have fixed our acquisition bandwidth to 20 Hz and performed forced curves in

a quasi-static mode at a speed of 5 nm/s.

Lifetime was evaluated by amplitude weighting the decay curve for times greater than 6

ns. All measurements were performed at room temperature and under liquid conditions

in DPBS. The tip was held constant, and the sample was approached to the tip using

the axial sample piezo of the TAO module. The tip-confocal alignment was performed

similarly to the method described above with a critical change: we focused the confocal

spot when the tip is in mechanical contact with the sample surface. Hence the maximum

signal from the nanodiamond/gold happens at the contact point (Figure 3.19).
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Figure 3.19: Simultaneous force curve and nanodiamond lifetime measurements approach-

ing and retracting a gold substrate. Photons are synchronized with TTL from the AFM

enabling the acquisition of decay curves for every z-position of the tip. (a,b) Show the

tip z-position versus time (decay curves), where the color scale represents the number of

photons collected (brighter means more photons and vice versa)

. (c,d) Show the lifetime of the nanodiamond in function of the tip position. (e,f) Show

the standard force curves unfolded so approach and retract curves are separated in the

negative and positive axis, respectively. The blue curves in (c–f) consists of the

approach whereas orange region the retract. The green curves in (c,e) constitute a

region where the tip was paused for 2 seconds. The light gray region displays the non-

contact (zero force) interactions whereas the darker gray consists of the contact regime.

A 532/10 nm excitation filter was used with a 709/167 nm emission filter with power of

90 µW. The dark gray curves in (c,d) show the data with spatial (9 neighbors) and

temporal (4 neighbors) binning (filter). The same binning is also applied to (a,b) to aid

visualization. An ATEC-CONT was used in (a,c,f) whereas in (b,d,f) a modified

qp-BioAC red (CB1) with a plateau was used. Tip schematics in (e,f) show an AFM tip

with a nanodiamond (in red) and the gold substrate (yellow). In the retract curve of (e)

the nanodiamond is left on the surface whereas in (f) it is kept at the tip’s end.
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By approaching and retracting the nanodiamond to the gold-coated coverslip,

we show the decrease of the lifetime of NV centers in a diamond nanoparticle due to

MIET [203]. Figure 3.19 shows an example of nanopositioning and nanomanipulation of

a nanodiamond attached to the apex of an AFM tip. Figure 3.19a and b show a plot

of the decays for every pixel (z-position, axis). The color scale represents the number of

3.19e and f. Firstly, we approached an ATEC-CONT tip holding a nanodiamond at its

apex to a gold substrate, pressed with a high force (10 nN), and held in place for 2 seconds

(Figure 3.19a, c, and e). This allowed the nanodiamond to dislodge from the tip and to

stay permanently on the gold. The tip was then retracted without the nanodiamond.

This can be clearly seen from Figure 3.19c, where the lifetime decreases, approaching the

gold, and never recovers back during tip retraction from gold. The lifetime of the nanodi-

amond changes from 12.60 ± 0.28 ns to 11.69 ± 0.30 ns, which corresponds to a quenching

efficiency of ≈ 7.2%. In a second experiment, showed in Figure 3.19b, d, and f, we used a

custom qp-BioAC tip (CB1) with a plateau at its end, holding a stable nanodiamond at

the tip’s apex. In this configuration, the fluorescent nanodiamond is approached, pressed

with lower force (5 nN), and retracted from the gold substrate without being dislodged

from the AFM tip. The lower force is a requirement to avoid the loss of the nanodiamond

upon contact. The lifetime and force curves are symmetric, Figure 3.19d, and f, showing

that the interaction is reversible. The nanodiamond lifetime changes from 13.86 ± 0.27

ns to 13.13 ± 0.23 ns upon contact with the gold, which corresponds to a quenching

efficiency of ≈ 5.5%. The quenching in lifetime when approaching gold, or any metal, is

expected due to MIET [203]. The radiation rate will change due to the coupling of the

nanodiamond electromagnetic near-field with the gold’s plasmons. In the vertical posi-

tion (x-axis) of Figure 3.19e and f the approach and retract curves have been "unfolded",

where approach/retract have negative/positive position values.

In Figure 3.19, we have shown that the lifetime decrease occurs in the absence of me-

chanical contact between the fluorescent probe and the gold substrate, at short distances

where the AFM is not sensitive enough to detect any interaction force. In perspective, this

enables the possibility to obtain topographical images in liquid acquired in the absence

of AFM tip-sample mechanical contact. It represents a significant advance when it is to

image soft, fluorescently-labeled samples that are largely deformed by conventional AFM

due to their extreme softness as it occurs in the case of living cell membranes.
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In our case, only a small drop (7% and 5%) in nanodiamond lifetime is observed in

Figure 3.19c and d, respectively. Although the change is small, uncertainty in lifetime

characterization is in order of hundreds of picoseconds; therefore, the change observed is

still significant. Tisler et al. have observed a 35% MIET efficiency when approaching a

single NV center 25 nm nanodiamond attached to an AFM tip on top of graphene, a mate-

rial that behaves like metal [204] as described in Section 3.2. In our case, the small MIET

efficiency observed in Figure 3.19 could be attributed to either the larger nanodiamond

size (≈ 40 nm) or the more abundant number of NV centers ( ≈ 15) that are randomly

oriented in the nanodiamond core. In the case of the experiment shown by Tisler et al.

[204] a complete lifetime spectroscopical change with respect to the nanodiamond-sample

distance is not reported. Indeed, in their case, the lifetime variation was measured only

when the nanodiamond was in mechanical contact with graphene or the underlining sub-

strate.

We have shown that MIET can be achieved in our setup by approaching a nanodiamond

to a gold flat substrate. However, our goal is to image membrane components and to

achieve that, we should label the biomolecules of interest with small metallic nanopar-

ticles to detect and show that we can localize them by MIET-AFM. Next subsection is

devoted to metallic nanoparticles imaging by MIET-AFM

3.4.2 Simultaneous force curve and nanodiamond lifetime on a

gold nanoparticle

Next, we tested evaluated the energy transfer between NV centers and metallic nanopar-

ticle as a function of their reciprocal the distance: the geometry corresponds to the one

of MIET-AFM experiments (nanoparticle-nanodiamond interaction).

A nanodiamond was grafted at the tip apex of a custom plateaux qp-BioAC cantilever.

Gold nanoparticles were deposited on a glass coverslip. 24 mm diameter circular glass

coverslips (Marienfeld) were subjected to sonication cycles in KOH solution at 1 M concen-

tration (15 minutes) and deionized water (15 min) and subsequently dried under nitrogen

flow. 100 nm diameter gold nanoparticles in 0.1 mM PBS solution were purchased from
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Sigma (Sigma ref. 753688). Gold nanoparticles solution was diluted 100 times, and 2

µL of the diluted solution was deposited on the cleaned coverslip and let it dried. Once

it is dried, the sample was mounted and mechanically fixed into an Attofluor chamber

(Thermofisher) and hydrated with DPBS, purchased from GIBCO, without MgCl2 and

CaCl2 (GIBCO ref. 14190-094).

First, we perform AFM-FS and fluorescence spectroscopy experiment synchronously, as

reported in the previous experiments. The AFM acquisition bandwidth was fixed to

20 Hz, and force curves were performed in a quasi-static mode at a speed of 5 nm/s,

for the reasons explained in the previous experiment. The tip was held constant, and

the sample was approached to the tip using the axial sample piezo of the TAO module.

The tip-confocal alignment was performed, focusing the confocal spot when the tip is in

mechanical contact with the sample surface. Hence the maximum signal from the nan-

odiamond/gold nanoparticle happens at the contact point (Figure 3.20).

By approaching and retracting the nanodiamond to a 100 nm gold single nanoparticle,

Figure 3.20: Nanodiamond lifetime measurements approaching and rectracting from a

gold substrate.

we show the decrease of the lifetime of the NV centers in the nanodiamond due to MIET

[203]. Figure 3.20 shows the change of the nanodiamond fluorescent lifetime as a function
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of the distance with the 100 nm gold nanoparticle. When the tip is approached to the

nanoparticle, the lifetime starts to decrease in the absence of mechanical contact, shifting

from 15 ns to 9.5 ns upon contact with the gold nanoparticle. The latter corresponds to a

quenching efficiency of ≈ 33%. Once the tip is retracted from the nanoparticle, the lifetime

fully recovered its fluorescent lifetime. Figure 3.20 shows that the approaching-retracting

curves for the nanodiamond lifetime are symmetrical, confirming that MIET-AFM can

be achieved axial-resolutions below the diffraction limit between the NV centers and gold

nanoparticles.

The following step is to test if MIET-AFM can produce images with lateral resolution

inferior to the diffraction limit. In order to test the lateral resolution on the MIET-AFM

scheme, we performed MIET-AFM images of the 100 nm gold nanoparticles deposited on

a glass coverslip. By scanning the previous sample (100 nm gold nanoparticles deposited

on a circular glass coverslip) using the TAO module. AFM image was performed on QI

mode (the JPK below resonance image mode described in the previous chapter), using a

35 nm nanodiamond grafted at the plateau qp-BioAC tip (CB1), 5 µm/s of tip speed, and

40 ms per pixel. The image was recorded in an area of 1.0 µm x 1.0 µm with 64 px x 64 px.

The confocal image was performed using 532/10 nm as excitation filter and 709/167 nm

as emission filter with a laser excitation power of 100 µW. The nanodiamond fluorescent

lifetime was calculated only for photons with a lifetime above 6 ns in each pixel of the

image in order to avoid the IRF and gold luminescence (tip coating and nanoparticle)

contributions as explained in the previous subsections. The experiments were performed

in a liquid condition in DPBS.

Figure 3.21 shows the MIET-AFM images for the topography (AFM), the nanodiamond

intensity (confocal image), and the nanodiamond fluorescent lifetime (FLIM), which were

acquired simultaneously for two 100 nm gold nanoparticle. We can ensure that they are

two different nanoparticles and not a tip artifact due to tip contamination, or due to the

grafted nanodiamond not at the tip apex, because the AFM topography profile shown in

Figure 3.21a shows two bumps with the same height, which will be not the case in the

case of a double tip/tip artifact. Figure 3.21c shows that the nanodiamond fluorescent

lifetime shifted from 15 ns to 12 ns when it is at the top of each gold bead (see Fig-

ure 3.22a). The same image shows that the two gold nanoparticles can be distinguished

in the lifetime image (Figure 3.21c), proving that we are below the diffraction limit in the
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Figure 3.21: MIET-AFM on two 100 nm gold nanoparticles.

molecular recognition map (Figure 3.21c). With this experiment, we demonstrated that

our MIET-AFM setup can achieve Super-Resolution molecular recognition maps simulta-

neously with topographical maps of the sample. However, 100 nm nanoparticles are still

large probes to label a molecule. In order to overcome this issue, in perspective, we plan

to probe MIET-AFM with smaller gold nanoparticles using the same operational scheme.

Figure 3.22: MIET-AFM on two 100 nm gold nanoparticles.
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3.4.3 The problem of many NV centers per nanodiamond when

imaging 30 and 10 nm gold nanoparticles

The natural following step is to perform MIET-AFM using smaller gold nanoparticles on

the sample. However, when we approach a MIET-AFM probe with a nanodiamond at

the tip apex to a 10 nm gold nanoparticle, any change in the nanodiamond lifetime is

detected. We can ensure that our nanodiamond is at the tip apex because this nanopar-

ticle is dislocated after couple of images scanning. The only posibility for this to happen

during MIET-AFM scanning (as in Figure 3.21) is that the nanodiamond is positioned at

the AFM tip apex. Then, by carefully analyzing the different factors that can affect the

nanodiamond quenching, we determined that it is due to the following two:

• The MIET interaction range between a metallic nanoparticle and a fluorescent dipole

depends on the nanoparticle size. A smaller metallic bead results in a shorter

MIET interaction range and vice versa. As we switched from 100 to 10 nm gold

nanoparticles, the quenching range should also decrease by roughly one order of

magnitude.

• Our nanodiamonds are 35 nm ones from FND Biotech (Taiwan)- According to the

manufacturer, this nanoparticle has 15 NV centers on average. Assuming that the

NV centers are randomly allocated on the nanodiamond, some calculations can be

done in order to understand the influence of these many color centers. For simplic-

ity, the nanoparticle is replaced by a metallic layer in Figure 3.23. Here, the green

dots represent the NV centers, if the z-position of each of them is described as:

xi(z) = z + δNV
i (3.7)

where z is the minimal distance between the nanodiamond and metallic layer, and

δNV
i the relative z-position of the NV center from the bottom of the nanodiamond.

The lifetime of the nanodiamond is the measured lifetime (τM), which can be de-

scribed in function of the lifetime for each NV center as:
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τM(z) =

(
1

n

)∑

n

τi(z) (3.8)

where n is the total number of NV centers and τi(z) is the lifetime of the i-th NV

center. As xi is always larger than z, the effective distance for MIET is always

underestimated. As well, a single nanodiamond has many NV centers, and all of

them are randomly allowed on the nanoparticle, resulting in a different lifetime in

each one. The closest ones to the metallic surface present a higher quenching than

the ones that are positioned at longer distances. Then, if the MIET interaction

range is short (due to the use of a smaller metallic nanoparticle), some of the NV

centers could not change their lifetime, screening the quenching of the closer ones.

Figure 3.23: Multi-NV centers on a nanodiamond. Schematic of a nanodiamond of diam-

eter Dp with multiples NV centers (in green) randomly distributed. The nanodiamond is

separated a distance z from a metallic surface (in yellow).

According to the literature, the MIET quenching distances are in the order of the metallic

nanoparticle size. Then, if we use a gold nanoparticle in the same range of size as the

nanodiamond, we will measure a small decrease in the nanodiamond lifetime due to the

screening of the NV centers quenching. The latter represents the central issue of why

we did not measure any change in lifetime when we approached these nanodiamonds on

small gold nanoparticles, in particular 30 and 10 nm ones.

A possible solution for that is the use of nanodiamonds with less NV centers, ideally a

single NV center per nanodiamond. In this case, when the color center is approached to

the metallic nanoparticle the measured lifetime corresponds to the only one present in the
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nanodiamond, therefore avoding any lifetime screening.

3.5 Conclusions

In this section, we have analyzed the second challenge in the study of biological mem-

branes, the chemical sensitivity. In the second chapter, we used AFM to measure and

evaluate the mechanical properties of supported lipid bilayers (SLBs) and their mor-

phology at the nanoscale with high lateral resolution. However, as said earlier, AFM

cannot distinguish the probed molecules, but AFM can be correlated with another mi-

croscopy technique to overcome this issue. Then, in order to achieve molecular recognition,

we have developed a home-made confocal FLIM-AFM setup that allows us to measure

the morphology and mechanical properties (AFM) and molecular recognition (Fluores-

cence/FLIM) simultaneously and synchronously. One of this setup’s main advantages is its

synchronicity because biological membranes are highly dynamic, as previously explained

(see Chapter 2 for more details). In this manner, we evaluate the same molecules by

both techniques regardless of the membrane diffusion, providing our approach a valuable

and competitive advantage over other correlative methods where the sample is scanning

sequentially and without synchronization, comparing two different snap of the sample due

to the membrane diffusion.

We proposed a new super-resolution technique called Metal Induced Energy Transfer

(MIET)-AFM combining MIET and AFM. When a fluorescent dipole is approached a

metallic surface, the fluorescent dipole is quenched, shifting its fluorescent lifetime de-

pending on the dipole-metallic surface distance. We proposed using this effect to si-

multaneously prove the sample’s topography and mechanical properties (AFM) and the

quenching signal as molecular recognition of a sample previously functionalized with gold

nanoparticles.

We designed and developed MIET-AFM probes. They were done fabricating a custom-

made plateau tip based on a qp-Bio AC (CB1) cantilever and using them to selectively

grafting a single nanodiamond at the plateau tip apex. Concerning the analysis of the flu-

orescent lifetime of the nanodiamond as MIET-AFM probe, we decided to fit the lifetime
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using a tail enhancement method to avoid the system’s short lifetime contributions (AFM

tip reflections and luminescence). In addition, we fitted our experimental data assuming

a mono-exponential decay, which sometimes is not entirely correct, but due to the limited

photon budget acquired during the MIET-AFM scan at each point, we were not in the

position to distinguish multi-exponential decays. Therefore, this assumption could affect

the sensitivity and resolution of our MIET-AFM super-resolution performance. However,

our setup can simultaneously detect the topography and changes in the fluorescent life-

time on gold nanoparticles according to our experimental data. The latter confirms that,

in first approximation, our data treatment is sufficient to provide super resolved images.

Using our MIET-AFM probes, we can achieve molecular recognition images with lateral

resolution below the diffraction limit on 100 nm gold nanoparticles deposited on a glass

coverslip. Simultaneously with the molecular recognition maps, the MIET-AFM setup is

capable of measuring the sample morphology with nanometric resolution. However, when

we have tried MIET-AFM scan on smaller gold nanoparticles, 30 and 10 nm, we were

not able to detect any quenching. We demonstrated that this can be due to the large

number of NV centers (15 per particle on average) randomly distributed in the bead.

This issue should be overcome using nanodiamonds with fewer NV centers (a single one

in the best case). We also have tested 10 nm nanodiamonds from Adamas nano (North

Carolina, US), but most of them are not fluorescent, and a high percentage of them blink

and bleach. Indeed, when we tried to selectively graft a single 10 nm sized nanodiamond,

our tip got easily polluted with non-fluorescent nanodiamonds.

Another solution could be the use of other fluorescent nanoparticles of small size. By

searching in the literature, we have found FluoSphere ™ (FS) commercially available from

ThermoFisher in different colors and sizes, from 20 nm up to 15 µm. They do not blink,

and the solution does not contain other particles contamination that might pollute our

MIET-AFM probes. Additionally, their fluorescent properties, such as the lifetime, are

well-reproducible according to our preliminary tests. However, they show photobleaching,

which could affect the total acquisition time budget. A possible solution is the sequential

grafting of a new FS each time the old one has bleached. A possible solution is the sequen-

tial grafting of a new FS each time the old one has bleached. Here, we prepare the sample

to study using a thin film of PDMS with two holes (made with micro-punches), as shown

in the Figure 3.24. The PDMS film is mounted on top of a clean coverslip. A volume of FS
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is deposited on one cavity while the sample to study (preliminarily gold nanoparticles) is

deposited on the second hole. This sample preparation allows us to switch easily between

the sample to investigate by MIET-AFM and the grafting of a new FS when the previous

one has bleached. In this way, we can overcome the bottleneck induced by FS bleaching.

Figure 3.24: Sample prepared using a thin film of PDMS with two cavities on a glass cover-

slip. a) Schematic of the sample. b) Sample fixed on an Attofluor chamber (Thermofisher)

and mounted on our microscope. In both cases, one cavity contains FluoSphere ™ (FS)

and the other gold NPs. Each cavity is 1.2 mm in diameter in b).
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Chapter 4

Conclusions and Perspectives

4.1 Conclusions

This thesis addressed biological membranes’ mechanical stability and developed a novel

AFM-Super Resolution technique, MIET-AFM, potentially capable of imaging them us-

ing an optical signal (fluorescence lifetime) replacing a mechanical one. The membrane

constituents -essentially phospholipids and proteins distributed heterogeneously in the

membrane- mainly regulate membrane remodeling processes, which are highly dynamic

and require observations at high lateral and temporal resolutions. In perspective, we aim

at using the MIET-AFM to characterize those processes.

In this frame, we have presented the three main challenges in the study of membranes:

The membrane-AFM tip interaction force

AFM is a well-established technique for imaging the lateral organization of membranes -

in both homogeneous and phase separation- due to its high spatial resolution, achieving

few nanometers in the lateral resolution and sub-nanometer in the vertical resolution.

However, AFM employs a nanometric tip to interact with the surface, therefore applying

a force. Since membranes are very soft materials (with a Young’s Modulus ranging from
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10 kPa to 100 MPa), they can get easily deformed, bend, and even break during AFM

scanning. We have shown that we can distinguish two different lipids-enriched domains

by AFM topographic images. Moreover, AFM-FS was used to probe the mechanical prop-

erties of membranes at the nanoscale, correlating them with each lipid-enriched domain.

Our results show that the size of indenters used to probe membrane mechanics through

AFM-FS is crucial to properly quantify intrinsic properties, such as the Young’s modulus

and the number of molecules involved at the onset of a hole formed within the membrane.

We have used one of these intrinsical properties, the Young’s modulus, to distinguish and

show the presence of two different effects: vertical compression and puncture of mem-

branes. The puncture is a novel effect where we have shown for the first time that, for

small indenters, the tip pass-through the membrane with less resistance than in a com-

pression regime. If puncture occurs, the membrane Young’s modulus cannot be assessed

with small indenters because the membrane is not vertically compressed, at least for the

case of DOPC-enriched domains.

On the other hand, when larger indenters probe membranes, our results are in good agree-

ment with Butt, and Franz’s theory [143], confirming that the rupture force increases with

the indenter radius. However, the number of molecules involved in the AFM tip break-

down process is material-dependent. It remains constant regardless of the indenter size.

Finally, we have shown that the AFM tip can be very invasive with the membrane and

even break it with a low force if a small indenter is used. Indeed, even without mem-

brane breakage, the membrane can bend and be deformed by the AFM tip mechanical

constraints. Therefore, it is essential to correctly choose both the AFM tip size and the

force applied to the membrane.

Chemical sensitivity

Biological membranes are constituted by many components distributed heterogeneously.

An exhaustive characterization of the biomolecules constituting the membranes requires

both their localization and recognition. One of the disadvantages of AFM for probing bi-

ological membranes is that it cannot achieve chemical sensitivity. To overcome this prob-

lem, we proposed to correlate AFM with another technique to achieve molecular recog-
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nition. Consequently, we have decided to combine AFM with fluorescence microscopy,

particularly with Metal Induced Energy Transfer (MIET). We have proposed a new Su-

per Resolution technique called MIET-AFM, where a fluorescent dipole positioned at the

AFM tip apex is approached to a metallic nanoparticle, which is labeling the molecule

of interest. Depending on the dipole-nanoparticle distance, the dipole can get quenched,

and its lifetime decreases. In order to develop the MIET-AFM, we have assembled a

custom-made confocal Fluorescent Lifetime Imagining Microscopy (FLIM)-AFM setup.

It allows measuring the morphology and the nanomechanical properties (by AFM) and

molecular recognition (by fluorescence quenching, MIET) simultaneously. We have de-

signed and developed MIET-AFM probes by fabricating a custom-made plateau tip based

on a qp-Bio AC cantilever and selectively grafting a single nanodiamond at the tip apex.

We have shown that MIET-AFM can achieve topographical images simultaneously with

molecular recognition maps, reaching lateral resolution below the diffraction limit on 100

nm gold nanoparticles. However, when we have tried MIET-AFM scan on smaller gold

nanoparticles (30 and 10 nm), we could not detect any quenching. We argued that this

could be explained by the large number of NV centers located in the nanodiamonds. In

order to overcome this issue, we have proposed to replace the nanodiamonds with Flu-

oroSphere ™ (FS). Unfortunately, due to lack of time, the experiments are ongoing, and

they are proposed as perspectives for this novel technique.

4.2 Perspectives

Our perspectives for the work done during this Ph.D. thesis are the following: We have

shown that the Young’s modulus is a crucial parameter to characterize a material. Even

more, it can allow us to distinguish between two different materials. Here, the physical

models for different configurations are established for decades. However, in the literature,

the Young’s modulus of supported lipid bilayers is evaluated with the Hertz model, as-

suming that the material thickness is infinite compared with the indenter size. The latter

is not the case during indenting supported lipid bilayers by AFM since the tip radius is

comparable with the membrane thickness. Therefore, the model is not accurate, resulting

in an overestimation of the elasticity modulus of these membranes. We propose the use of
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models developed to correct this issue as the model proposed by Chadwick [154] almost 20

years ago. Indeed, the Hertz model is improved here because the thickness of the sample

is taken into account.

We propose to further work on the novel effect called puncture to probe the intermolec-

ular interaction within the membrane. A better understanding of this effect requires the

investigation of the lipids’ lateral diffusion influence.

Our manuscript mainly focused on membrane Young’s modulus and the rupture force.

However, we are currently further analyzing our data to investigate additional mem-

brane mechanical properties, such as the presence of double rupture forces and membrane

adhesion. Indeed, double rupture forces, largely ignored in the literature, occur in DPPC-

enriched domains when: i) the tip radius is larger than 20 nm, and ii) the loading rate is

higher than 10 µm/s. Currently, a manuscript based on our dataset is being prepared in

the frame of an international collaboration.

Regarding the MIET-AFM setup, we plan to use 20 nm FluoroSpheres ™ (Thermofisher)

to replace the 35 nm FND on the MIET-AFM probes. Consequently, we plan to perform

MIET-AFM maps on 30 and 10 nm gold nanoparticles on glass coverslips to improve

the lateral resolution. Measuring a variation in the FluoroSphere’s lifetime would allow

MIET-AFM to work on labeled membrane molecules with reasonable nanoparticle size.

Finally, in order to test the MIET-AFM resolution, we plan to use a DNA nanoruler with

two 10 nm gold nanoparticles separated at a fixed distance (see Figure 4.1). We purchased

these DNA nanorulers from GattaQuant, with two gold beads separated 30, 60, and 90

nm (depending on the sample), to test the smallest separation distance at which the two

gold spheres can be distinguished.
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Figure 4.1: DNA origami. a) Schematic of the DNA origami with two gold nanoparticles

of 10 nm of diameter separated by a distance L. b) TEM images of DNA origamis (Gat-

taQuant), where the two gold beads are separated 90 nm. c) AFM image of DNA origami

on mica in air for DNA origami where the nominal separation between the gold spheres

is 90 nm. d) z-profile of the two DNA origamis highlighted in a color box in c). Both

nanorulers show a separation between the gold nanoparticles of 87.1 nm, being consistent

with the designed distance.
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Appendix A

Sample preparation: DOPC:DPPC (v:v

1:1) labeled with 0.1% BODIPY on

glass coverslip

1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) and 1,2-dioleoyl-sn-glycero-3-phos-

phocholine (DOPC) were purchased from Avanti Polar Lipids Inc. 2-(4,4-difluoro-5,7-

dimethyl-4-bora-3a,4a-diaza-s-indacene-3-dodecanoyl)-1-hexadecanoyl-sn-glycero-3-phospho-

choline (BODIPY) was purchased from Thermofisher. Chloroform and methanol were pur-

chased from Sigma-Aldrich. Membrane experiments were performed in DPBS buffer so-

lution filtered before use with an inorganic membrane filter (0.22 µm pore size, Whatman

International Ltd). DPPC and DOPC were individually dissolved in chloroform:methanol

(v:v 1:1) and supplemented with 0.1% BODIPY. The solvent was then evaporated to dry-

ness under nitrogen flow to obtain a thin film spread in a glass tube. The dried lipids films

were hydrated with DPBS buffer solution, previously heated at 60◦C, until a final total

concentration of 0.2 mM. The tube was later subjected to cycles of vortex mixing and

heating at 60◦C. The vesicle suspension was extruded with a polycarbonate membrane fil-

ter (100 nm pore size, Whatman, purchased from Avanti Lipids). Circular glass coverslips

(2.8 cm diameter, 165 µm thick, purchased from Marienfeld) were cleaned by a cycle of

sonication in KOH for 15 min, followed by a second cycle of sonication in deionized water

for 15 min. Then, the glass coverslips were exposed to plasma (Expanded Plasma Cleaner
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PDC-002, Harrick Scientific Corporation) at high RF power level for 15 min. Supported

lipid bilayers (SLBs) were obtained by vesicles fusion method [66, 151, 124, 157]. 300 µL

of vesicles suspensions were deposited onto cleaned glass coverslips, previously mechan-

ically fixed in an Attofluor chamber (Thermofisher), and incubated for 30 min at 70◦C.

Afterwards, the samples were rinsed several times with buffer solution to avoid unfused

vesicles, always keeping the substrates hydrated and imaged by correlative confocal-AFM

after 24 hours.
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ABSTRACT: Elastic properties of biological membranes are involved in a
large number of membrane functionalities and activities. Conventionally
characterized in terms of Young’s modulus, bending stiffness and stretching
modulus, membrane mechanics can be assessed at high lateral resolution by
means of atomic force microscopy (AFM). Here we show that the
mechanical response of biomimetic model systems such as supported lipid
bilayers (SLBs) is highly affected by the size of the AFM tip employed as a
membrane indenter. Our study is focused on phase-separated fluid-gel lipid
membranes at room temperature. In a small tip radius regime (≈ 2 nm) and
in the case of fluid phase membranes, we show that the tip can penetrate
through the membrane minimizing molecular vertical compression and in absence of molecular membrane rupture. In this case,
AFM indentation experiments cannot assess the vertical membrane Young’s modulus. In agreement with the data reported in the
literature, in the case of larger indenters (>2 nm) SLBs can be compressed leading to an evaluation of Young’s modulus and
membrane maximal withstanding force before rupture. We show that such force increases with the indenter in agreement with the
existing theoretical frame. Finally, we demonstrate that the latter has no influence on the number of molecules involved in the
rupture process that is observed to be constant and rather dependent on the indenter chemical composition.

■ INTRODUCTION

Biological membranes are cellular flexible barriers that ensure
the cell permeability. Spatial and geometrical remodeling of
biological membranes is of high importance in most
fundamental cellular processes such as growth, division,
endo- and exocytosis, trafficking, signaling, and associated
pathology.1 While the active modulation of the membrane is
achieved by several means, including membrane composition
and underlying cytoskeleton activity, its mechanical properties
(i.e., bending stiffness, stretching modulus, and membrane
tension) are crucial parameters in all remodeling processes.
Membrane mechanics can been assessed with a large variety of
techniques including atomic force microscopy (AFM), surface
force apparatus (SFA),2 optical tweezer,3 and micropipette
aspiration4,5 on both in vitro biomimetic model membranes or
in cellulo. The peculiarity of AFM is the unique capability to
probe very local membrane mechanics which is an advantage
when membranes are heterogeneous at the nanoscale. When
using AFM force spectroscopy (AFM-FS) on biomimetic
membranes such as supported lipid bilayers (SLBs), the AFM
tip is used to compress elastically the underlying lipid
molecules and the Young’s modulus can be extracted using
Hertz contact model.6−8 In addition, AFM-FS can be used to
evaluate the stretching modulus.9 If a higher force is applied, a
well-defined jump of the tip through the membrane is
observed.10−16 If the tip is brought in mechanical contact
with the membrane and then it is retracted, a lipid tube can be
pulled off and membrane tension can be assessed.17 AFM-FS

curves acquired on free-standing (pore-spanning) lipid bilayers
show instead a mechanical response that scales initially linearly
with the indentation: depending on the pore size, membrane
prestress, stretching and bending contribute differently to the
mechanical response and important quantities such as
membrane tension can be evaluated.18,19 With the exception
of the lipid tube pulling case, in all AFM-FS experiments the
radius of the AFM tip used as an indenter plays a major role.
For instance, the Hertz contact model20 describing the force
inducing an elastic compression of a flat homogeneous film by
a spherical indenter, in absence of nonmechanical contact
interaction forces, is the following

F
E

R
4

3 1 2
3

ν
δ=

− (1)

where R is the radius of the indenter, ν is the Poisson ratio, δ is
the indentation length, and E is the Young’s modulus of the
film, assuming the Young’s modulus of the indenter is much
higher than the SLB E. The knowledge of the AFM tip radius
is, therefore, essential to properly define the force and
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indentation length range of the AFM-FS curve to be used to
accurately evaluate E. Indeed, the maximal force and,
consequently, the indentation length to be considered to
properly evaluate E, avoiding substrate contributions, will
change with the indenter size. If higher forces are applied
during the indentation cycle, membrane rupture can be
achieved.12,21 Butt et al.13,22,23 proposed a discrete molecular
model capable to predict the threshold rupture force FB as
follows

F F
vK

k F
ln

0.693
1B T

0 T

= +

(2)

with FT the thermal force

F
hRK T

V

2
T

Bπ

α
=

(3)

where v is the loading rate (approach speed of the AFM tip), K
is the cantilever spring constant, k0 is the probability to observe
a film rupture due to thermal fluctuation, and h is the
membrane thickness. V is defined as the activation volume
occupied by the critical number of lipid molecules that can
escape from the mechanical contact with the tip during the
indentation, therefore, triggering the starting point of the hole
formation within the membrane. As a consequence, (2)
predicts the rupture force FB to increase with the AFM tip
radius R.
In this frame, we focus here on the influence of the AFM tip

radius when measuring membrane mechanical properties in
the case of both fluid-phase and gel-phase SLBs. We show the
presence of two tip radii regimes: when the size of the tip (≈
1−2 nm) is in the range of the area occupied by few lipid
molecules, the tip can penetrate through the membrane
encountering low resistance, here referred as a puncture
mechanism. We interpret the latter case as an in-plane lateral
perturbation of few molecules surrounding the AFM tip, in a
noncompressive regime. Finally, we show that larger tip radii
(>2 nm) indentation always show a lipid vertical compression
followed by membrane rupture, confirming experimentally the
discrete molecular model introduced by Butt and Franz where
the activation volume V is observed to be constant and
independent of the tip radius.22

■ EXPERIMENTAL SECTION

Materials. 1,2-Dioleoyl-sn-glycero-3-phosphocholine (DOPC)
and 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) were pur-
chased from Avanti Polar Lipids (Alabaster, AL). Chloroform (≥99
%) and methanol (≥99.8 %) were purchased from Sigma-Aldrich (St.
Louis, MO). All experiments were performed in buffer solution of
Dulbecco’s phosphate-buffered saline (DPBS) (1 × ) purchased from
Gibco (Grand Island, NY) and filtered before use using an inorganic
membrane filter of 0.20 μm pore size from Whatman International
(England, UK). Muscovite mica was purchased from GoodFellow
(France).
Sample Preparation. DOPC and DPPC were individually

dissolved in a chloroform−methanol (2:1) solution to a final
concentration of 10 mM each. Ten microliters of each phospholipid
solution were mixed, poured in a glass vial, and evaporated to dryness
under nitrogen flux for 2 h to form a thin film on the tube walls.
Afterward, the dried phospholipid film was hydrated with 1 mL of
DPBS buffer solution, previously heated at 70 °C, subjected to a 3
min vortex cycle, and finally extruded for 15 passages with a 0.1 μm
membrane filter (Whatman International). The final solution was
immediately used to prepare SLBs by the vesicles fusion method: 50
μL of lipids final solution were deposited onto freshly cleaved mica

disks (9.5 mm diameter), previously glued on top of larger Teflon
disks that were in turn placed onto metallic disks. Disks were
incubated for 30 min at 70 °C in an oven. In order to prevent the
evaporation of the solution, disks were kept inside a Petri dish placed
in a larger Petri filled with water, ensuring the necessary humidity
level during incubation. Afterward, disks were incubated at room
temperature for 10 min before being carefully rinsed ten times with
buffer solution in order to remove intact lipid vesicles. Membranes
were kept overnight in buffer and protected from light exposure at
room temperature. AFM measurements were carried out 24 h after
membrane preparation.

AFM Imaging and Force Spectroscopy. AFM images and
Force Spectroscopy (AFM-FS) measurements were performed using a
JPK NanoWizard 4 (Berlin, Germany) using the following cantilevers:
V-shaped Si3N4 cantilevers MSNL-D, MSCT-E, and MLCT-Bio-DC-
F from Bruker (Bruker AFM Probes, Camarillo, CA) and spherical-
shaped carbon AFM tips mounted on rectangular cantilevers,
Biosphere B20-CONT, B50-FM, and B100-FM purchased from
Nanotools GmbH (München, Germany). For each cantilever, the
optical lever sensitivity was calibrated acquiring a force curve on a
rigid mica substrate (nm/V), whereas the spring constant was
calibrated using the thermal noise method.24 Both calibrations were
performed in DPBS buffer at the end of the AFM-FS experiments to
preserve the AFM tip radius from possible damage that can occur
during the acquisition of the force curve on rigid mica.

AFM-FS curves were recorded by approaching the tip to the
membranes at a constant loading rate of 1 μm/s with a sampling
frequency of 7 kHz at room temperature. For dynamic force
spectroscopy (AFM-DFS) experiments, the loading rate was varied
between 0.5 μm/s and 50 μm/s and MSCT-F cantilevers were used.
Table 1 reports all cantilevers and tips used in this study.

Force versus distance curves were acquired using a grid of 15 × 15,
20 × 20, or 25 × 25 points (force-volume experiments) over regions
ranging from 25 × 25 μm2 to 80 × 80 μm2 depending on tip radius
size. Once AFM-FS data were recorded, all regions were imaged in
contact or quantitative-imaging (QI) modes. We acquired AFM
topographical images at the end of the force-volume experiments to
protect the AFM tip from contamination and damage that can occur
during image acquisition. To ensure an accurate evaluation of the
rupture force and avoid data collected in the presence of tip damage
(i.e., resulting in a different tip radius), we have monitored the
increase of the rupture force measured with the same probe for each
experimental session. Data showing an increase of the rupture force
during acquisition were discarded. Typical force−distance curves
recorded in a single grid with a MSCT cantilever with tip radius of 10
nm at a loading rate of v = 1 μm/s are reported in Figure 1a: we
observe two different rupture force (FB) regimes, a lower one for
DOPC domains (blue curves) and a higher one for DPPC-enriched
domains (red curves).

Table 1. AFM Cantilevers, with Tip Chemical Composition,
Employed and Total Number of Indentation Curves
Recorded in This Studya

cantilever

nominal
tip radius
(nm)

tip
material

nominal
stiffness
(N/m)

number of
probes
used

curves
collected

MSNL-D 2 Si 0.03 4 3125

MSCT-E 10 Si3N4 0.1 4 4375

MSCT-F 10 Si3N4 0.6 3 5000

MLCT-F 20 Si3N4 0.6 5 4600

B20-CONT 20 carbon 0.2 4 3625

B50-FM 50 carbon 2.8 4 6075

B100-FM 100 carbon 2.8 3 5225

TOTAL 27 32025
aMSCT-F cantilevers were used to acquire AFM-DFS data.
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Figure 1b shows the FB distribution where each peak was fitted with
a Gaussian function to determine the mean FB and its standard
deviation. The region of interest observed by AFM-FS was
subsequently imaged by AFM in the QI AFM mode to observe
DPPC- and DOPC-enriched domains (Figure 1c). Figure 1d shows
the in-plane FB distribution over the region of interest which highly
correlates with the topographical AFM image in Figure 1c. A small in-
plane drift is observed between (c) and (d) in Figure 1, most likely
due to the AFM-FS long acquisition time. Red crosses in Figure 1d
highlight the discarded curves which were affected by local and
temporary tip contamination, occurring frequently in this kind of
experiment.
Data Analysis. Rupture forces and Young’s modulus evaluations

from AFM-FS curves were obtained with custom-made MATLAB and
Python programs. We developed an algorithm that makes use of a low
pass-filter of the force curve, followed by a numerical first derivative.
Finally, with a threshold method we identify the rupture force event,
evaluated over a region surrounding the minimum of the numerical
derivative (or maximum, depending on the orientation of the data).
Section 1 of the Supporting Information reports an example of the
efficiency of the algorithm for one force curve. The corresponding
rupture force FB is then considered. The algorithm has high precision
if the rupture event induces an abrupt change of the force curve slope.
For milder slopes, alternative methods should be taken into
consideration. For each AFM-FS experimental session, we built
histograms reporting the FB distribution for both fluid and gel phase
membranes. From each histogram we evaluated the average FB and
the standard deviation as a result of the histogram fit with a normal
distribution. Statistical mean and standard deviation were observed to
be comparable with fit outputs. Joining data from different
experimental sessions, we averaged all mean FB values in a unique
FB and we evaluated its standard error of the mean for each
membrane phase and AFM tip radius experimental conditions.
Membrane Young’s modulus was evaluated with a numerical fit of the
indentation cycles using (1). In addition, we evaluated the electric
double layer contribution.25 We report DOPC and DPPC Young’s

moduli evaluated using both B20-CONT and B50-FM cantilevers. To
do so, we fixed the contact point between the AFM tip and the
membrane, defining the lower limit of the indentation curve to be
considered for the fit. It was fixed considering 2.7 nm of water
between the polar heads and the substrate, a constant DOPC and
DPPC membrane thickness (3.6 and 4.6 nm for DOPC and DPPC,
respectively),26 and the position of the mica substrate evaluated from
the mechanical contact between tip and mica. More details
concerning the Young’s modulus evaluation can be found in the
second section of the Supporting Information (Figure S2).

■ RESULTS

The comparison betweeen AFM-FS indentation cycles
performed on DOPC fluid-phase and DPPC gel-phase
domains with a 2 nm and a 10 nm AFM tip radius is
pictorially and experimentally presented in Figure 2.
In the DOPC case (Figure 2a,b), we observe a vertical

compression of the membrane with the 10 nm tip (blue curve)
while the 2 nm tip indentation (red curve) suggests that a
different physical mechanism is occurring (Figure 2b). DPPC-
enriched domains are vertically compressed by both AFM tips.
While for the DPPC case the use of (1) provides a Young’s
modulus in the range of a few tens of MPa, close to what has
been reported in the literature for both AFM tips;6,8 this
applies to the DOPC only for the larger tip case. Indeed,
indentation curves performed with the 2 nm tip on the DOPC
membrane show a much softer indentation regime where the
Hertz fit would provide a Young’s modulus of ≈2 MPa (see
section 3 of the Supporting Information), far too low for the
DOPC membrane since it has been reported to be in the range
of 20−30 MPa.6,8 The unrealistic Young’s modulus and the
absence of rupture events suggest that a different indentation
mechanism is occurring. Moreover, since the tip radius we

Figure 1. Force-volume experiment on DOPC:DPPC (1:1) SLBs on mica in DPBS buffer. (a) Force versus tip−sample distance curves (blue,
DOPC domains; red, DPPC domains) recorded with a tip with a radius of 10 nm at a loading rate of v = 1 μm/s over a region of interest of 25 × 25
μm2. (b) Rupture force FB distributions and (c) topographical image showing both DOPC- and DPPC-enriched domains obtained in the QI AFM
mode. DPPC domains are characterized by a higher thickness compared to DOPC domains. (d) FB XY distribution map that correlates well with
panels (c). Red ×: discarded curves. Scale bar: 5 μm.
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used for the fit (≈ 2 nm) is smaller than the membrane
thickness, the surface of the tip in contact with the membrane
at large indentation is underestimated and, therefore, the
obtained small Young’s modulus is even overestimated, further
confirming its unrealistic value. According to Tristram-Nagle
and coauthors, the area occupied by a DOPC molecule is A ≈

70 Å2.26 The area occupied by a DPPC molecule has been
reported to be A ≈ 47 Å2.27,28 Approximating the tip as as a
sphere, for indentations δ smaller than tip radius R, the contact
area, also know as a spherical cap, is given by S = 2πδR. The
contact area S can be related to the area A occupied by a single
lipid by multiplying the latter times the number of lipids N and
dividing by the coverage/packing factor Φ.

R
NA

2πδ =
Φ (4)

The densest packing assumes a value of ≈0.9069 in two-
dimensional space (hexagonal packing), which is the case here.
As a consequence, for an indentation δ of 0.5 nm there are
approximately NDOPC = 8 DOPC molecules in mechanical
contact with the 2 nm AFM tip, whereas the molecules
increase to approximately NDPPC = 12 in the DPPC case. The
low number of molecules involved can justify the probability of
a physical indentation mechanism where a vertical molecules
compression is minimized in favor of a lateral molecules tilt/
displacement, here referred to as puncture mechanism.
However, it is remarkable that the latter occurs only in the
case of DOPC membranes, despite a number of molecules

below the tip similar to the DPPC case. Eventually, the higher
diffusion coefficient characterizing DOPC molecules (≈ 4
μm2/s29) compared to DPPC molecules (≈ 10−3 μm2/s30) can
play an additional role favoring such mechanism. In other
words, the use of a small AFM indenter induces an in-plane
local perturbation in absence of elastic compression followed
by membrane rupture. Indentations with the high-speed AFM
(HS-AFM) or eventually correlative fluorescence correlation
spectroscopy (FCS)-AFM experiments can further explore the
contribution of lipid diffusion to the mechanical response of
the membrane. During all experimental sessions for fluid-phase
membranes using the 2 nm AFM tip, we observed a prevalence
of indentation cycles where the tip can penetrate the
membrane in absence of molecular vertical compression with
respect to the cycles where compression is present, as shown in
Figure 3a (see also Figure S3). Sharp probes were previously
used to evaluate the Young’s modulus of DOPC membranes
using Peak-Force Tapping AFM (indentation cycles in
between one and 2 orders of magnitude faster) in buffer
containing MgCl2.

7,8 Our data suggest that small indenters
should not be used to quantify the DOPC Young’s modulus
using the Hertz contact model with an indentation speed of ≈1
μm/s in experiments carried out in the absence of MgCl2.
When using larger AFM tip indenters, molecular vertical

compression always occurs. Figure 3b,c shows indentation
cycles on DOPC and DPPC domains acquired with tip radii
varying from 2 to 100 nm. All curves can be fitted with (1)
leading to an estimation of both DOPC and DPPC Young’s

Figure 2. Pictorial representation of fluid-phase (a, DOPC) and gel-phase (c, DPPC) membrane indentations with two different indenter sizes: 2
nm tip versus 10 nm tip radii. While in both DOPC and DPPC, the 10 nm tip (blue curve) induces a vertical compression of the lipid molecules
(b,d), a 2 nm tip (red curve) can penetrate the fluid-phase membrane inducing a local perturbation of the molecules surrounding the tip in absence
of membrane rupture. Measurements were performed in the DPBS buffer.
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moduli: the second section of the Supporting Information
reports data obtained with 20 nm radius spherical indenters
leading to EDOPC = (34 ± 19) MPa and EDPPC = (48 ± 15)
MPa, in agreement with values reported in the literature.6,8

The use of a larger, 50 nm radius, spherical indenter leads to
EDOPC = (36 ± 19) MPa and EDPPC = (58 ± 28) MPa, values
comparable with the ones obtained with the 20 nm probe. This
is consistent with the fact that the Young’s modulus constitutes
an intrinsic mechanical property of a material and therefore is
independent of the indenter size.
In addition, the curves presented in Figure 3 clearly show

that the maximal force FB the membrane can withstand before
rupture for both DOPC and DPPC increases with the tip
radius as predicted by (2). For better clarity, Figure 3b,c shows
indentation cycles performed with carbon probes with dashed
lines and rupture force obtained with silicon and silicon nitride
probes with continuous lines. Figure 4 presents all values for
the rupture force observed on both DOPC- and DPPC-

enriched domains as a function of the indenter radius. In
agreement with previous data,13 we observe a variation of FB
with the tip chemical composition: this is evident comparing
FB values obtained with 20 nm radius Si3N4 and carbon AFM
tips.
Our data can be used to evaluate the activation volume V in

(2) and consequently the associated number of molecules
involved in the beginning of the rupture process. To do so, we
have evaluated k0 for both DOPC and DPPC from dynamic
force spectroscopy (AFM-DFS) data, as proposed by Butt et
al.13 We measured FB as a function of the loading rate v
(between 0.5 and 50 μm/s) for both DOPC and DPPC
(Figure 5a,b, respectively) using MSCT-F cantilevers. Data
were fitted using

F
v

v
logB 10

0

α β= +
(5)

where FB, α, and β are in nN and v0 = 1 μm/s. The free fit
parameters α and β lead to the evaluation of k0 as follows

k
Kv

1.596 100
0 /

β
=

α β−

(6)

We evaluated k 4.1DPPC

0 = mHz (close to the value reported

by ref 31) and k 2970
DOPC

= mHz.
V is found to be essentially constant with the indenter radius

for both DOPC- and DPPC-enriched domains but dependent
on the tip chemical composition (Table 2). We can associate
to each activation volume the number of molecules, n,
triggering the rupture process defined as n ≈ V/(Ah).

Figure 3. (a) Coexistence of vertical compression (black) and
membrane puncture (red) when indenting a fluid-phase membrane
(DOPC) with a 2 nm indenter. Panels (b) and (c) indentation cycles
on fluid (DOPC, b) and gel (DPPC, c) phase membranes measured
with different tip radii in DPBS buffer. The maximal force the
membrane can withstand before rupture for both DOPC and DPPC
increases with the tip radius.

Figure 4. Rupture force FB for DOPC- and DPPC-enriched domains
indented by silicon, silicon nitride, and carbon AFM tips at a constant
loading rate of v = 1 μm/s in DPBS buffer. The rupture force
increases with the tip radius, suggesting that the number of molecules
involved in the onset of the rupture process is independent of the tip
radius.
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Assuming the head to head h to be 3.6 and 4.5 nm for DOPC26

and DPPC,32 respectively, Table 2 reports the measured
activation volumes and the corresponding number of
molecules n, including their errors, evaluated from the
dispersion of each rupture force for DOPC and DPPC
membranes indented by silicon and carbon AFM tips. For each
tip radius, FB and its associated standard error of the mean
(sem) are evaluated joining single rupture forces obtained
using several AFM probes over different experimental sessions.
Since the total number of molecules N elastically compressed
by the tip increases with the tip radius, for a given tip
chemistry, n is observed to be independent of N.
It is remarkable that, in the case of DPPC-enriched domains,

the use of probes with a tip radius larger than 20 nm induces a
two-step rupture process (Figure 3c). Several scenarios, that
remain to be elucidated, can be involved to explain the
mechanism: (1) two different rupture events involving at first
the DPPC molecules compressed at the very end of the tip
apex and subsequently other molecules compressed by the tip
side at higher indentation length; (2) a limiting maximal
DPPC hole size inferior to 20 nm; (3) tip approach and hole
formation comparable speeds (k0 ≈ 4 mHz for DPPC
membranes); and (4) discrete rupture of the upper membrane
leaflet subsequently followed by the rupture of the bottom
leaflet. For the evaluation of FB and V, we have considered the
breaking event characterized by the highest rupture force only.

■ DISCUSSION

In the case of thin films, Dimitriadis et al.33 have shown that
the Hertz model must be corrected to take into account the
finite thickness of the film (eq 8 in ref 33) that would
otherwise induce an apparent material stiffening. The
correction factor is proportional to the square root of the tip

radius but cannot explain the apparent membrane softening
observed for fluid phase membranes indented by a 2 nm AFM
sharp tip (Figure 3a and Figure S3). The Hertz model itself (1)
describes indentation cycles in the approximation of the a

radius R ≫ δ, leading to the Hertz contact radius a Rδ≈
20:

in the 2 nm tip radius case, the approximation does not hold,

but the use of the nonsimplified Hertz radius a R
2

δ δ= −

does not lead to the expected Young’s modulus EDOPC value
either. Therefore, indentation cycles performed with such a
small tip radius, with contact area comparable with the surface
occupied by few lipid molecules, reveal a physical indentation
mechanism that minimizes molecular vertical compression.
While the use of small AFM tips could be extended to a large
variety of thin films constituted by diffusive and dynamic
molecules, in practice it represents a limit to the conventional
Hertz contact model. Additionally, the acquisition of AFM
images is particularly challenging because of the small rupture
force of the films.
The physics of hole formation within a membrane is

contained in eq 7 of ref 22, where the energy is dictated
between an interplay of line tension, spreading pressure and
the membrane elastic energy. In our case, we are interested in
the process of hole formation where the latter term is absent.
Additionally, it is remarkable that one cannot assume constant
line tension and spreading pressure, first and second terms of
eq 7 in ref 22, in the process of hole formation, where our data
suggests that they are indentation-dependent. However, it is
challenging to properly describe the dependency of line
tension and spreading pressure as a function of the indentation
from our data: besides the very small forces measured (≈ tens
of pN), several questions arise concerning the way single
molecules are tilted/laterally displaced and how the two leaflets

Figure 5. AFM-DFS on DOPC:DPPC (1:1) SLBs, in DPBS buffer. Mean rupture force versus loading rate v (error bars denote standard deviation)
for DOPC- and DPPC-enriched domains. The black line is the fit with eq 5. The free parameters obtained from the fit are α = (3.22 ± 0.41) nN
and β = (0.81 ± 0.43) nN (DOPC) and α = (20.2 ± 1.1) nN and β = (3.95 ± 0.56) nN (DPPC).

Table 2. Rupture Force (FB), Activation Volume (V), and Associated Number of Molecules (n) for DPPC and DOPC
Membranes Indented by Silicon and Carbon AFM Tips, Expressed As the Mean Value ± Sem

DPPC DOPC

FB [nN] V [nm3] n FB [nN] V [nm3] n tip material radius [nm]

2.21 ± 0.08 2.3 ± 0.1 1.0 ± 0.1 0.12 ± 0.02 − − Si 2

12.0 ± 3.3 1.8 ± 0.3 0.8 ± 0.1 1.9 ± 0.3 5.7 ± 1.0 2.2 ± 0.4 Si3N4 10

24.8 ± 3.7 2.1 ± 0.2 0.9 ± 0.1 3.7 ± 0.6 7.9 ± 0.8 3.1 ± 0.3 Si3N4 20

8.8 ± 0.6 6.1 ± 0.3 2.7 ± 0.1 1.6 ± 0.4 18.4 ± 3.2 7.1 ± 1.2 carbon 20

24.1 ± 2.7 6.2 ± 0.5 2.8 ± 0.2 4.0 ± 0.6 21.5 ± 3.1 8.3 ± 0.8 carbon 50

54.0 ± 2.3 5.1 ± 0.7 2.3 ± 0.1 8.0 ± 0.7 19.9 ± 1.4 7.7 ± 0.5 carbon 100
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differently participate to the hole formation at different
indentation lengths.
Indentation cycles performed with larger indenters can be

used to probe membrane mechanical stability. Interestingly,
the activation volume associated with the onset of the rupture
process is essentially constant in the range of the indenter sizes
we tested in this work. This suggests that the activation
volume, together with the probability to observe a film rupture
due to thermal fluctuation k0, are the quantities that should be
considered when comparing variations of membrane mechan-
ical stability due to the presence of external factors or due to
changes in membrane composition.
In conclusion, in this work, we have shown that the size of

indenters used to probe membrane mechanics, by means of
AFM-FS, is crucial to properly quantify intrinsic properties
such as the Young’s modulus and the number of molecules
involved at the onset of a hole formation within the membrane.
Measurable observables such as the interaction force versus
indentation length and the membrane rupture force are indeed
highly dependent on the AFM tip radius. While the theoretical
background has been well-established for decades, we have
shown for the first time that, for small indenters, the membrane
Young’s modulus cannot be assessed due to the puncture
mechanism, where the tip passes-through the membrane with
less resistance than in a compression regime. This results in an
erroneous underestimation on the Young’s modulus if the
Hertz model is employed. For larger indenters, our results are
in good agreement with Butt and Franz’s theory22 and confirm
that the rupture force increases with the indenter radius.
Although the critical number of molecules involved in the
AFM tip breakdown process is material-dependent, it remains
constant regardless of the indenter size.
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1 ALGORITHM TO EVALUATE THE RUPTURE FORCE

In order to evaluate the rupture force from a force curve, we developed an algorithm that works as follows (Figure S1):

• First, the force curve is low-pass filtered (Figure S1a).

• The algorithm performs a first numerical derivative (Figure S1b). A threshold, green dashed line, is used to discard non
relevant values and the local minimum of the derivative is identified (eventually the maximum, if data orientation is
inverse).

• The minimum of the derivative corresponds to a position in the force curve that is represented by a red dot in Figure S1c.
A region defined by 20 to 30 data points centered in the red dot is then considered: it is shown in Figure S1d with two
vertical green dashed lines.

• The local maximal force in the region is identified and corresponds to the rupture force FB: red dot in Figure S1d.
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Fig. S 1: Algorithim developed to evaluate rupture forces from AFM-FS data. (a) Low-pass filtered force curve. (b) Numerical
first derivative of (a). (c) Position of the minimum of (b) in the force curve, represented by a red dot. (d) The local maximum of
the force curve, corresponding to the rupture force FB, is evaluated over a region (green dashed lines) centered in the position
of the minimum of the numerical derivative.
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2 YOUNG’S MODULUS AND DEBYE LENGTH EVALUATIONS

As mentioned in the main manuscript, both DOPC and DPPC Young’s moduli have been determined using the Hertz model
(Equation S1.2). AFM-FS experiments were performed on DOPC:DPPC (1:1) SLBs at a loading rate of v = 1 µm/s using
B20-CONT cantilevers with tip radius of 20 nm and B50-FM cantilevers with tip radius of 50 nm (both purchased from
Nanotools). The contact point between tip and membrane was determined assuming the presence of 2.7 nm of water layers plus
3.6 and 4.6 nm as DOPC and DPPC thickness, respectively (1). The total thickness was added to the absolute position of the
mica substrate, evaluated from the position of mechanical contact between tip and mica. Our data show the presence of the
Electric Double-Layer (DL) interaction in the tip-membrane non-contact part of the curve, resulting in non-negligible forces of
a few hundreds of pN once the contact is established. We took the DL effect into account modeling the tip as a sphere near a flat
surface (2) (Equation S1.1). As a consequence, we have fitted the AFM-FS force versus distance curves independently with two
different interactions as follows:

FDL(z) =
RFZ

λD
e−z/λD , for 0.1 nm ≤ z ≤ 10 nm (S1.1)

FH (z) =
4

3

E

1 − ν2

√
R(−z) 3

2 + F0, for − δmax ≤ z ≤ 0 nm (S1.2)

where z is the tip-membrane distance, λD is the Debye length, R is the tip radius, FZ is an interaction constant with unity of
force, E is the Young’s modulus, F0 is the interaction force at the contact point between tip and membrane and δmax the maximal
indentation of the SBLs. Assuming ν to be 0.5 (perfectly elastic uncompressed material), data were fitted with the Hertz model
until a maximal indentation δmax of 1.5 nm for DOPC and 1 nm for DPPC. DL fit was limited to tip-membrane distances higher
than 1 Å to avoid to take into account non-ubiquitous short-range Van der Waals (VdW) attractive interactions (≈ to 10–20 pN,
at the limit of our instrumental sensitivity). Concluding, for Equation S1.1, we left FZ and λD as free parameters, whereas for
Equation S1.2, only E was left as free parameter. We have evaluated EDOPC

= (34 ± 19) MPa and EDPPC
= (48 ± 15) MPa

(Figure S2 c and e, respectively) for the 20 nm carbon probe and EDOPC
= (36±19) MPa and EDPPC

= (58±28) MPa (Figure S2
g and i, respectively) for the 50 nm carbon probe. Our values are consistent with the fact that the Young’s modulus constitutes an
intrinsic mechanical property of a material; therefore, it is independent of the indenter size. Moreover, our values are in agreement
with data reported in the literature (3). In addition, we have determined λDOPC

D
= (1.6 ± 1.4) nm and λDPPC

D
= (1.5 ± 1.4) nm

(Figure S2 d and f, respectively) for the 20 nm probe and λDOPC
D

= (1.3 ± 0.6) nm and λDPPC
D

= (1.7 ± 0.7) nm (Figure S2 h and
j, respectively) for the 50 nm probe. This suggests that DOPC and DPPC head-groups have similar Debye length values close to
1.5 nm in DPBS buffer.
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Fig. S 2: Evaluation of Young’s modulus and Debye Length for DOPC (a) and DPPC (b) model membranes using an indenter
with a radius of 20 nm (a,b,c,d,e,f) and 50 nm (g,h,i,j). In red the fit with Hertz model (Equation S1.2), in green the fit with
DL model (Equation S1.1), the tip-membrane contact point is fixed at z = 0 The free parameters E and λD distributions over
200 curves, for both DOPC and DPPC, are displayed in the histograms. For the 20 nm indenter, EDOPC

= (34 ± 19) MPa
and λDOPC

D
= (1.6 ± 1.4) nm, (c) and (d), respectively and EDPPC

= (48 ± 15) MPa and λDPPC
D

= (1.5 ± 1.4) nm (e) and (f),
respectively. For the 50 nm indenter, EDOPC

= (36 ± 19) MPa and λDOPC
D

= (1.3 ± 0.6) nm, (g) and (h), respectively and
EDPPC

= (58 ± 28) MPa and λDPPC
D

= (1.7 ± 0.7) nm, (i) and (j), respectively.
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3 COEXISTENCE MEMBRANE PUNCTURE AND VERTICAL COMPRESSION FOR SMALL TIP

INDENTERS

As mentioned in the main manuscript, when the size of the tip is small (≈ 1–2 nm), the molecular vertical compression in fluid
phase membranes is a rare event in favour of cases where the tip can puncture the membrane in absence of rupture events
(Figure 2b in the main manuscript, red curve). Fitting indentation cycles on DOPC (number of curves= 175) with the Hertz
model, assuming 2 nm as tip radius (MSNL-D cantilever, Bruker), we observe that a large majority of the curves leads to a
Young’s modulus consistently lower (≈ 2–3 MPa, Figure S3a, red region) than the values reported in Figures S2c and g and,
more generally, in the literature (3). It imposes a limit to the use of the Hertz model since the vertical compression of the
lipid molecules occurs rarely (green region in Figure S3a). Figure S3b shows the distribution of maximal force the membrane
can withstand for the same dataset. The large majority of indentation cycles show a force that is maximal at the contact point
between the tip and mica (see red curve in Figure 2b of the main manuscript), suggesting that the physical mechanism involved
during the indentation does not lead to a membrane rupture event anticipated by a molecular vertical compression. In other
words, the tip can easily puncture the membrane, therefore encountering lower resistance (red region in Figure S3b).

Fig. S 3: (a) Young’s modulus distribution evaluated from indentation cycles on DOPC membranes, fitted with the Hertz contact
model, using a tip with a radius of 2 nm (MSNL-D cantilever). The measured Young’s modulus is ≈ 1 order of magnitude lower
than the reported value of ≈ 20 − 30 MPa. (b) Maximal force the membrane can withstand for the same dataset of (a): in most
cases (red region) it was evaluated at the contact point between the tip and the mica because the molecular vertical compression
leading to membrane rupture is absent. In both (a) and (b), the green region consists of the approach curves where molecules
are vertically compressed. The red region highlights the indentation cycles showing membrane puncture.
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Synchronous, Crosstalk-free 
Correlative AFM and Confocal 
Microscopies/Spectroscopies
Thales F. D. Fernandes, Oscar Saavedra-Villanueva, Emmanuel Margeat,  

Pierre-Emmanuel Milhiet  & Luca Costa

Microscopies have become pillars of our characterization tools to observe biological systems and 

assumption of non-interference during images acquisitions. In this work, by exploring the correlative 

use of Atomic Force Microscopy and confocal-Fluorescence-Lifetime Imaging Microscopy (AFM-FLIM), 

tip by controlling its distance from a metallic surface. This opens up a novel pathway of quench sensing 

to image soft biological samples such as membranes since it does not require tip-sample mechanical 

contact in contrast with conventional AFM in liquid.

Real space observation of biomolecules at high resolution is crucial to address fundamental biological questions. 
In this frame, several microscopy techniques have been developed during the last decades and are currently 
well-established and available allowing characterizations at different lengths and timescales. Cryogenic Electron 
Microscopy (cryo-EM) offers nowadays the highest spatial resolution at the molecular and sub-molecular length 
scales but cannot image living cells in physiological conditions1. For that, a large variety of optical-based micros-
copies are available, historically less resolved than cryo-EM because of the diffraction limit. However, some 
recently developed super-resolution techniques such as Stimulated Emission Depletion Microscopy (STED)2, 
Stochastic Optical Reconstruction Microscopy (STORM)3, Photoactivated Localization Microscopy (PALM)4 
and MINFLUX5 have bypassed the diffraction limit and improved the lateral resolution down to a few nanome-
ters. While they do have some drawbacks both in terms of photo-toxicity or acquisition speed, their popularity 
nowadays reflects their coming of age. When it is to observe bio-interfaces at high resolution in physiologi-
cal conditions, in a label-free configuration, Atomic Force Microscopy (AFM)6 and its fast video-rate version 
High-Speed AFM (HS-AFM)7,8 are outstanding techniques to obtain morphological and mechanical information 
at nano-scale. While all microscopies provide complementary physical and chemical information at different 
spatial and temporal resolutions, the challenge is now to get correlative observations of biological processes with 
two or more techniques that require important technological efforts.

As examples, cryo-EM and 3D super-resolution fluorescence have been coupled to aid protein localization in 
EM images9, as well as STED10, STORM11,12 and Super-Resolved Structured Illumination Microscopy (SR-SIM)13 
have been successfully coupled with AFM. Combining conventional fluorescence and AFM has become increas-
ingly popular since both techniques can work in biologically relevant conditions and they acquire complemen-
tary information: specificity mapping of proteins given by specific fluorescent probes nicely complements the 
high-resolution AFM images. Confocal Laser Scanning Microscopy (CLSM) and AFM have been coupled at first 
in 199514 to image Langmuir-Blodgett films of 10,12-pentacosadiynoic acid. In the following decades, a large 
number of setups following similar operational schemes based on fixed optical axes, fixed tip position, and a 

email: 
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scanning sample were developed15–20. In most setups, AFM and fluorescence images are acquired in a sequential 
manner, and correlation between images is generated a$erwards21,22. However, synchronicity is of high impor-
tance as it permits to follow dynamical biological processes.

In addition, it allows the acquisition of optical images while a force is applied by the AFM tip in pump and 
probe experiments, for instance, monitoring the response of a living cell to an AFM tip indentation or dur-
ing single-molecule manipulation23,24. %is simultaneous modality is o$en not allowed due to interference and 
cross-talk during simultaneous image acquisition resulting in worse performance and data quality, both effects 
o$en ignored in the existing literature and only very rarely discussed20,25. When coupling fluorescence (in both 
wide-field26 and confocal20 excitation schemes) with AFM, it is, therefore, of critical importance to eliminate any 
cross-talking between the two techniques by understanding, quantifying, and reducing the artifacts occurring 
during synchronous operation. We can divide artifacts into two categories: 

 1. AFM acquisition being affected by the excitation laser used to excite fluorescent probes. %e interaction of 
the laser confocal spot and the AFM tip/cantilever could give rise to optomechanical/photothermal forces 
that can deflect the cantilever in a non-linear way which depends upon the distance from the sample. 
Since in time-resolved fluorescence experiments the excitation laser is continuous or pulsed at operating 
frequencies in the MHz regime, typically much higher than the most of cantilever resonance frequencies, 
the measured force (the deflection) is due to the static component of the excitation.

 2. Fluorescence acquisition being affected by the presence of the AFM tip/cantilever. AFM tip luminescence 
gives rise to a spurious signal in the photons detection that might not be fully eliminated if there is an 
overlap between tip/cantilever fluorescence and the sample emission spectra.

In the case of wide-field epifluorescence, the optomechanical interactions between light and the cantilever 
body can result in large cantilever deflections. Cazaux et al. have used these deflections as a mean to mechanically 
synchronize AFM and optical measurements26. A wide-field excitation scheme such as Total Internal Reflection 
excitation (TIRF) eliminates most artifacts since it limits the interaction of light only to a few hundred nanom-
eters above the glass coverslip, where solely the tip’s end is present, the cantilever being typically few microns 
axially farther. A large number of simultaneous experiments were reported in the last two decades using this 
modality27–31. However, this type of illumination is not suitable for thick samples such as cells, since the tip will be 
positioned at the apical cellular membrane axial position, out of the evanescent excitation field.

Confocal microscopy is perfectly suited for such cellular imaging, but the interaction of the AFM tip and the 
confocal spot can, unfortunately, extend to a greater distance. In this work, we focus on the coupling between a 
confocal spot and an AFM tip/cantilever with the aim to investigate and quantify photothermal induced deflec-
tion resulting from the presence of metal coating at the cantilever backside32, radiation pressure exerted on 
the tip33 due to the scattering of the confocal spot and finally tip/cantilever luminescence16. We show that all 
effects highly depend on the choice of the AFM tip and cantilever. We conclude that tip geometry, material, and 
metallic coating at the cantilever backside, as well as cantilever stiffness, are the key parameters to be taken into 
account. We also present how these common pitfalls can be avoided, or highly minimized, so there is no spurious 
cross-talk in the acquired images. As proof of principle we imaged synchronously the topography, lifetime, and 
fluorescence intensity of gel and fluid phases in Supported Lipid Bilayer (SLB), labeled with a BODIPY fluores-
cent probe. Finally, for the first time, to the best of our knowledge, we implemented a simultaneous AFM Force 
Spectroscopy (AFM-FS) and confocal fluorescence spectroscopy operational scheme. In this way, we probed the 
force and lifetime variation due to Metal Induced Energy Transfer (MIET) between the Nitrogen-Vacancy (NV) 
centers in a nanodiamond attached to the apex of an AFM tip and a substrate of thin gold, therefore, enabling a 
novel pathway of quench sensing and opening up novel non-invasive imaging modes in liquid that can be used to 
image so$ and fragile biological specimens.

Results
%e synchronous imaging acquisition setup based on confocal excitation is described by Fig. 1. %e excitation 
source is a supercontinuum pulsed laser where an excitation band-pass filter enables the convenient switch-
ing between different excitation wavelengths for multi-color fluorescence acquisition. %e light is focused by a 
high Numerical Aperture objective (NA = 1.4). %e emitted fluorescence photons are collected by the objective, 
focused on a pinole, recollimated, filtered by an emission filter and finally focused on an Avalanche Photodiode 
(APD) connected to a Time-Correlated Single Photon Counting (TCSPC) card.

%e AFM is mounted on top of an inverted microscope where the sample and the tip can be displaced inde-
pendently with two XYZ piezo scanners. %e synchronization of the AFM and the TCSPC card is made by routing 
the events (photons) with a Transistor-Transistor Logic (TTL) signal generated by the AFM electronics controller, 
therefore, enabling to assign a xy/z-position for each photon. Topography, intensity, and lifetime signals from the 
setup are used to construct simultaneously an AFM and two optical images, respectively. If operated in force 
spectroscopy mode, (AFM-FS), force, intensity, and lifetime curves versus tip-sample distance are simultaneously 
acquired. %e lifetime was either evaluated for each image pixel by fitting a decay curve with a single exponential 
or, in AFM-FS mode, by amplitude weighting the decay curve (see Materials and Methods section). It is worth to 
notice that is crucial to use a short-pass filter (AFM laser filter) before the APD to filter out the light used in the 
AFM cantilever monitoring setup (AFM laser)34, usually called optical beam deflection.

As previously mentioned, the interaction of the focused excitation light and the AFM tip can give rise to two 
different phenomena: optomechanical forces and/or tip/cantilever luminescence, where the former branches into 
radiation pressure and photothermal effect. Radiation pressure (Fig. 2a) will always be present in all cases since 
the scattering of the incoming light will generate forces due to change in momentum of light. Momentum conser-
vation dictates that the cantilever will be deflected upwardly by this force. Photothermal deflection (Fig. 2b) is 
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present if the cantilever is composed of two different materials (similarly to a bimetallic strip), which is the case 
of metal-coated cantilevers, where a thin layer of metal is deposited onto the cantilever backside to improve 
reflectivity. For visible light, gold will absorb more than either silicon or silicon nitride (higher extinction coeffi-
cient) and, due to its higher thermal expansion coefficient, it will expand more when heated by the laser. %is 
differential expansion will cause a downwards bending of the cantilever. Spurious luminescence (Fig. 2c) can arise 
from two sources: 1. the material of the tip/cantilever itself can present luminescence properties, as in the case of 
amorphous silicon nitride, particularly important at wavelengths higher than 800 nm16. 2. %e coating on the 
cantilever backside can be luminescent as well, as for example gold that emits in the red region of the spectrum35. 
It is worth to notice that backscattered light will occur in all possible configurations since the tip will always scat-
ter the incoming light of the confocal spot in all directions and, therefore, for the same reason radiation pressure 

Figure 1. AFM and inverted confocal microscope setup, where the AFM and the optics are coupled by 
synchronizing the photons acquisition with a TTL signal from the AFM electronics controller. Convergent 
lenses are indicated as L.

Figure 2. Possible AFM tip and confocal spot interactions: radiation pressure (a), photothermal induced 
deflection (b), and cantilever/tip luminescence (c).
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will always be present. However, most of the backscattered light can be easily eliminated by a notch filter when it 
is not already sufficiently reflected by the emission filter.

We characterized and quantified these effects by operating the AFM in the reverse-tip imaging configura-
tion36. %e confocal spot is focused µ4 m from a glass coverslip and held in place throughout the measurement. 
Using the hover mode of the AFM (see Material and Methods), the tip scans the glass coverslip in the trace scan 
and then, in the retrace scan, the tip follows the retrace topography vertically displaced in z  by a given distance 
specified by the user. In this way, it is possible to make a constant height image even if the sample is inclined. In 
this mode, the deflection of the cantilever is monitored in the retrace scan without an active feedback. Deflection 
(force) and intensity (photon counter) images are acquired during scan, as shown in Fig. 3. %e resulting images 
will be of the interaction of the confocal spot with different regions of the tip for different focal planes. In this 
operational scheme, the confocal spot is steady and operates as a “probe” while the AFM tip and cantilever are the 
samples to be measured, hence the name, reverse-tip imaging. We used three AFM cantilevers with different 
specifications: a protruding silicon tip (Fig. 3a), a quartz-like tip with gold coating on the cantilever backside 
(Fig. 3b) and silicon nitride (Si3N 4) with a gold-coated cantilever (Fig. 3c), commercially available as 
ATEC-CONT (Nanosensors), qp-BioAC (Nanosensors), and MLCT-BIO-DC (Bruker), respectively. %e images 
were acquired both with the tip in focus and out-of-focus positions to observe the different interactions of the 
confocal spot ( µ300 W power, 532/10 nm wavelength) with the AFM tip and cantilever body.

Given the large emission spectra of silicon37, silicon nitride16, and the metallic coating on the cantilever back-
side, in our case gold35, the choice of the emission filter is not crucial if compared to fluorescence imaging of 
conventional organic fluorophores characterized by narrow emission spectra. In Fig. 3 we used a 690/50 nm 
emission filter. Panels 1, 3, and 5 show the photon intensity signal whereas panels 2, 4, and 6 display the vertical 
force acting on the AFM cantilever. Figure 3a shows that the ATEC-CONT has a bright central spot in the photon 
intensity channel that is due to tip luminescence and presents a positive force in the range of a few hundred of 
piconewtons. By inserting a notch filter in the emission path, no significant change in the photon intensity chan-
nel is observed, which shows that backscattering contribution is minimal and it is completely filtered out by the 
band-pass emission filters. Such a positive force is a direct consequence of the radiation pressure acting on the 

Figure 3. Simultaneous photon counts (panels 1, 3, and 5) and force (panels 2, 4, and 6) scans for three different 
AFM cantilevers: (a) ATEC-CONT, (b) qp-BioAC, and (c) MLCT-BIO-DC. %e images were acquired using a 
reverse-tip image operational scheme where the confocal spot is a probe and the AFM tip and cantilever are 
samples to be measured. Data were collected with a 532/10 nm excitation filter, a 690/50 nm emission filter, and 
a laser power of µ300 W. Subfigures 1–2, 3–4, and 5–6 were acquired at different distances from the confocal 
spot focal plane. %e scale bar is µ5 m for all images. In the schematic of the cantilevers, the nominal cantilever 
length and the red and blue arrows indicate positive and negative force directions, respectively, corresponding 
to the color scale in panels 2, 5, and 6. Intensity (photon counter) images (panels 1, 3, and 5) are given in counts 
per second (cps) and were recorded directly from the APD. %e cantilever used for the qp-BioAC is the CB2 
while the one for MLCT-BIO-DC is the cantilever C. %e Point Spread Function (PSF) of the confocal spot is 
≈400 nm.
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cantilever due to the backscattered light. With the qp-BioAC (Fig. 3b) the situation is consistently different: the 
force is negative and it has a maximum modulus of ≈7nN. %e confocal spot interacts strongly with the gold 
reflective coating on the cantilever backside, as shown in the photon intensity images, Fig. 3b panels 1, 3, and 5. 
As a consequence, the interaction induces a differential heating that bends the cantilever downwards due to pho-
tothermal effects. %e intensity signal presents no direct correlation with the force observed and is highly depend-
ent on the cantilever bending angle. In contrast with the previous case, the tip position is characterized by a 
darker spot in the photon intensity image (Fig. 3b panel 5) that is due to the fact that both excitation light and gold 
emission have to pass through the tip, therefore through a higher quantity of material. As a consequence, we col-
lect less fluorescence emitted by the reflective gold coating material when the tip and confocal spot are aligned. 
%e MLCT-BIO-DC (Fig. 3c) shows a mix of radiation pressure and a mild photothermal deflection contributions 
in the force signal. In this case, it is also possible to observe the interaction with the tip’s gold-coating but the 
thermal effects are not as drastic as before, leading to a positive total force acting on the cantilever when the tip 
and confocal spot are aligned (see Materials and Methods). %e small deflection of the MLCT-BIO-DC, despite 
the presence of a gold coating at the cantilever’s end, could be attributed to its manufacturing process, optimized 
to minimize probe bending due to elevated temperatures.

Given the data presented in Fig. 3, the arising question is what cantilever is worth using to reduce cross-talk 
between AFM and time-resolved fluorescence acquisitions in correlative experiments. Figure 4a presents 
time-resolved fluorescence decay curves acquired for the three AFM cantilevers of Fig. 3 with a high laser power 
of µ300 W to maximize signal to noise ratio for the less luminescent ones. MLCT-BIO-DC (yellow curve) has the 
highest intensity signal by two orders of magnitude and presents a long lifetime in comparison with the qp-BioAC 
(red curve) and the ATEC-CONT (green curve).

While ATEC-CONT and qp-BioAC will affect the measured lifetime of fluorescent probes characterized by a 
short (≈1 ns) lifetime, the MLCT-BIO-DC will affect a larger variety of fluorophores presenting even longer life-
times. In addition, we monitored the variation of the spurious force as a function of the incident laser power 
(Fig. 4b). %e force scales linearly with the power and the different cantilevers branch in the two categories depend-
ing on the nature of the optomechanical interaction: radiation pressure and photothermal induced deflection.

Figure 4. (a) Luminescence decay curves for different AFM cantilevers and (b) variation of the measured force 
as a function of the laser power. %e cantilevers are qp-BioAC (red), MLCT-BIO-DC (yellow), and ATEC-
CONT (green). %e inset in (b) shows a zoom of the region of low power, highlighted by the ellipse. Positive 
force is characterized as radiation pressure while negative force is photothermal induced deflection. %e slopes 
of the lines in (a) are: ATEC-CONT ( . ± .2 47 0 13 pN/µW), MLCT-BIO-DC ( . ± .0 59 0 02 pN/µW), and qp-
BioAC (− . ± .2 24 0 03 pN/µW). All curves were acquired with a 532/10 nm excitation filter, with a 690/50 nm 
emission filter, and µ300 W power in (a). %e positive force region is colored in green to indicate the radiation 
pressure regime whereas the negative force region is colored in purple to indicate the photothermal regime.
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It is worth to notice that the photothermal deflection computed in this case, for a laser power of µ300 W, is inferior 
in modulus to the 7 nN shown in Fig. 3b because in the latter case the maximum force is measured with the confocal 
spot focused on gold-coated cantilever backside and not on the AFM tip as in Fig. 4b, as previously mentioned. Table 1 
reports the slopes from Fig. 4b, force versus laser power, which indicates the significance of the force for a given probe.

Concluding, low laser power should be used, and the relative position between the tip and the confocal spot 
should be held constant, leading to a change of the cantilever equilibrium position while avoiding a change of 
relative deflections. In addition, our data suggest that the qp-BioAC cantilevers should be employed to accurately 
evaluate the lifetime of the fluorescent probes within the sample (Fig. 4a). Instead, MLCT-BIO-DC cantilevers, 
presenting lower spurious force, are more suited for experiments where low AFM interaction forces have to be 
measured and in presence of a large number of fluorophores in the excitation volume, ensuring high signal to 
noise ratio to properly evaluate their lifetime.

%e advantage of the correlative AFM-FLIM imaging mode relies on the complementarity of the two tech-
niques. To prove that, we imaged fluid and gel phases enriched domains in biological model membranes, corre-
lating their morphology (AFM) with their local viscosity (FLIM). We used a lipid mixture of 
1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC), 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) in 
1:1 molar ratio supplemented with .0 1% in volume of 2-(4,4-difluoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacen
e-3-dodecanoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine (BODIPY). For the simultaneous acquisition of 
AFM, confocal microscopy, and FLIM (shown in Fig. 5), we used the qp-BioAC cantilever and a laser power of 
120 nW, ensuring, as previously explained, the highest accuracy for BODIPY lifetime evaluation while minimiz-
ing the spurious force during AFM acquisition.

Both topography (Fig. 5a) and fluorescence intensity (Fig. 5b) show that the DPPC enriched regions (higher 
thickness) have lower BODIPY concentration. Wu et al. showed in Giant Unilamellar Vesicles (GUVs) that high 
viscosity lipids present higher lifetime, hence lifetime can be used to probe directly the lipids viscosity38. Figure 5c 
shows that DPPC enriched domains have higher lifetime when compared with DOPC domains, this is expected 
since DPPC is a gel-phase lipid, hence more viscous than DOPC, a fluid-phase lipid. %e higher lifetime, above 3 
ns, when compared to Wu et al. ≈ .1 8 ns38, can be attributed to the fact that supported bilayers are formed on top 
of a substrate (glass), inducing different physical behaviors in terms of lipid diffusion and potentially local viscos-
ity when compared to free-standing bilayers in the GUVs case. Indeed, even if the presence of a layer of buffer 
(2-3 nm thickness) between the lipid polar heads and the substrate generally prevents an important hindrance in 
lipid diffusion39, it is known that the latter can be reduced as compared to giant unilamellar vesicles40. %e tip 
luminescence, dominated by low lifetime (<1 ns) is not present in the simultaneous AFM-FLIM imaging (see 
Sections 3 and 5 of the Supplementary Information).

Minimizing tip/cantilever luminescence and optomechanical forces is relevant also in synchronous AFM-FS 
and fluorescence spectroscopy experiments. In this novel operational scheme, the AFM tip has fluorescent prop-
erties that can be correlated with the force measured by AFM while being approached or retracted from the 
sample. %e force readout can be used to define the mechanical contact position between the sample and the fluo-
rescent probe and, subsequently, the latter can be accurately placed with nanometric precision at a given distance 
from the sample and its lifetime can be probed.

To demonstrate that, we show the decrease of lifetime of NV centers in a diamond nanoparticle due to MIET41 
while the nanodiamond is approached to a gold substrate. Figure 6 shows an example of nanopositioning and 
nanomanipulation of a nanodiamond attached to the apex of an AFM tip. Figure 6a,b show a plot of the decays for 
every pixel (z-position, axis), where the color scale represents the number of photons collected, acquired simul-
taneously with a force curve Fig. 6e,f. %e experiments were performed in Dulbecco’s Phosphate-Buffered Saline 
(DPBS) solution. Firstly, we approached an ATEC-CONT tip holding a nanodiamond at its apex to a gold sub-
strate, pressed with a high force (10 nN) and held in place for 2 seconds (Fig. 6a,c,e). %is allowed the nanodia-
mond to dislodge from the tip and to stay permanently on the gold. %e tip was then retracted without the 
nanodiamond. %is can be clearly seen from Fig. 6c, where the lifetime decreases approaching the gold and never 
recovers back during tip retraction from gold. %e lifetime of the nanodiamond changes from . ± .12 60 0 28 ns to 
. ± .11 69 0 30 ns, which corresponds to a quenching efficiency of ≈ .7 2 %. In a second experiment, showed in 

Fig. 6b,d,f, we used a custom qp-BioAC tip (CB1) with a plateau at its end holding a stable nanodiamond at the 
tip’s apex (see Materials and Methods section). In this configuration, the fluorescent nanodiamond is approached, 
pressed with lower force (5 nN), and retracted from the gold substrate without being dislodged from the AFM tip. 
%e lower force is a requirement to avoid the loss of the nanodiamond upon contact. %e lifetime and force curves 
are symmetric, Fig. 6d,f, showing that the interaction is reversible. %e lifetime of the nanodiamond changes from 
. ± .13 86 0 27 ns to . ± .13 13 0 23 ns upon contact with the gold, which corresponds to a quenching efficiency of 
≈ .5 5 %. %e quenching in lifetime when approaching gold, or any metal, is expected due to MIET41. %e radiation 
rate will change due to the coupling of the nanodiamond electromagnetic near-field with the plasmons of the 
gold. In the vertical position (x-axis) of Fig. 6e,f the approach and retract curves have been “unfolded”, where 

Cantilever Brand Optomechanical constant [pN/µW]

ATEC-CONT Nanosensors . ± .2 47 0 13 pN/µW

qp-BioAC Nanosensors − . ± .2 24 0 03 pN/µW

MLCT-BIO-DC Bruker . ± .0 59 0 02 pN/µW

Table 1. Slopes of the fits in Fig. 4.
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Figure 5. AFM morphology (a), fluorescence intensity (b), and lifetime (c) of DOPC:DPPC (1:1 molar ratio) 
labeled with 0.1% BODIPY model membranes. %e three images were synchronously acquired. %e scale bar is 
µ5 m, the power used was 120 nW with a 488/10 nm excitation filter and a 525/39 nm emission filter. %e tip 

used was a qp-BioAC. %e dashed white line serves as visual aid for the separation of the two domains.

Figure 6. Simultaneous force curve and nanodiamond lifetime measurements approaching and retracting a gold 
substrate. Photons are synchronized with TTL from the AFM that enables the acquisition of decay curves for every 
z-position of the tip. (a,b) Show the tip z-position versus time (decay curves), where the color scale represents the 
number of photons collected. (c,d) Show the lifetime of the nanodiamond in function of the tip position. (e,f) 
Show the standard force curves unfolded so approach and retract curves are separated in the negative and positive 
axis, respectively. %e blue curves in (c–f) consists of the approach whereas orange region the retract. %e green 
curves in (c,e) constitute a region where the tip was paused for 2 seconds. %e light gray region displays the non-
contact (zero force) interactions whereas the darker gray consists of the contact regime. A 532/10 nm excitation 
filter was used with a 709/167 nm emission filter with power of µ90 W. %e dark gray curves in (c,d) show the data 
with spatial (9 neighbors) and temporal (4 neighbors) binning (filter). %e same binning is also applied to (a,b) to 
aid visualization. An ATEC-CONT was used in (a,c,f) whereas in (b,d,f) a modified qp-BioAC red(CB1) with a 
plateau was used. Tip schematics in (e,f) show an AFM tip with a nanodiamond (in red) and the gold substrate 
(yellow). In the retract curve of (e) the nanodiamond is le$ on the surface whereas in (f) it is kept at the tip’s end.
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approach/retract have negative/positive position values. A folded version of the force curves is presented in 
Section 2 of the Supplementary Information together with the lifetime curve for another nanodiamond.

Discussion
%e mutual interaction of the confocal spot and the AFM tip/cantilever can give rise to a cross-talk in the AFM 
and/or fluorescence images. Two main forces have been explored: radiation pressure and photothermal-induced 
deflections. Miranda et al. have calculated the deformation due to laser heating on gold-coated cantilevers and 
found displacements of 9 nm and forces around 3 nN with ≈2 times less power than used in Fig. 3 25. Radiation 
pressure forces can be estimated to be in the range of few tens/hundreds of piconewtons, in agreement with our 
results (see Section 1 of the Supplementary Information). While in standard confocal imaging a laser power infe-
rior to µ100 W is usually employed, in correlative STED-AFM11 a much higher power in the mW range is 
required, suggesting that simultaneous STED and AFM will produce optomechanical forces from several hun-
dreds of pN to the nN range (Fig. 4b), causing large tip deflections when using so$ AFM cantilevers (< .0 1 N/m 
stiffnesses). %e inset of Fig. 4b, however, suggests that even at reasonably low laser power (10- µ50 W) optome-
chanical forces are present and can be quantified in few tens of pN. %e same applies to the overall attractive force 
in the case of qp-BioAC. %ose forces are not negligible and should be taken into account when measuring by 
AFM particularly so$ interfaces such as living cells plasma membrane42 or when unfolding single molecules43.

Moreover, the optomechanical interaction will not be constant if the alignment between the excitation laser 
and the AFM tip is not kept fixed during data acquisition, for instance, if the confocal spot is scanned and the tip 
is fixed as in the case of AFM coupled with a confocal microscope with a spinning disk operational scheme24 or 
with some STED microscopes. While MLCT-BIO-DC minimizes optomechanical forces, quartz-like cantilevers 
such as qp-BioAC perform better for time-resolved fluorescence measurements due to lower tip luminescence. 
We have shown that using a low excitation power of 120 nW (more generally inferior to µ10 W) it is possible to 
image synchronously model membrane morphology, fluorescence intensity and lifetime minimizing optome-
chanical spurious forces (<10 pN) and tip and gold-coating on cantilever backside luminescence, therefore min-
imizing any tip-related artifact.

Concerning the nanopositioning experiment presented in Fig. 6, the lifetime decrease occurs in absence of 
mechanical contact between the fluorescent probe and the gold substrate, at short distances where the AFM is not 
sensitive enough to detect any interaction force. In perspective, this enables the possibility to obtain topographical 
images in liquid acquired in absence of AFM tip-sample mechanical contact. It represents an important advance 
when it is to image so$, fluorescently-labeled, samples that are largely deformed by conventional AFM due to 
their extreme so$ness as it occurs in the case of living cell membranes.

In our case, only a small drop (7% and 5%) in nanodiamond lifetime is observed in Fig. 6c,d, respectively. 
Although the change is small, uncertainty in lifetime characterization is in order of hundreds of picoseconds, there-
fore, the change observed is still significant. Tisler et al. have observed a 35% MIET efficiency when approaching a 
single NV center 25 nm nanodiamond attached to an AFM tip on top of graphene, a material that behaves like a 
metal18. In our case, the small MIET efficiency observed in Fig. 6 could be attributed to either the larger nanodia-
mond size (≈40 nm) or the more abundant number of NV centers (≈15) that are randomly oriented in the nanodi-
amond core. In the case of the experiment shown by Tisler et al.18 a complete lifetime spectroscopical change in 
respect to the nanodiamond-sample distance is not reported. Indeed, in their case, the lifetime variation was meas-
ured only when the nanodiamond was in mechanical contact with graphene or the underlining substrate.

%e lifetime/force curve, where the fluorescence decay is recorded for each z-position of the tip/emitter, enable 
us to gain insight in the near-field non-contact interactions, as it has been shown by Buchler et al. in the case of a 
gold nanoparticle approached to a glass coverslip44, validating the theory predicted by Drexhage41 in 1970. Only 
when both lifetime and force signals are acquired, the precise mechanical contact point can be identified from the 
AFM interaction force and, consequently, an accurate fluorescent tip-sample distance can be measured. Indeed, 
the full control of the emitters nano-positioning is the key for future non-invasive (sub-piconewton forces) imag-
ing modes, where the topography is mapped by relying on the quantum exchange of energy between donors (tip) 
and acceptors (sample) rather than the mechanical contact usual in AFM in liquid.

In summary, our results impose important experimental constraints for synchronous operation and 
interference-free correlative AFM and confocal time-resolved fluorescence. In this work, we have quantified in 
pN/µW the radiation pressure and photothermal detection forces acting on AFM cantilevers composed of differ-
ent materials and in the case of different tip geometries. While quartz-like AFM probes, minimizing tip lumines-
cence, are more suited when fluorescence lifetime has to be measured, the overall optomechanical forces are 
minimized if radiation pressure and photothermal effect contributions are comparable, canceling each other. 
However, our findings allow for the synchronous collection of AFM and FLIM images as well as for the simulta-
neous correlation of Force Spectroscopy (AFM-FS) with fluorescence lifetime. We have shown the correlation of 
the topography (AFM) with the local viscosity (FLIM) in the presence of gel and fluid phase separated domains 
in model biological membranes labeled with a BODIPY fluorophore. Finally, we have shown that the simultane-
ous correlation of force and fluorescence lifetime reveals a unique potential that we have used to reversibly tune 
the spectroscopic properties of a fluorescent nanodiamond attached to an AFM tip once it is placed in close 
vicinity with a gold substrate.

Materials and Methods
Atomic Force and Confocal Microscopies. Images were acquired using a Nanowizard 4 (JPK 
Instruments, Bruker) equipped with a Tip Assisted Optics (TAO) module and a Vortis-SPM control unit. %e 
AFM cantilever detection system employs an infrared low-coherence light source, with emission centered at 980 
nm and further long-pass filtered at 850 nm with a Schott RG850 filter. %e AFM head was mounted on a Zeiss 
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inverted optical microscope. A custom-made confocal microscope was coupled to the AFM using a Rock-PP 
supercontinuum laser (Leukos) as an excitation source operating at 20 MHz (50 ns pulses of width <100 ps). We 
used an oil immersion objective with a .1 4 numerical aperture (Plan-Apochromat 100x, FWD= .0 17 mm, Zeiss) 
and a pinhole of µ100 m diameter size (P100D, %orlabs). We used an avalanche photodetector (SPCM-AQR-15, 
PerkinElmer) connected to an SPC-150 (Becker & Hickl) TCSPC card to collect fluorescence signals. %e light 
source of the AFM detection system was filtered out in the fluorescence emission path using an ET800sp short 
pass filter (Chroma). %e excitation laser power was measured a$er the objective at the sample level with a S170C 
microscope slide power sensor and a PM100 energy meter interface (both purchased from %orlabs). %e emis-
sion and excitation filters utilized are shown in Table 2.

During simultaneous AFM/FLIM images the AFM tip and confocal spot positions were fixed by co-aligning 
them. Full alignment is obtained in two steps: 1. %e tip is at first roughly aligned using white field illumination 
and then the alignment is fine-tuned using the increase of tip luminescence. It is worth to notice that when tip 
and confocal spot are aligned, some AFM tips, such as qp-BioAC (Nanosensors), show colocalized tip lumines-
cence and optical forces maxima, whereas so-called “protruding AFM tips” do not show maxima colocalization. 
2. %e sample is imaged and any mismatch between topography and FLIM image is adjusted by correcting the 
tip position.

Keeping the confocal spot and AFM tip aligned during data acquisition has the advantage to maintain con-
stant all spurious effects resulting from synchronous operation. In addition to the tip/cantilever luminescence 
background and the optomechanical deflection, we mention the mirror-like effect that is due to the reflection of 
the incoming excitation light by the metallic coating at the cantilever backside: this results in a higher excitation 
intensity that is constant all over the image acquisition if confocal spot and tip are aligned, whereas it is not in case 
of wide-field epifluorescence or confocal spinning disk operational schemes.

Force/Lifetime curves. Acquisition of approach-retract curves with simultaneous collection of force, pho-
ton intensity (photon counter) and fluorescent nanodiamond lifetime was performed using 532/10 nm as excita-
tion filter and 709/167 nm as emission filter with a laser excitation power of µ90 W. %e number of photons 
emitted by the nanodiamond (>6 ns) and collected by the objective is in the order of tens of counts per second 
(cps), whereas normal acquisition speeds in modern AFM can reach hundreds of kHz45. Since hundreds or thou-
sands of photons are needed to properly evaluate the lifetime, our acquisition bandwidth must be reduced to few 
tens/hundreds of Hz. Faster acquisition rates would result in the collection of too few photons (or even none) and 
the lifetime evaluation would be impossible. For this reason we have fixed our acquisition bandwidth to 20 Hz and 
performed forced curves in a quasi-static mode at a speed of 5 nm/s.

Lifetime was evaluated by amplitude weighting the decay curve for times greater than 6 ns. All measurements 
were performed at room temperature and under liquid conditions in Dulbecco’s Phosphate Buffer Solution 
(DPBS), purchased from GIBCO, without MgCl2 and CaCl2 (GIBCO ref. 14190-094). %e tip was held constant 
and the sample was approached to the tip using the axial sample piezo of the TAO module. %e tip-confocal align-
ment was performed similarly to the method described above with a key change: we focused the confocal spot 
when the tip is in mechanical contact with the sample surface, hence the maximum signal from the nanodia-
mond/gold happens at the contact point (Fig. 6).

AFM tips. qp-BioAC (tip height µ≈7 m) and ATEC-CONT (tip height µ≈17 m) were purchased from 
Nanosensors and MLCT-BIO-DC (tip height µ≈ .3 5 m) was purchased from Bruker. MLCT-Bio-DC-C probes 
have a resonance frequency of ≈1 kHz, ATEC-CONT of ≈6 kHz and qp-BioAC of ≈25 kHz and ≈45 kHz (CB2 
and CB1, respectively), all resonances measured in liquid environment. Custom tips, presenting a plateau at the 
tip apex, were purchased from Nanoworld: they were fabricated modifying a qp-BioAC cantilever (see Section 4 
of Supplementary Information). An electron beam deposited carbon tip was grown on top of a thin layer of gold. 
Subsequently, a flat circular plateau of ≈50 nm diameter was obtained at the tip apex by means of Field Ion Beam 
(FIB) to aid fluorescent nanodiamond fixation and stability.

For optomechanical force characterization, a dozen tips were used to fully characterize and understand the 
forces employed. All probes of the same brand behaved similarly, with the same range of forces and same force/
intensity distribution over the cantilever. For the approach-retract experiment with the nanodiamonds, we have 
collected data from tens of different probes whereas each probe had a different nanodiamond that was carefully 
gra$ed. In Fig. 6 two of such different tips were used.

Tip calibration. In all AFM experiments, the inverse optical lever sensitivity and lever stiffness of qp-BioAC 
and ATEC-CONT cantilevers were calibrated using a combination of a Sader46 and thermal47 methods (called 

Model Wavelength [nm] Brand

Exc.
ZET488/10x 448/10 Chroma

ZET532/10x 532/10 Chroma

Emiss.

FF01-525/39 525/39 Semrock

AT690/50m 690/50 Chroma

FF01-709/167-25 709/167 Semrock

Table 2. Emission/Excitation filters.
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“contact-free” method in the JPK AFM instruments). %e fundamental peak was used with a correction of .0 817 
at ambient temperature and in liquid environment.

MLCT-BIO-DC triangular cantilever optical lever sensitivity was evaluated with the acquisition of an 
approach-retract curve (deflection versus z scanner displacement curve) on a glass rigid surface and cantilevers 
stiffness were quantified consequently with a thermal method.

Reverse-tip imaging. Simultaneous intensity (photon counter) and force images presented in Fig. 3 were 
obtained by fixing the laser focus to µ4 m from a glass coverslip and held in place throughout the measurement. 
We employed the hover mode (JPK instruments) where in the trace (forward) line the tip is in contact with the 
sample, whereas in the retrace (backward) line the tip is still following the topography (recorded from the trace) 
at a fixed distance from the sample defined by the AFM user. In this way, in the retrace image, the deflection can 
be monitored and can be converted to the force acting on the cantilever at a specific distance. By varying the latter, 
it is possible to probe the optomechanical interactions acting at different planes of the laser path.

Images were acquired using a 532/10 nm excitation filter, a measured power of µ300 W and an emission filter 
of 690/50 nm using 64 lines ×64 pixels, a line rate of 6 Hz and scan size of µ10 m × µ10 m for ATEC-CONT 
probes, µ15 m × µ15 m for the MLCT-BIO-DC, and µ30 m × µ30 m for the qp-BioAC. %e photon counter signal 
from the APD was directly connected throught the input of the AFM electronics, not utilizing the TCSPC card, 
therefore, resulting in force and intensities images directly in the AFM so$ware without need for any additional 
signal post-processing. %e intensity images units are given in counts per second (cps), which correspond to the 
photon collection rate by the AFM eletronics.

Model membranes. 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) and 1,2-dioleoyl-sn-glycero-3-p
hosphocholine (DOPC) were purchased from Avanti Polar Lipids Inc. 2-(4,4-difluoro-5,7-dimethyl-4-bora
-3a,4a-diaza-s-indacene-3-dodecanoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine (BODIPY) was pur-
chased from %ermofisher. Chloroform and methanol were purchased from Sigma-Aldrich. Membrane experi-
ments were performed in DPBS buffer solution filtered before use with an inorganic membrane filter ( . µ0 22 m 
pore size, Whatman International Ltd). DPPC and DOPC dissolved in chloroform:methanol (v:v 1:1) were supple-
mented with 0.1% BODIPY. %e solvent was then evaporated to dryness under nitrogen flow to obtain a thin film 
spread in a glass tube. %e dried lipids films were hydrated with DPBS buffer solution, previously heated at o60 C, 
until a final total concentration of .0 2 mM. %e tube was later subjected to cycles of vortex mixing and heating at 
o60 C. %e vesicle suspension was extruded with a polycarbonate membrane filter (100 nm pore size, Whatman, 

purchased from Avanti Lipids). Circular glass coverslips ( .2 8 cm diameter, µ165 m thick, purchased from 
Marienfeld) were cleaned by a cycle of sonication in KOH for 15 min, followed by a second cycle of sonication in 
deionized water for 15 min. %en, the glass coverslips were exposed to plasma (Expanded Plasma Cleaner PDC-
002, Harrick Scientific Corporation) at high RF power level for 15 min. Supported lipid bilayers (SLBs) were 
obtained by vesicles fusion method48–50. µ300 L of vesicles suspensions were deposited onto cleaned glass covers-
lips, previously mechanically fixed in an Attofluor chamber (%ermofisher), and incubated for 30 min at o70 C. 
A$erwards, the samples were rinsed several times with buffer solution to remove unfused vesicles, always keeping 
the substrates hydrated and imaged by correlative confocal-AFM a$er 24 hours.

FLIM of model membranes. Images were obtained using a 488/10 nm excitation filter and a 535/39 nm 
emission filter with a laser excitation power of 120 nW. AFM images of the membrane were acquired in contact 
mode using a rectangular qp-BioAC cantilever with a stiffness of .0 3 N/m at constant force of .1 5 nN at a line 
imaging rate of .0 25 Hz with 128 lines ×  128 pixels and with a scan size of µ15 m × µ15 m. Images were collected 
with a sample scan with the AFM tip and excitation beam kept aligned and steady. Lifetime was fitted with 
SPCimage (Becker & Hickl) using a single exponential and spatial binning of 1. AFM and FLIM images were 
synchronized by tagging each photon read by the TCSPC card with a TLL signal (pixel/line/frame) from the AFM 
instrument.

Nanodiamonds and gold substrate. Circular glass coverslips (Marienfeld) were subjected to sonication 
cycles in acetone (5 minutes) and ethanol (5 minutes), and subsequently dried under nitrogen flow. 5 nm or 10 nm 
of gold were evaporated on top of coverslips by thermal evaporation method at a rate of 1 Å/s (AS053 Oerlikon 
thermal evaporating source). Fluorescent Nanodiamonds (FNDs) were purchased from FND Biotech (Taiwan). 
A solution of 40 nm diameter nanodiamonds, each containing in average 15 NV centers, at a concentration of 0.1 
mg/mL was sonicated for 15 min and subsequently diluted to . µ0 1 g/mL. µ5 L were deposited on both gold-coated 
and glass coverslips and le$ to dry. Finally, nanodiamonds were imaged by correlative confocal and AFM in DPBS 
solution.

Nanodiamond grafting. At the AFM tip apex was performed on both ATEC-CONT and qp-BioAC tips. 
Fluorescence images were acquired without AFM tip to pre-localize nanodiamond candidates on a glass coverslip 
for the gra$ing process. Subsequently, an AFM image with low force setpoint (≪1 nN) was acquired in the same 
area in AFM dynamic mode. %e PLL-coated tip was then pressed on the selected nanodiamond for 10–20 sec-
onds with a 1 nN setpoint36. %e use of PLL permanently sets the nanodiamond to be at the tip apex if low forces 
are used to avoid dislodging events. %e modified qp-BioAC, with a circular plateau at the tip apex, ensures higher 
nanodiamond stability. %e absence of the plateau in the ATEC-CONT makes the nanodiamond more prone to 
dislodgement if higher forces are used.
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A simple approach for controlled deposition of Prussian Blue 

Analogues nanoparticles on a functionalised plasmonic gold 

surface†

Giang Ngo,a Gautier Félix,*a Jérôme Long,a Luca Costa,b Oscar Saavedra V.,b Pierre-Emmanuel 
Milhiet,b Jean-Marie Devoisselle,a Yannick Guari,a Joulia Larionova,a Joël Chopineau*a,c

We report here a simple and efficient approach for the controlled 

deposition of Prussian blue analogue nanoparticles’ monolayer on 

a gold surface functionalised with amino groups and their 

characterisation by Surface Plasmon Resonance spectroscopy and 

Atomic Force Microscopy combined with a theoretical modeling.

Prussian blue analogues (PBA) are coordination cyano-bridged 

networks having the general formula A1-xM[M’(CN)6]1-x/3 z (A 

is a monovalent cation, M and M’ are transition metal ions,  

is the cyanometallate vacancies), in which M and M’ are 

connected through cyano-bridges leading to a three-

dimensional face-centred cubic open-framework. The large 

workable combinations of transition metal ions lead to a wide 

family of PBA with different interesting physico-chemical 

properties, including magnetic behaviour,1-3 electronic phase-

change phenomena,4-6 photo-switching phenomenon,7-10 gas 

and ions’ absorption/hydrogen storage,11 and negative 

thermal expansion.12, 13 Compare to their bulk counterparts, 

PBA nanoparticles (NPs) exhibit unique size and shape 

dependent features,14 such as for instance optical,15 

magnetic,16, 17 and elastic18, 19 properties, which may find 

potential applications in many fields20 including electrode 

devices,21 electronics, optics, biology22 and medicine.23, 24 

Considering that several of these applications require the NPs 

on a planar surface, the controlled deposition or patterning of 

PBA NPs on a surface is an important challenge.25 In this line of 

thought, three different approaches may be cited.26 The first 

one consists in the electrochemical deposition of Prussian blue 

and PBA thin films on platinum,27 glassy carbon and indium-

doped tin oxide,28 or gold single crystals.29 Other strategy 

involving a sequential layer-by-layer deposition on 

polyethylene terephthalate polymer solid surface (Melinex), 

conducting to a series of magnetic and photo-magnetic PBA 

thin films have been developed by D. Talham’s group.30-32 This 

consecutive approach has been extended to design of mono 

and multi-layered paramagnetic and ferromagnetic PBA films 

directly grown on a functionalized Si(100) surface33 or on a 

quartz or indium tin oxide surface.34 Secondly, nanostructured 

PBA on a gold surface has been obtained by A. Bleuzen and 

coll. by sequential nanopatterning.35 The third approach 

includs the homogeneous deposition of already formed PB 

nanoparticles on a positively charged indium tin oxide 

conductive glass and gold surfaces,36 functionalized with amine 

Au electrodes37 or SiO2
38 surfaces.

Gold surface presents several advantages for the deposition of 

metal-organic framework39 and particularly of the PBA NP 

layers and their investigation: (i) it may be easily functionalised 

by a self-assembled monolayer (SAM) with a variety of ligands 

able to anchor NPs,40-43 (ii) these SAM can control the 

deposition and dispersion of nano-objects.44, 45 In this work, we 

propose a simple method to implement and optimise the 

controlled deposition of a monolayer of well-dispersed 

K+/Ni2+/[Fe(CN)6]3- PBA NPs on a large (1 cm2) gold surface 

functionalised with a SAM of aminoethanethiol. A particular 

emphasis is given on the detailed characterisation of the 

obtained PBA@Au materials by using SPR measurements and 

AFM imaging both assisted by theoretical modelling. This 

combined approach conducts also to original method for the 

measurement of PBA nanoparticles’ refractive index. 
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Fig. 1 (a) Scheme of NPs deposit on the amino-gold surface in SPR cell; (b) Normalized 

intensity of the total internal reflection of PBA NPs on the gold aminated surface for 

the different NPs concentrations in suspension with a p-polarisation of light (Rp) as a 

function of the internal reflection angle (SPR recordings). Lines are guide for the eyes.

K+/Ni2+/[Fe(CN)6]3- PBA NPs were synthesised by the controlled 

addition of the respective molecular precursors, NiCl2·6H2O 

and K3[Fe(CN)6], using the synthetic strategy we previously 

reported for other PBA to give K0.04Ni[Fe(CN)6]0.62.18, 23 The IR 

spectrum (Fig. S1a, Electronic Supporting Information (ESI)) 

shows the typical stretching vibrations at 2166 and 2100 cm-1 

corresponding to the FeIII-CN-NiII and FeII-CN-NiII linkages of the 

PBA cyano-bridged network, respectively.46 The transmission 

electronic microscopy (TEM) images show the presence of PBA 

NPs with a well-defined cubic shape with a mean length edge 

equal to 35 ± 3 nm (Fig. S1b, c, ESI). A negative zeta potential 

of -23 mV measured for the particles indicates the presence of 

the [Fe(CN)6]3- moiety on the NPs’ surface, which contributes 

to their stabilization and good dispersion in water.47 As a 

simple way to anchor the NPs on a gold surface a thin layer of 

aminoethanethiol of about 5 Å (see ESI) has been used.40, 48 In 

our experimental conditions, pH > 7; the surface amine 

functions are therefore able to coordinate the Ni2+ ions located 

at the surface of the PBA nanoparticles but the presence of the 

electrostatic interactions between the nanoparticles and the 

surface cannot be excluded. 

Fig. 2 AFM images with scale bar 20 x 20 m of the PBA NPs deposit on the amino-gold  

surface with different initial concentrations: (a) 0.04 mg.mL-1; (b) 0.08 mg.mL-1; (c) 0.16 

mg.mL-1; (d) 0.31 mg.mL-1; (e) 0.62 mg.mL-1; (f) 1.50 mg.mL-1; (g) 2.50 mg.mL-1.
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Fig. 3 Surface coverage (blue squares) and plasmon resonance angles (black circles) as a 

function of the NPs’ concentration. Lines are guide for eyes.

The deposition of NPs suspended in water at different 

concentrations (0.04, 0.08, 0.16, 0.31, 0.62, 1.50 and 2.50 

mg.mL-1) on the amino-gold surface was conducted and 

monitored using a home-made SPR setup.49 To this purpose, 

the slides were deposited on an optical BK-7 right angle prism 

to obtain the Kretschmann configuration (total internal 

reflection of light in p-polarisation). To get an optical 

continuity, a refractive index matching oil was used between 

the gold slide and the optical prism. Then, a SPR chamber (1 

mL) was mounted on the amino-gold surface (Fig. 1a). The 

determination of the resonance angle (minimum of SPR curve) 

of the amino-gold surface was performed in air using the total 

internal reflectivity configuration with incident angles ranging 

between 38.00° and 50.00°. The intensity of reflected light 

decreases sharply to almost zero for a reflectance angle of 

43.10°, this value was set as the reference resonance angle. 

Then, for NPs deposition, the SPR chamber was filled with 1 

mL of the NPs’ suspension. After 7 hours, the cell was 

thoroughly rinsed with 25 mL of ultrapure water, to be sure 

that all unbound NPs were removed. Nitrogen gas was flowed 

gently inside the chamber for 3 minutes to dry the surface. SPR 

measurements of the NPs deposited on the amino-gold 

surfaces were performed in air. Fig. 1b shows the SPR spectra 

for samples containing different amount of NPs. When the 

concentration of NPs in the initial suspension increases, a shift 

of the resonance angle from 43.22° to 45.17° was observed. 

The right-shift of the resonance angle is usually linked with 

two major phenomena, a change in the refractive index of the 

NPs and the amount of NPs deposed on the amino-gold 

surface. As the NPs refractive index is assumed to be the same 

for all samples, the difference in the observed resonance 

angles is a consequence of an augmentation of the amount of 

NPs deposited on the amino-gold surface. However, the SPR 

measurements provide an overall optical thickness of the thin 

deposit on the amino surface, but no information is given 

concerning the organization of NPs on the surface. The IR 

spectra of the PBA NPs deposited on the Au surface present 

also two peaks (2166 and 2100 cm-1), confirming that PBA 

structure has been preserved after deposition (see Fig. S2a, 

ESI).

Atomic Force Microscopy (AFM) was therefore used to image 

the NPs-amino-gold surface at the nanometre scale. Fig. 2 

displays AFM images, performed in Amplitude Modulation 

AFM mode (AM-AFM) in ambient conditions,50, 51 for the 7 

samples with different amount of NPs. Several AFM images 

were taken at different areas for 5 x 5 m2 and 20 x 20 m2.   

They show a homogeneous distribution of the NPs on the 

surface. Note that the average height shown in Fig. 2 is less 

than twice the height of a nanoparticle (the mean height of 

NPs measured in all AFM image is 40 ± 10 nm, see Fig. S3c). 

We can conclude that the NPs deposition on the amino-gold 

surface can be approximated as a discrete coverage of 

individual PBA NPs. A zoom of the surface dispersion and 

roughness (1nm for the substrate roughness) for the sample 

with a suspension concentration of 0.16 mg.mL-1 (Fig. 2c) 

shows that each point in AFM image represents one nano-

object (See Fig S3a, b). For each topographic AFM image, we 

used the Gwyddion software52 and the threshold method to 

estimate the coverage of the surface by PBA NPs. According to 

the initial concentration of NPs, the surface coverage 

increased from 0.8% to 25.7%. The SPR resonance angle values 

and the surface coverage as a function of the concentration of 

PBA NPs suspensions are exposed in Fig. 3. Both curves, which 

seem to have correlated behaviour, show that there are two 

different regimes in the coverage process: at low 

concentration, the evolution of the surface coverage is linear 

as a function of the NPs concentrations and then, the surface 

coverage increases moderately and tends to saturate. As it was 

discussed previously, the surface of NPs is negatively charged, 

which tends to isolate them during the deposition process, 

which beside the presence of amino groups at the surface can 

explain the homogeneous deposition of the NPs.45

Experimental SPR resonance angle was compared to the one 

of simulated curves obtained by the generalised Rouard 

method applied to an absorbing thin-film stack.53 The model 

allows simulating the reflectance and the transmission of a 

multi-layer optical system, where each layer was assumed as 

perfectly flat and homogeneous. The parameters of the model 

are the thickness of each layer and their complex refractive 

index (the real part is the refractive index and the imaginary 

part is the optical absorption). It is important to note that the 

optical absorption of gold in the visible wavelength domain is 

strongly linked to the plasmonic phenomenon. The Maxwell–

Garnett equation54, 55 can be used to calculate an effective 

refractive index neff of the NPs–air mixture (See ESI), and then 

used as the refractive index of the NPs layer in the generalized 

Rouard method. Fig. 4a shows the result of simulations of the 

SPR spectra obtained for the same surface coverage values as 

those determined from the AFM experimental data (see Fig. 

3). The resonance angles obtained from the experimental SPR 

curves were fitted using the minima of the simulated SPR 

curves, by the non-linear least square method coupled with a 

Monte-Carlo random walk with a large number of steps. For 

each step a random refractive index has been chosen, and 

kept only if the least square error was smaller. In Fig. 4b the 
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minima of the simulated curves (red line) and the shift of 

resonance plasmon angles of the experimental curves (black 

squares) were plotted as a function of the surface coverage of 

NPs on the gold surface. The results of the fit (Fig. 4b) and the 

simulated plasmon curves of Fig. 4a gave a refractive index for 

the NPs of 1.44 ± 0.03 at a wavelength of 632.8 nm. In parallel, 

we have extracted the refractive index of the PBA NPs from a 

refractometry measurement of NPs–water mixture (see ESI for 

details). The result gave a value of 1.44 at a wavelength of 589 

nm, which is in good agreement with the SPR measurement.

Such as reported in Fig. 1b and Fig. 2, the right shift of the 

plasmon curve minima observed in Fig. 4a is induced by a 

rising of the surface coverage of NPs on the gold surface. Note 

that the intensity of the SPR experimental curves has not been 

taken into account to extract the refractive index of NPs 

because it does not influence the SPR resonance angle and 

then the extracted refractive index. Also, the variation of the 

former can be induced by the absorption of NPs and the 

scattering produced by the roughness of the NPs surface (see 

Fig. S4 and S5, ESI).

Fig. 4 (a) Plasmon curves calculated using Rouard method with surface coverage similar 

as the experiment; (b) Plasmonic resonance angles as a function of the surface 

coverage of NPs on amino-gold surface. The black squares represent the experimental 

points and the red curve is the fitting obtained with modelization.

In summary, we reported a simple and efficient method for a 

controlled chemical deposition of the PBA NPs on a gold 

aminated surface. The cubic K+/Ni2+/[Fe(CN)6]3- NPs of 35 nm 

were anchored to the surface mainly via coordination bonds 

between the Ni2+ ions situated on the surface of the NPs and 

the available on the gold surface amino functions. The control 

of the NPs amount on the surface is achieved by the variation 

of the initial concentration of NPs in the aqueous suspensions, 

giving in all cases a homogeneous distribution of the NPs on 

the overall Au surface, as confirmed by SPR measurements and 

AFM imaging. The SPR data were fitted using the generalized 

Rouard method and the Maxwell–Garnett equation providing 

the determination of a refractive index for PBA NPs. This 

approach for NPs deposition can be easily extended to other 

inorganic NPs with interesting physico-chemical properties, 

that opens the ways for various applications. 
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Surface Plasmon Resonance monitoring of Prussian Blue Analogue nanoparticles anchored on Gold-
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Materials 

All chemical reagents were purchased and used without further purification: Potassium 

ferricyanide (Acros Organics, 99%), Nickel (II) chloride hexahydrate (Chimica, 99%), 2-

aminoethanethiol hydrochloride (Sigma Aldrich, 98%). Ultra-pure water was obtained from a 

MilliQ apparatus (Millipore). 

Gold coated glass slides (including 2 ± 0.5 nm thickness of chromium layer and 47 ± 1 nm 

thickness of gold layer) (size: 2.5 x 3.7 cm) were obtained from Femto (Besançon, France). 

Synthesis of 35 nm K
+
/Ni

2+
/[Fe(CN)6]

3-
 PBA nanoparticles. 

The two aqueous solutions of reactants: NiCl2.6H2O (16 mM, 50 mL) and K3[Fe(CN)6] (17 mM, 

50 mL) were added simultaneously to 100 mL of MilliQ water using a two-syringe infusion 

pump (KdScientific KDS200) with a fixed addition rate at 4 mL.min
-1

, under vigorous stirring 

at 25°C. 

After completion of the addition, the solution was stirred for one hour and then centrifuged 

at 35700 xg during 10 min. The supernatant was removed and K
+
/Ni

2+
/[Fe(CN)6]

3-
 

nanoparticles were recovered by centrifugation and washed with MilliQ water (3 times) and 

ethanol (1 time), finally dried under vacuum. In a typical experiment, about 100 mg of 

nanoparticles were obtained.
1, 2

 

Amino coated gold surfaces 

Cysteamine (aminoethane thiol) anchoring on glass was formed by immersing the gold 

coated glass slides overnight in an ethanol solution containing 5 mM of cysteamine 

hydrochloride 
3
. The glass slides were thoroughly rinsed with MilliQ water and the surface 

was neutralised by immersing the slides in 35 mL of NaOH solution (0.1M) for 10 min. After 

thoroughly rinsing with water, the amino coated glass slides were dried under nitrogen flow. 

In situ K
+
/Ni

2+
/[Fe(CN)6]

3-
 NPs deposition on Cysteamine-modified Gold surface (AuCyst) 

for Surface Plasmon Resonance  measurements 

Electronic Supplementary Material (ESI) for New Journal of Chemistry.
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Nanoparticles colloidal suspensions in MilliQ water were supplied at different 

concentrations: 2.50; 1.50; 0.62; 0.31; 0.16; 0.08 and 0.04 mg.mL
-1

. The scheme (Fig. 1 (a)) 

describes the method used for assembling nanoparticles on the gold-coated glass slide using 

a homemade SPR PTFE cell. In this device, the glass slide was mounted on the SPR flow cell 

(1 mL in volume) with the amino coated layer facing the interior of the cell. After 8 hours of 

nanoparticles deposition, MilliQ water was injected to rinse the cell. The cell was then dried 

by flowing nitrogen gas. SPR measurements were performed at the air interface. 

 

Characterization methods 

Physical characterization. The hydrodynamic diameter and zeta potential of the 

nanoparticles were measured on a Nano ZS Zetasizer (Malvern, UK). 

Transmission Electron Microscopy (TEM, JEOL 1200 EX II and LaB6 JEOL 1400 Plus) was used 

to determine the morphology of single PBA nanoparticles. Samples for TEM measurements 

were deposited from suspensions on copper grids. NPs size distribution histograms were 

determined using enlarged TEM micrographs taken at magnification of 100K on a statistical 

sample of ca. 200 NPs. 

Fourrier transformed infra-red (FTIR) spectroscopy. Infrared spectra in transmission mode 

of nanoparticles were recorded in a dried KBr matrix formatted as disks on Spectrum Two 

FT-IR spectrophotometer (Spectrum 100, Perkin Elmer, US). 

Attenuated total reflection (ATR)-FTIR. The deposition of PBA NPs on amino-gold, ATR-FTIR 

measurements were performed using attenuated total reflection accessory on a Spectrum 

Two FT-IR Spectrophotometer. A background without sample was acquired prior 

measurements. 

Powder X-ray diffraction. The powder X-ray diffraction pattern (XRDP) was recorded in the 

interval 2θ = 10-80° at room temperature with the XPERTpro Panalytical diffractometer 

mounted in a Debye-Scherrer configuration and equipped with a Cu Kα radiation. The XRDP 

planar configuration with fixed sample and rotation diffraction angle was used. 

Surface plasmon resonance (SPR) experiments and calculations. For performing SPR 

measurements, the SPR cell was mounted on the SPR bench. One side of the cover glass is 

coated with gold (inside of the cell) while the other was colligated to a right angle prism (N-

BK7, 20 mm) by using an appropriate matching index oil (Invoil 704, BCP Instruments, 

France). Plasmon excitation was achieved via a p-polarised light from a standard 632.8 nm 

HeNe laser. A lock-in amplifier (including pre-amplifier and chopper) was equipped in order 

to maximize the signal-to-noise ratio and reject stray light. The SPR cell coupled to the prism 

was mounted on a precise goniometer stage for precise control of incoming and reflected 

light beam. The incidence angle was monitored between 38° and 50° by rotating the sample 
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cell and detector turntable motors with 0.05° steps. The control of the spectrometer was 

done via WASPLAS software. The obtained data were analysed using the generalised Rouard 

method and Maxwell-Garnett equation in a homemade python code, in order to determine 

the refractive index of NPs. For the simulation, we have taken a multi-layer system with the 

following composition: an infinite glass layer (to modelise the prism), a chromium layer of 2 

nm, a gold layer of 47 nm, a layer of PBA NPs, an infinite layer of air. To be approximated as 

a homogeneous and flat layer, the NPs were considered as defect in a matrix (in our case the 

air). The height of this layer is the average of the NPs height on the surface, extracted from 

AFM measurements. 

The Maxwell-Garnett equation allows calculating the effective refractive index  of a 

matrix with punctual defect. It is important to note that the refractive index and the 

dielectric constant of a material are linked as follows: 

 

In this paper, the effective layer is composed by a matrix (dielectric constant: ) of air with 

NPs defects (dielectric constant: ), with a volumic fraction of NPs in the matrix f. 

 

The volumic fraction of NPs is proportional to the surface coverage of NPs on the gold 

surface. 

The absorption of NPs is taken into account in the complex refractive index of NPs, in Fig. S4 

the refractive index is 1.44 + 0.1i ± 0.04. For Fig. S3, the roughness of the surface is taken 

into account by a modification of the Fresnel coefficient of the layer such as it was done in 

ref 4. 

Fit of the resonance angle of SPR spectra. To fit the resonance angle of experimental SPR 

spectra (minimum angle) the non-linear least square method coupled with a Monte Carlo 

random walk was used. First, the refractive range for the Monte Carlo random walk is 

chosen (in our case, between 1.0 and 2.0). The first step of the algorithm is to select a 

(random or not) refractive index for the NPs and calculated the associated theoretical SPR 

curves. Then the least-square error between the experimental SPR minimum spectra and the 

theoretical ones is calculated. The second step of the algorithm is to use a recursive loop 

where N (N=1 000 000, for instance) refractive indexes are selected one by one. For each 

new refractive index, the theoretical SPR curves have been calculated as well as the least-

square error between the experimental SPR minimum spectra and the theoretical ones. 

When the least-square error from the new refractive index was smaller than the least-

square error from the old one, the new refractive index was kept. This simulation has been 

done several times (1000 for instance) and the refractive index associated with the smallest 

gives the optimal fit parameter. To calculate the error, the numerical standard deviation has 

been calculated. The error of the refractive index was calculated using the least-square 

density of probability (which depends on the standard deviation) and the Metropolis 

algorithm. 
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Refractometry. A Bellingham + Stanley RFM-T refractometer was used to extract the 

refractive index of NPs from the effective refractive index of a NPs/water mixture. Using the 

volumic fraction and the effective refractive index in the Maxwell-Garnett equation, we 

were able to work out the refractive index of NPs. The volumic fraction of NPs in water was 

calculated using the weighting mass of NPs, the water volume and the density of NPs. A 

refractive index of 1.44 was found for the NPs. 

Atomic force microscopy (AFM). AFM images were obtained in ambient conditions using a 

Nanowizard 4 AFM (JPK Instruments, Germany) equipped with a Vortis SPMControl 

electronics and an Ultraspeed cantilever holder. Data were collected in Amplitude 

Modulation AFM mode (AM-AFM mode)
5
 using AC160TS cantilevers (Olympus probes, 

Japan) with nominal resonance frequency ≈ 300 kHz, with scan size of 20 µm X 20 µm (Figure 

2 of the main manuscript) and 5 µm X 5 µm (Figure S3) both with 512 x 512 pixels. The 

cantilever free oscillation amplitude was set to approximately 10 nm and the setpoint 

amplitude to ≈75 % of it. The scan speed was set to 0.75 – 1 second per line. Data analysis as 

well as the evaluation of the surface coverage was carried out using Gwyddion Software
6, 7

. 

Surface coverage was evaluated dividing the total NPs area, evaluated through the definition 

of a height threshold, by the total area of the full AFM image. 
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Fig. S1 Characterization of K
+
/Ni

2+
/[Fe(CN)6]

3-
  PBA NPs  (a) Comparaison of infrared spectra 

between PBA NPs and amino/gold surface, collected by transmission FTIR; (b) TEM image; (c) 

PBA NPs size distribution determined by TEM measurement; (b) X-Ray diffraction pattern of 

PBA NPs. 
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Fig. S2 (a) Infrared spectra of NPs deposited on amino-gold surface at different 

concentrations collected by ATR-FTIR (The amino-gold surface was taken as ATR-FTIR 

reference background); (b) Infrared spectra of gold and amino-gold substrat collected by 

ATR-FTIR (reference: air). 
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Fig. S3 AFM Topographical image (scale bar 2 µm) with indicated cross-section (a) and its height 

profile (b) for NPs deposited on amino-gold surface at 0.16 mg.mL
-1

 concentration; (c) Size 

distribution of NPs measured with all topographic AFM image. 
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Fig. S4 (a) Plasmon curves with surface roughness calculated using Rouard method; (b) 

Plasmon resonance angles represented as  a function of the surface coverage of NPs on 

amino-gold surface.  

 

 

Fig. S5 (a) Plasmon curves with absorption calculated using Rouard method; (b) Plasmon 

resonance angles represented as  a function of the surface coverage of NPs on amino-gold 

surface.  
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