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Abstract  

The present studies examine intestinal, metabolic, and behavioral alterations in germ-free (GF) 
animals.  The first set of experiments examine preference and acceptance for sweet solutions, 
sucrose and saccharin, in GF C57Bl/6J mice with associated changes in expression of lingual 
and intestinal nutrient-sensing sweet taste receptors, T1R2 and T1R3, and the glucose 
transporter, SGLT1.  It demonstrates that GF mice consumed more of the highest concentration 
of sucrose relative to NORM controls, with an increased expression of intestinal T1R3 and 
SGLT1.  The second set of studies examine if findings of increased sucrose intake extend to fat, 
and whether the GF mice display alterations in lingual and intestinal fat sensors as well as 
intestinal satiety peptides.  We found that GF mice display increased intake and preference of fat 
at high and low concentrations, respectively.  Additionally GF mice display decreased  fatty-acid 
GPRs and satiety peptides in the intestine, decreased circulating gut peptide levels, increased 
lingual fat detecting receptors, and increased markers of fatty-acid metabolism, all of which are 
adaptive effects to the chronically depleted energy state of the GF mice.  The final succession of 
experiments was to determine if the GF state, with its associated decreases in adiposity and 
chronic fasting state in mice, is present in the GF rat model.  Interestingly, we found that GF rats 
display similar or increased levels of body adiposity, with decreased markers of liver lipogenesis, 
yet increased lipogenesis in adipose tissue associated with adipocyte hypertrophy.  Overall, these 
data demonstrate that absence of gut microbiota in mice leads to increased energy consumption 
of sugars and fats associated with alterations in oral and intestinal nutrient sensors while the gut 
microbiota in the F344 does not play a pivotal role in adiposity. 

 
Mes études ont pour but d'examiner les altérations métaboliques et comportementales dans des 
modèles de souris axéniques. Nous avons démontré que les souris axéniques présentent une 
augmentation de préférence et d'acceptation des solutions sucrées. Cette augmentation est 
corrélée à des changements des niveaux d'expression des récepteurs du goût sucré au niveau 
de l'épithélium lingual et la muqueuse intestinale; T1R2, T1R3, et le transporteur de glucose 
SGLT-1. De plus, elles ont une préférence pour des fortes concentrations de saccharose 
comparées aux souris normales. Cet effet est associé à une augmentation des niveaux 
d'expression de T1R3 et SGLT-1 dans l'intestin. Nous avons étudié si cette augmentation de 
consommation de sucre était similaire à celle de acide gras, étayé les effets d'une consommation 
des lipides sur les niveaux d'expression des récepteurs des acides gras "CD36" au niveau de 
l'épithélium lingual et la muqueuse intestinale ainsi que les niveaux d'expression et de sécrétion 
des peptides intestinales à vocation satiétogène chez les souris axéniques comparées aux souris 
normales. En effet, nous avons démontré que les souris axéniques affichent une consommation 
accrue et une préférence pour les acides gras à des  fortes et faibles concentrations 
respectivement. Ces changements étaient associés à une diminution des niveaux d'expression 
des détecteurs gustatifs de gras (GPRs), des faibles taux d'expression et de sécrétion des 
peptides intestinales, une augmentation d'expression du récepteur des acides gras au niveau de 
l'épithélium lingual et une augmentation des taux circulants des acides gras. Ces modifications 
peuvent constituer des mécanismes d'adaptation à l'état énergétique appauvri des souris 
axéniques. Nous avons essayé de savoir si ces altérations étaient présentes chez le rat dépourvu 
axénique. En effet, nous avons constaté que les rats axéniques présentent un niveau similaire ou 
élevé de la masse grasse, avec une diminution de la lipogenèse et une augmentation de 
l'adipogenèse expliquant l'hyperphagie du tissu adipeux. En résumé, nous avons démontré que 
l'absence du microbiote intestinal chez la souris conduit à une augmentation de l'apport 
énergétique en augmentant la consommation de sucres et de gras. Ces effets sont associés à 
des altérations orales et post-orales des niveaux d'expressions des détecteurs  gustatifs tandis 
que le microbiote intestinal du rat F344 ne joue pas un rôle central dans l'adiposité. 
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1. Introduction 

1.1. Obesity and healthcare costs 

Currently, the obesity epidemic afflicting the global population spans numerous 

countries and over 300 million people.  While the United States is a large contributor to 

this epidemic, with approximately 33% of its population obese [1], over 115 million 

people in developing countries are currently obese as well [2].  Furthermore, obesity is a 

risk factor for other life-threatening co morbidities, such as diabetes mellitus, 

cardiovascular disease, hypertension, and certain cancers.  In response to the myriad of 

health problems associated with obesity, national governments and global organizations 

have implemented funding systems in an attempt to curb the growth of this disease, 

which has been rampant for the past 40 years.  Recently, the annual direct and indirect 

costs of obesity in the United States are estimated to be higher than $147 billion [3].  In 

France, the 1992 obesity-related healthcare costs were approximately 2% of healthcare 

costs [4] with no recent indications of its cost.  However, despite France having one of 

the lowest rates of obesity in Europe and lowest average body mass index (BMI); nearly 

50% of the French male population is overweight and over 11% obese [5].  While these 

data demonstrate that obesity is prevalent globally, with an increased prevalence in 

developed countries, the etiology of obesity remains unclear. 

The causes of obesity are complex and include genetic deficits or alterations in 

central homeostatic signaling, involving mutations in hormone sequences or hormone 

receptors that govern feeding behavior and regulate metabolism.  Evidence of these 

alterations in obesity comes from studies demonstrating that replacement with 

exogenous leptin in leptin-deficient individuals results in normalization of body weight 
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and adiposity [6].  More recently, an array of data has demonstrated that mutations in 

the fat mass and obesity-associated protein (FTO) results in obesity as well [7-9].  

Despite these evidences clearly linking genetic alterations with obesity, the prevalence 

of obesity has risen dramatically in the past 50 years while genetic mutations occur over 

much longer periods of time.  Thus, the current obesity epidemic is hypothesized to 

occur due to an interaction of genetics and environmental factors, such as obesigenic 

diets.  Obesigenic diets promote increased body weight and adiposity in the presence 

[10, 11] and absence of hyperphagia [12, 13].  The cause of obesity induced by these 

diets is unclear; however, both peripheral and central homeostatic signaling deficits are 

implicated.  For example, diet-induced obese (DIO) rats display decreased sensitivity to 

leptin [14, 15] while displaying decreased capacity for peripheral fatty acid oxidation [16, 

17].  Additionally, DIO rodent models display decreased sensitivity to intestinal satiety 

peptides, such as cholecystokinin [18].  Evidence for peripheral satiety signals in the 

treatment of obesity comes from data demonstrating that administration of exogenous 

satiety peptides normalizes food intake, body weight, and metabolism of obese rodent 

models [19, 20].  In addition to intestinal satiety peptides influencing energy regulation, 

recent evidence suggests microbes lining the GI tract, collectively referred to as the gut 

microbiota, contribute to the obese state [21, 22].  Accordingly, this thesis aims to focus 

on the gut microbiota, its contribution to alterations in food intake, nutrient detection, 

and metabolism, and how energy balance is associated with these changes. 
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1.2 The digestive system  

1.2.1 Oral cavity 

1.2.1.1 Taste 

The most elementary evidence of taste arising from the tongue predates scientific 

publications and comes from the ingrained response that application of various 

substances on the tongue results in the stimulation of further intake or avoidance of a 

tasted substance.  Alternatively, injury to the tongue or surface of the tongue results in 

loss of sensation to taste or total inability to taste substances, denoting the importance 

of this organ, its sensory cells, and innervations in taste function [23].  The specific 

contribution of the lingual epithelium to taste had begun over 120 years ago as the 

identification of specific taste bud locations, types, and their sensory pathways had 

taken place at the beginning of the 20th century [24].  While animals generally can taste 

a variety of chemicals and nutrients, which together play a pivotal role in the perception 

of a meal, taste can be generalized to five categories: sweet, bitter, sour, salty, and 

umami.  While these tastes have been well established and have withstood numerous 

scientific rigors, more recently, substantial evidence has demonstrated that fat should 

be added to this list, prompting many taste researchers to recognize the newly coined 

“fat taste.” 

 The lingual epithelium contains distinct regional papillae that house taste buds, 

which are comprised of 100 – 150 single taste receptor cells (TRCs) that directly sense 

incoming nutrients and chemicals (Figure 1) [25].  Taste receptor cells are grouped into 

three categories: Type I, Type II, and Type III.  Briefly, the function of Type I TRCs is the 

sensing of salt [26]; Type II TRCs are responsible for sweet, bitter, and umami taste 
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[25]; Type III TRCs sense sour taste [27].  The focus of this thesis will be on Type II 

TRCs as they express the receptors for sweet, and possibly fat taste; however, the 

possible function of Type III receptors will also be addressed briefly.  In total, there are 

four afferent nerves that innervate the oral cavity, but the majority of taste transduction 

involves the chorda tympani (CT) nerve that innervates the anterior lingual epithelium 

containing the fungiform papillae, and the glossopharyngeal (GP) nerve that innervates 

the posterior epithelium containing the vallate and circumvallate papillae.  While at the 

most basic level researchers hypothesized that specific taste buds respond to distinct 

taste stimuli, provoking unique responses upon activation.  However, the predominant 

hypothesis, which has prevailed for the last 30 years, is that taste buds are capable of 

responding to a variety of taste [28].  This has led to the connotation that taste buds are 

generalists rather than specialists.  As such, each area of the tongue is hypothesized as 

capable of detecting every taste, with varying thresholds and sensitivity to each specific 

taste.   Despite this, the specific TRCs, with individually expressed taste receptors, are 

relatively tuned to sense specific taste stimuli.  More recently, the identification of 

multiple receptor configurations, belonging to the appropriately named taste receptor 

family, has allowed researchers to better understand the role of taste cell populations.  
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Figure 1: Taste papillae and structure of taste buds comprised of TRCs.  Lingual taste papillae 

located in the anterior (fungiform), lateral (foliate), and poster (circumvallate) contain apical 

membrane TRCs that are positioned to sense stimuli and transduce taste signaling to afferent 

nerve fibers [25]. 

 

1.2.1.2 Sweet taste  

1.2.1.2.1 Sweet taste and feeding behavior 

Sweet taste has long been known to evoke pleasure and stimulate intake of sugar-laden 

foods.  Laboratory animals generally prefer sweet tasting solutions and foods, even in 

the absence of nutritive value [29].  The strength of sweet taste in altering food intake 

was first shown by studies employing the sham feeding technique.  Sham feeding, 

which typically is performed by placing a fistula in the stomach so that contents drain 

from the stomach before entering the intestine, is largely influenced by oral factors as 

the intestine receives very little of the ingested substance and thus cannot provide 

sufficient chemosensory feedback [30] (Figure 2).  During sham feeding of sweet 

solutions, animals will drink copious amounts of fluid generally in a monotonic function 

of concentration [31].  While animals sham-feed sweet solutions continuously, previous 
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exposure to the sweet solution is also important in determining fluid intake via 

conditioned “oral satiation,” which is probably due to the lingual sensing of sweet 

substances [32].  In addition to sham feeding experiments, 24-h two-bottle tests and 

brief access tests have revealed the role of sweet taste in feeding behavior.  In 24-h 

two-bottle tests, animals are presented with varying concentrations of sweet solutions in 

one bottle and water in the other bottle.  Through this method, researchers can 

determine the threshold of detection for sweet stimuli, the overall intake of sweet 

solution, as well as the preference of the solution relative to water.  However, with the 

nutritive value of most sweet solutions, post-oral feedback can significantly alter these 

responses [33].  Thus, brief access tests in which animals are given access to taste 

solutions for brief periods (seconds) has better assessed the role of oral sweet sensing 

in determining intake.  Similarly to sham feeding, animals exhibit increased oral 

acceptance of sweet solutions during brief-access tests, with variations between animal 

models and strain used [29, 34].  These observed variations have been found to be due 

to the Sac locus, discovered 40 years ago, which houses the genetic material that 

encodes for sweet taste receptor proteins [35]. 
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Figure 2: Depiction of sham feeding in the rat.  Left: A surgically placed fistula with a screw cap 

intact allows for the passage of ingesta into the intestine.  Right: When the screw cap is removed, 

ingested fluids in the stomach drain into a reservoir, allowing for the examination of oral 

infuences in the absence of intestinal feedback. 

 

1.2.1.2.2 Mechanisms of oral sweet detection 

While highly complex and integrative central pathways in reward signaling may be 

largely responsible for driving consumption of palatable sugary foods (discussed below), 

the sensing of sweet taste is initially detected in the lingual epithelium and mediated 

predominantly by two apical membrane g-protein-coupled receptors (GPR) belonging to 

the taste receptor type 1 (T1) family: T1R2, and T1R3 [35-39].  The relative expression 

of these two receptors throughout the lingual epithelium is broad with T1R2 being most 

commonly expressed in the posterior circumvallate and foliate papillae in both rats and 

mice; however, expression of T1R2 in the anterior fungiform papillae is sparse in rats 

while mice express high levels of fungiform T1R2 [36, 40].  This could explain the 

relative weakness of sweet stimuli to activate the CT nerve in rats while mice exhibit 

strong activation of the CT nerve in response to sweet stimuli [41, 42].  Similarly to 
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T1R2 in the mouse, T1R3 is highly expressed in the fungiform and circumvallate 

papillae [35, 37, 40, 43].  Both homodimeric or heterdimeric assembly of these proteins 

results in a functional sweet taste receptor [44], and this is consistent with expression 

patterns of T1R2 and T1R3 [35].  For example, a large degree of T1R2 and T1R3 are 

co-expressed in both the fungiform and circumvallate papillae, with the former papillae 

expressing T1R3-only taste receptor cells as well [35].  Electrophysiological recordings 

from the CT nerve in T1R knock-out (KO) animals have revealed the functional role of 

these receptors in taste.  For example, KO of T1R2 or T1R3 in the mouse results in 

abolishment of non-nutritive sweetener-induced activation of the CT nerve [45, 46].  

However, both of these models display weak responses to nutritive sweet substances, 

such as glucose, fructose, and sucrose, especially at higher concentrations [42, 45, 46].  

It should also be noted that in addition to the heterodimeric T1R2+3 receptor, the 

homodimeric T1R3 complex is responsible for high nutritive sweet taste responses [35].  

While these findings in KO models suggest the possibility of another receptor mediating 

sweet taste, double KO of T1R2 and T1R3 abolishes nutritive sweet mediated CT and 

GP nerve responses [46].  Together this demonstrates that T1R2 and T1R3 are 

responsible for the detection of sweet taste. 

 While the previously mentioned data demonstrate a strong role of these 

receptors to mediate neural activation in response to sweet tastants, the behavioral role 

has been established using both 24-h and brief access tests.  During 24-h tests, T1R3 

KO mice display no preference for non-nutritive sweeteners over water compared to 

control animals that display a preference for sweeteners [35, 45, 46].  However, when 

exposed to nutritive sweet solutions, such as sucrose, T1R3 KO mice display 
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preferences at higher concentrations when naïve and low and high concentrations with 

previous exposure, suggesting an involvement of post-oral learning [42].   Similarly, 

when subjected to brief access tests, both T1R2 KO and T1R3 KO animals display no 

response to nonnutritive sweeteners and only a mild response to highly concentrated 

nutritive sweeteners [35, 45, 46].  Double KO of these proteins, however, abolishes all 

preferences to both nutritive and nonnutritive sweeteners [46].  Polymorphisms of the 

T1R3 receptor also alter sweet taste responsiveness as mice with variants of the T1R3 

gene display altered sensitivity to sweet substances [47].  Despite these behavioral and 

electrophysiological data demonstrating the role of T1R2+3 in sweet taste, 

administration of a T1R3 antagonist in rodents does not affect the ability of animals to 

discriminate sweet tastants from water [48].  Interestingly, the functionality of T1R2 and 

T1R3 are not confined to laboratory animals alone as felines, which do not respond to 

sweet substances, maintain a naturally occurring mutation in the T1R2 gene rendering 

the receptor nonfunctional, further signifying the importance of these receptors in sweet 

taste [49]. 

 The sensing of sweet substances in the oral cavity is also species specific and 

an important determinant in the detection of various sweet tastants.  For example, 

humans, but not mice can distinguish aspartame from water, and insertion of the human 

variant of T1R2 in mice results in an ability of mice to taste aspartame [50-52].  The 

observed differences and the finding that T1Rs respond to a variety of sweet stimuli, 

denotes an importance of the ligand binding domains in sweet sensing.  The differences 

in domains observed even between the T1R2 and T1R3 receptors in the same species 

explains the broad perceived sweet taste across a variety of substances.  For both 
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T1R2 and T1R3, the N-terminus is responsible for binding multiple sweet taste 

molecules [52] while the transmembrane and cysteine rich domain of the T1R3 receptor 

is also responsible for mediating sweet taste [51].  However, for some sweet 

substances, such as glucose, sucrose, and the sucrose derivative sucralose, the N-

terminus of both T1R2 and T1R3 is necessary for the binding of these ligands [53].   

Both T1R2 and T1R3 belong to the g-protein coupled receptor superfamily in 

which intracellular signaling is dependent upon second messenger g-proteins.  The 

specific intracellular signaling mechanisms responsible for sweet taste signaling involve 

cyclic adenosine monophosphate (cAMP) signaling [54-57], as well as phospholipase-C 

β2 pathways (PLCβ2) [25, 58, 59] (Figure 3).  The latter is thought to be the 

predominant pathway of sweet taste recognition as ablation of PLCβ2 results in 

decreased electrophysiological and behavioral sweet taste responses [58].  Additionally, 

for T1R2+3, α-gustducin may be the specific second messenger subunit.  Behaviorally, 

this comes from the finding that α-gustducin animals display an abolished preference for 

sweet solutions [60].  Immunohistolochemical studies also have determined that the 

T1R2+3 complex is co-expressed with α-gustducin [43] while electrophysiological 

results have demonstrated a decreased CT or GP nerve response in α-gustducin KO 

animals in response to sweet stimuli [61].  Despite this, application of either nonnutritive 

saccharin or sucrose to cells expressing T1R2+3 does not activate gustducin [62].  

Interestingly, similar to ligand binding domains, the activation of intracellular signaling 

mechanisms differs between non-nutritive and nutritive sweet T1R2+3 activation.  For 

example, upon binding to the sweet taste receptor, nonnutritive stimuli are hypothesized 

to activate a PLCβ2 pathway, increasing intracellular Ca+2 stores.  Intracellular Ca+2 
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then binds to transient receptor potential melastatin-5 channel (TRPM5), which is a 

selectively permeable Na+ and K+ ion channel and responsible for cellular depolarization 

and eventual exocytosis of neurotransmitters from TRCs that activate the CT and GP 

nerves [63].  In support of this mechanism involving TRPM5 is that TRPM5 KO mice 

exhibit abolished behavioral and electrophysiological responses to sweet tastants [58].  

Additionally, nutritive sweeteners may signal via adenyl cyclase, serving to increase 

intracellular cAMP activing Protein Kinase A, which inhibits basolateral potassium 

channels leading to taste cell depolarization, increased intracellular Ca+2 and 

subsequent release of adenosine triphosphate (ATP), which may interact with Type III 

TRCs to stimulate afferent nerve fibers, or possibly involved in direct activation of nerve 

fibers via connexins [64-66]. 

 

 

Figure 3: Intracellular sweet taste transduction pathway.  A sweet stimulus is bound to the 

extracellular domain of T1R2+3 (Taste GPCR). The secondary messenger system for sweet taste 

involves PLCβ2, leading to release of Ca+2 and an increase in intracellular Ca+2.  Elevated Ca+2 

levels allow for the depolarization of the TRCs via TRPM5-dependent influxes of Na+ [67]. 
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1.2.1.3 Fat taste 

Relatively recent findings demonstrate that in addition to the five tastes that have been 

known for many years, both rodents and humans can detect fatty-acids in the oral cavity.  

The sensing of fat is indeed thought to be considered a fat “taste” as it occurs across a 

large range and classification of fatty acids and does not occur with similarly textured 

non-nutritive oils and is not blocked when olfactory cues are removed [51, 68-70].  

Although lingual lipase is found in extremely low concentrations in adult human saliva, 

and its physiological role is still debated, there is a sufficient concentration of naturally 

occurring free-fatty acids in oils and other food products to elicit oral sensory feedback 

[71].  

 

1.2.1.3.1 Fat taste and feeding behavior 

The dissection of factors involving fat intake leading to alterations in feeding behavior 

has been a topic of research for over 60 years.  The first finding that oral properties of 

fat alter food consumption was that addition lard, stimulates food intake in rodents [72].  

In general, laboratory rodents prefer HF foods relative to a standard low-fat diet [73-75].  

In one study examining the general propensity of laboratory mice to prefer HF foods, it 

was demonstrated that 10 out of a total 13 mouse strains examined prefered HF foods 

to low-fat foods [76].  Using two-bottle preference tests, it has also been demonstrated 

that rodents prefer oil emulsions with varying degrees of fat relative to water or non-

nutritive control solutions with similar texture [77].  To minimize post-oral feedback, 

which has a potent influence on stimulating food intake following previous exposures 

with nutritive solution, a majority of these experiments have been conducted using brief 
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access to the test preference.  In addition to brief access tests, research also 

demonstrates that animals subjected to the sham feeding paradigm freely drink nutritive 

corn oil or non-nutritive mineral oil emulsions during one-bottle feeding tests [77, 78].  

However, when presented with two bottles in a choice preference test with one bottle 

containing corn oil and the other mineral oil, animals always prefer corn oil to mineral oil 

[77].  With the current discovery of fatty-acid receptors on the lingual epithelium, this 

effect can likely be attributed to the free fatty acids found in corn oil, which activate 

lingual taste receptor cells and are not present in mineral oil [79].  Finally, demonstrating 

the ability of fat taste to alter energy consumption, sham feeding fats stimulates 

increased intake of a standard rat diet following fat exposure [80].  Together, these data 

exemplify the profound role that oral fat detection can have on influencing feeding 

behavior. 

 

1.2.1.3.2 Mechanisms of oral fat detection 

The location of oral fat detection is thought to occur almost solely in the posterior lingual 

epithelium, specifically, in the taste receptor cells of the circumvallate papillae [81, 82].  

Lingual fat sensing involves several receptors expressed on taste receptor cells such as 

g-protein coupled receptor 40 (GPR40) [83] and GPR120 [84, 85] as well as the fatty 

acid translocase CD36 [81] and delayed-rectifying potassium channels [86].  Similarly to 

sweet taste, fat detection is transduced via gustatory nerves that innervate the lingual 

epithelium, which transmit signals to higher brain centers ultimately controlling food 

intake [79]. 
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 Fat activates taste receptor cells via an apical sensor, such as voltage-gated ion 

channels that contribute to neurotransmitter release on the basolateral portion of the cell 

[87].  For example, patch-clamp recordings on isolated fungiform taste cells 

demonstrate that free-fatty acids inhibit delayed rectifying potassium channels (DRKs) 

[88].  This is specific to poly-unsaturated fatty-acids that are applied extracellularly, 

denoting these channels may establish oral fat preferences.  Various DRKs have been 

found in the fungiform papillae [89], but the specific Kv1.5 channel that is found in 

cardiac tissue and inhibited by fatty acids [90] is present in rodent lingual epithelium [86].  

The proposed mechanism of activation of this channel is via a direct binding between 

fatty acids and a domain of the Kv1.5, which has been reported in cardiomyocytes [90].  

Furthermore, DRKs may contribute to taste modulation by enhancing perceived 

intensity of taste, which is in agreeance with findings that fatty acids enhances 

perceived intensity of various tastes [86]. 

 G-protein coupled receptors on the lingual epithelium may also be responsible for 

the oral detection of fat.  Normally localized on intestinal epithelium enteroendocrine 

cells, GPRs respond to various lengths of free fatty acids and mediate the release of gut 

hormones CCK [91, 92] and GLP-1 [93].  Recently, researchers have identified GPR120, 

which responds to long chain fatty acids, in the sensory fungiform and circumvallate 

papillae, whereas GPR40, which responds to medium and long-chain fatty acids, was 

absent from the lingual epithelium [85].  Interestingly, the enteroendocrine cell model, 

STC-1, expresses GPR120 and activation of this receptor induces cellular 

depolarization via a PLCβ2, Ca+2-dependent mechanism similar to the activation of 

taste receptor cells by a taste stimulus [93, 94].  Furthermore, genetic ablation of 
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GPR120 results in reduced fatty-acid preference and loss of fatty acid-induced 

activation of nerves innervating the lingual epithelium [83].  Together, these data 

exemplify a role of GPR120 in the detection of oral fats. 

 In addition to DRKs and GPRs, the fatty acid translocase, CD36, may play the 

most pivotal role in oral fat detection as suggested by research over the past 10 years 

[81, 82].  Originally discovered as the main mechanism of fatty-acid uptake in 

adipocytes [95], CD36 is also significantly expressed in the lingual epithelium, 

specifically in the circumvallate papillae [81, 82].  Located on the apical membrane of 

taste cells [82] and conservatively expressed across multiple species [82, 96], CD36 is 

positioned to bind extracellular fatty acids in the oral cavity.  Furthermore, taste receptor 

cells that express CD36 are located in close proximity to a lipid-rich environment near 

the Von Ebner’s glands that secrete lingual lipase [97] (Figure 4).  The extracellular 

structure of CD36, with a large hydrophobic pocket, also illustrates its role in binding 

fatty acids [98].  Indeed, CD36 reversibly binds fatty acids, specifically in the nanomolar 

range [99, 100].  Experiments using CD36 KO mice demonstrate the significant 

physiological role of this receptor in fat taste [82, 101].  The integral function of CD36 in 

fat detection was established by Laugerette et al, who demonstrated that deletion of 

CD36 in mice results in abolished spontaneous fat preference and an absence of oral 

fatty-acid induced neural activation [82].  Together, it is hypothesized that GPR120 and 

CD36 may mediate fat taste; however, due to its relative infancy in relation to sweet 

taste, further clarification is needed to examine the exact mechanisms of fat taste. 
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Figure 4: Localization of CD36 on the apical portion of the circumvallate papillae TRCs.  Taste 

buds containing TRCs expressing CD36 are juxtaposed to the Von Ebner’s gland that secretes 

lingual lipase, which hydrolyzes triglycerides into free fatty acids in the mouth [102]. 

 

 Experiments examining fatty acid-induced activation of TRCs have demonstrated 

the great dependence of these cells on CD36 in mediating this response.  Isolated taste 

receptor cells expressing CD36 display large increases in cellular activation in response 

to fatty acid application [79].  This is specifically dependent upon CD36 as blockade of 

fatty acid binding inhibits increases in intracellular calcium [79].  The second messenger 

system which mediates CD36-induced activation of taste receptor cells may be PLCβ2 

as taste cells express inositol-triphosphate [59] and CD36 and PLCβ2 are co-localized 

in other cells of the mammalian system [103].  Together, these findings demonstrate 

that the intracellular signaling mechanisms for sweet and fat taste may be extremely 

similar.  For example, increases in intracellular calcium activate TRPM5 channels that 

induce an influx of Na+ that leads to cell depolarization [104].  Taste receptor cells 

expressing CD36 indeed depolarize in response to fatty acids making a case for this 

protein as a proposed mechanism in oral fat detection [79].  Furthermore, the finding 

that TRPM5 KO mice display no preference for oils implicates this protein in mediating 
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CD36-dependent fatty-acid signaling and taste cell depolarization [105].  While it is 

hypothesized that CD36 is localized on Type II TRCs due similar intracellular signaling 

markers as sweet taste, this has yet to be examined.  Rapid influxes in intracellular 

calcium also serve to induce neurotransmitter via cellular depolarization, which is 

observed in CD36-positive TRCs [106].   Some of the proposed neurotransmitters 

responsible for taste cell signaling to afferent nerve fibers include acetylcholine, 

norepinephrine, serotonin, and glutamate.  Specifically, serotonin and noradrenaline 

may be the primary neurotransmitters released by CD36-positive taste receptor cells as 

the transcript for two vital enzymes in the production of these neurotransmitters is 

present in CD36-positive cells [106].  As such, serotonin and noradrenaline are both 

released from fatty-acid activated taste receptor cells; however whether this is directly 

by CD36 expressing cells or indirectly via other TRCs is unknown [106].  Thus, despite 

the wealth of data illustrating the role for CD36 mediating the oral detection of fats, 

intriguing questions such as the exact pathways in TRCs that are responsible for fat 

taste transduction as well as the TRC type that expresses CD36 remain unanswered.  

 

1.2.1.4 Taste transduction, central signaling, and reward 

Regardless of the taste detected, TRCs directly or indirectly release various 

neurotransmitters [107-112] or peptide hormones [113-117] that activate the CT and GP 

nerve fibers.  The specific mechanism is not completely understood; however, this may 

involve direct TRC to nerve connections, in which Type II cells generate ATP that 

interacts via connexins to nerve fibers [65, 66].  A second mechanism is that indirect 

signaling from TRC Type II cells that sense tastants, release ATP, which then 
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stimulates Type III TRCs to release neurotransmitters that activate afferent nerves.  

Support of this latter hypothesis comes from the finding that Type III cells are the only 

TRCs that express voltage gated calcium channels and neurotransmitters, such as 

serotonin [108, 109]. Additionally, the release of ATP from Type II cells can bind to P2X 

receptors [64], which are ion channels that open in response to extracellular ATP and 

expressed by Type III TRCs (Figure 5).  While this intriguing and yet unestablished 

transduction mechanism is currently under investigation, the afferent CT and GP fibers 

indeed receive input from taste bud complexes and signal upstream to the nucleus of 

the solitary tract (NTS) of the caudal brainstem. 
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Figure 5: Proposed mechanism of cell-to-cell communication for taste transduction.  Type II TRCs 

express the receptors for a variety of tastants, most importantly, T1R2+3.  Type II cells relay taste 

information either directly via cell-afferent nerve connections or indirectly via Type III cell-nerve 

synapses which repond to extracellular ATP released by Type II cells.  Afferent nerves then relay 

information to the hindbrain for taste coding [118]. 

 

Somewhat similar to the taste buds, in which taste receptive fields are 

reasonably broad, NTS neurons can respond to a broad number of stimuli [119].  

Despite this, specific populations of NTS neurons are more responsive to specific taste 

stimuli [120-122].  This has been shown by various electrophysiological methods, such 



20 

as single neuron recordings, which has led to the identification of “tuned” neurons.  For 

example, neurons that are highly activated by sweet stimuli evoke a specific neural 

activation pattern and can be differentiated from neurons responding to other tastes 

such as umami, sour, or bitter [123].  Furthermore, for each taste, different stimuli evoke 

specific neural firing patterns.  For example, a nonnutritive sweetener, such as 

saccharin, can be differentiated from a nutritive sweet stimuli, such as sucrose based on 

neural firing [124].  Using single neuron recordings, researchers have demonstrated that 

T1R3 is vital in the activation of sweet responsive NTS neurons, providing evidence of 

this receptor in the central processing of sweet stimuli [125].  Upstream, neurons from 

the NTS project to the pontine Parabrachial Nucleus (PBN).  From the PBN, neurons 

project in two directions, the first is the gustatory cortex (GC), which is responsible for 

encoding taste, mechanical, and visceral stimuli.  The second pathway consists of PBN 

neurons projecting to the limbic system, ultimately terminating in the ventral striatum, 

involving reward function.  The gustatory cortex is best viewed as the brain region that 

assigns hedonic value to taste stimuli.  For example, stimuli with similar hedonic values 

activate similar regions of the GC and differing hedonic values activate more distinct 

regions [126-128].  Additionally, the GC is also associated with conditioned taste 

aversion (CTA), in which an animal avoids a normally preferred taste stimuli (such as 

saccharin) paired with an aversive stimuli (such as lithium chloride (LiCl)) [129, 130].  In 

this manner, the GC exhibits relative plasticity as saccharin will typically activate specific 

neuron subsets of the GC, but after pairing with LiCl, a different neural activation 

patterning occurs [131].  Furthermore, due to the plasticity of this brain region, this effect 

is fully reversible.  Although these pieces of evidence may demonstrate the functional 
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role of the GC in determining taste, an overwhelming amount of evidence places a role 

of the PBN limbic projection to the ventral striatum in hedonics and controlling reward 

function of palatable stimuli. 

Central reward pathways upstream of the NTS and PBN are strong contributors 

to both sweet and fat taste.  Behavioral evidence of this comes from the finding of 

reinforcement studies demonstrating the rewarding values of sweet and fat stimuli.  For 

example, reinforcement designs are used in which an animal must work more to obtain 

the same reward (palatable food).  When given access to sucrose or fat, in the absence 

of post-oral feedback, rats work harder for continued access to these stimuli, 

demonstrating the behaviorally rewarding value of sweet or fat taste [132, 133].  As 

previously mentioned, neurons of the PBN extend to the ventral striatum [134].  Using 

microdialysis, immunohistochemistry, and brain lesioning, several collective studies 

demonstrated that the PBN-striatal projections are responsible for the stimulation of 

sweet solution intake and subsequent sucrose-induced influxes of dopamine (DA) in the 

Nucleus of Accumbens (NAcc), a nuclei in the ventral striatum involved in reward 

function [135].  While the NAcc consists of two parts, a core and shell, the latter of the 

two is vital in tracking reward.  Thus, in addition to the view that the GC tracks hedonic 

value, release of DA from the striatum, which contains the NAcc, is associated with this 

perception as well [136, 137].  For example, influxes of DA in the NAcc are a direct 

function of oral reward and the motivational state to obtain a reward, such as sweet 

stimuli [138, 139].   The first initial evidence linking sweet taste to reward function was 

the finding that drinking saccharin led to increases in NAcc DA, and is associated with 

learned behavioral processes [138].  As well as saccharin, the consumption of sucrose 
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leads to increases of DA in the NAcc [140].  However, this latter finding could be 

influenced by the nutritive value of sucrose reaching the intestine.  Thus, through a 

variety of controlled experiments using fixed and non-fixed volumes of low and high 

concentrations of sucrose during sham-feeding, it was demonstrated that sweet taste 

alone is sufficient for increasing NAcc DA [141].  In addition to sweet taste, sham 

feeding of nutritive oils has also demonstrated fat taste leading to increases in DA in the 

NAcc relative to water [142].  Therefore, although detection of taste arises from the 

tongue involving apical membrane bound receptors, afferent signals relayed from TRCs 

indirectly provide input to central brain areas, such as the NAcc, which signal sweet and 

fat taste as rewarding, and lead to stimulation of intake for these palatable stimuli. 

 

1.2.1.5 Obesity and taste 

While the varying detection for sweet and fat taste influences short-term intake of these 

stimuli, the role of oral sensitivity to sweets and its relation to obesity is less clear.  In 

general, obese animals over consume sweet foods, with evidence suggesting this may 

be mediated by taste functions.  Genetic rodent models of obesity display an inability to 

detect low concentrations of sweet solutions with an accompanying increased 

consumption of highly concentrated sweet solutions [143, 144].  Thus, obese animals 

are typically described as having a decreased oral sensitivity to sweet solutions.  

Decreased oral detection of sweets could contribute to over consumption as more 

sucrose would be needed to stimulate lingual sweet receptors and release sufficient DA 

to signify reward [145].  The mechanism responsible for the observed detection of sweet 

stimuli in obese rodents may be due in part to the fact that the sweet taste heterodimer 
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is co-localized with the leptin receptor, and loss of leptin receptor function leads to 

diminished oral sensitivity to sweet substances [146].  Thus, the observed leptin 

resistance in obese rodent models due to increased adiposity denotes that energy 

status in these models is a major determinant for these behavioral findings.  

Furthermore, lean or food deprived animals, where normal or enhanced leptin receptor 

sensitivity is present, exhibit in an increased sensitivity to oral sweet stimuli [147].  Both 

of these findings, however, could also be attributed to central reward signaling 

controlling feeding behavior and guiding taste function as obese animals display 

increased motivational states [145, 148, 149] demonstrating the complexity of taste 

signaling in energy homeostasis.  While obesity clearly is correlated with impaired sweet 

taste signaling in animal models already obese, studies examining variations in the 

sweet taste receptor before the onset of obesity have been less promising.  For 

example, the genotype of T1R3 does not predict sucrose- or fructose-induced 

hyperphagia [47].  However, this does not necessarily rule out altered taste in the pre-

obese state as animals prone to obesity display increases in consumption of palatable 

sweet stimuli before the onset of obesity [145, 150].  Furthermore, in humans, a 

polymorphism in the T1R2 gene has been shown to correlate with an overweight BMI 

and increased consumption of carbohydrates [151].  Whether individuals displaying the 

T1R2 polymorphism exhibit altered sensitivity to sweets, which would lead to increased 

carbohydrate consumption is unclear from this study alone.  In general, data concerning 

sweet taste sensitivity in obesity is conflicting, and little data has assessed the 

contribution of taste to human obesity.  Initial data demonstrated that obese individuals 

do not differ in sweet taste sensitivity relative to normal weight individuals [152-155] with 
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formerly obese individuals displaying increases in sweet taste responsiveness [156].  

More recent evidence, however, reveals obese individuals maintain a higher affinity for 

sweet stimuli relative to lean individuals [157-160].  The observed differences in these 

studies are explained by improvements in the assessment of sweet taste function [158].  

Interestingly, in animals, while obesity is associated with alterations in sweet taste 

function, more recent evidence indicates that taste is vital in influencing short-term 

intake of sweet solutions and post-oral feedback contributes to long-term intake [161]. 

 In addition to oral sweet sensitivity, obese animals also display altered oral 

sensitivity to fats.  For example, the Otsuka Long-Evans Tokushima Fatty (OLETF) rat, 

which is hyperphagic and subsequently becomes obese due its overeating consumes 

more of high corn oil concentrations when sham feeding than lean controls during the 

fed state.  Furthermore, at a relatively low concentration of corn oil, OLETF rats exhibit 

increased intake compared to lean animals when food deprived [162].  While this 

genetic model of obesity clearly displays alteration in oral fat sensitivity leading to 

increased consumption of fat, high-fat (HF) feeding in rats or mice, which results in 

obesity, is associated with decreases in lingual expression of CD36 [163].  Thus, it is 

hypothesized that by expressing less CD36, these animals are unable to detect lingual 

fats as well as lean or chow-fed controls and increase fat consumption as a response.  

However, the effect of HF feeding on lingual CD36 expression in the absence of obesity 

has not been examined.  This is extremely important as HF-feeding influences oral fat 

sensitivity regardless of the obese state as HF-fed non-obese animals display increased 

acceptance for fats relative to low-fat (LF) fed controls [164].  Nevertheless, together 

these findings exemplify a decreased ability of obese rodents to detect oral fats, which 



25 

is associated with increased fat intake.  Despite these data, one study in inbred obese 

rats, which prefer HF foods over LF foods, shows that these rats exhibit increased 

sensitivity to linoleic acid relative to obese resistant animals during LF-feeding [165].  

However this effect is in conflict with previous data demonstrating that the same obese 

prone animals exhibited decreased inhibition of delayed-rectifying K+ channels, which 

would result in decreased activation of taste receptor cells compared to the lean 

controls [166].  Surprisingly, lingual CD36 in this model has yet to be examined, and 

may play a significant role in these behavioral findings.  Unlike sweet taste, obesity in 

humans is well correlated with increased affinity for fats [156, 167, 168], with the 

analyses of possible genetic contributions currently under investigation.  While initial 

data from a European population suggested no differences in BMI or oral fat sensitivity 

in individuals displaying CD36 polymporphisms [71], more recent data demonstrates 

that polymorphisms in CD36 are associated with fat perception and BMI [169, 170].  

 

1.2.2 Stomach 

1.2.2.1 Gastric distention 

While oral detection of sweet and fat are thought to be largely stimulatory in regards to 

food intake, post-oral detection of nutrients, involving predominantly gastric and 

intestinal feedback typically serve to terminate a meal. The temporary distention of the 

gastric wall observed upon the entrance of ingesta in the stomach may be the most 

important means of the stomach to regulate food intake.  For example, humans with 

naturally occurring gastric fistulas remain hungry following a meal [171].  As well, rats 

with man-made esophageal [172] or gastric [173] fistulas consume food continuously 
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when food drains from a cannula.  However, in the same animals, closing the cannula to 

allow passage of ingesta into the stomach and intestine rapidly reduces food intake 

[174].  While these data do not exclude the contribution of intestinal satiation, 

experiments that prevent gastric using an inflatable pyloric cuff have shown that gastric 

loads produce volume-related suppression of liquid diet intake [175, 176].  Thus, the 

distention of the stomach alone is sufficient for the termination of a meal.  Furthermore, 

the finding that this reduction in intake is extraneous to nutritive value as intragastric 

delivery of non-nutritive loads suppresses food intake similarly to nutritive loads of the 

same volume [176] demonstrates the mechanical, rather than chemical nature of this 

process in inducing satiation.   

Vagal nerve mechanoreceptors are the mediators of gastric distention-induced 

satiation, and this comes from the finding that vagotomy abolishes the effect of a gastric 

preload to inhibit food intake [177].  The stomach is lined with various nerve endings, 

which consist of two morphologically distinct nerve endings: intraganglionic laminar 

endings (IGLEs), as well as intramuscular arrays (IMAs).  Intraganglionic laminar 

endings that are comprised of sensory fibers that are positioned to adjacent myenteric 

neurons [178, 179] and IMAs are nerve fibers located in the longitudinal and circular 

muscle layers that run parallel to the muscle fibers [180].  The former of these two is 

thought to respond predominantly to the stretch reflex and tension produced by 

incoming ingesta, inducing satiation.  The support of this hypothesis comes from the 

finding that stimulation of vagal afferents via mechanical stretching of the stomach is 

associated with IGLEs, and not IMAs [181, 182].  Furthermore, despite the apparent 

physiological function of IGLEs in gastric distention, both fibers are hypothesized to 
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respond to distention or stretching of the stomach as IMAs are activated by large forces 

of distention and stretch.  This piece of evidence may be important in behavioral 

experiment as although gastric distention reduces food intake in the absence of 

intestinal signals, animals with an occluded pylorus display increased gastric volume, 

and thus increased gastric distention, compared to freely feeding animals [183], which 

most likely denotes that post-gastric signals are also important in inducing satiation.  

Thus, despite findings that tension may activate vagal endings synapsing with the 

stomach, signals from the stomach do not autonomously induce satiation.  For example, 

while draining of ingesta from the stomach via a fistula results in increased intake of 

nutritive liquids, the observed increase could be due to lack of distention from the 

stomach as well as lack of nutrients entering the intestine, the major site of nutrient 

absorption.  Furthermore, while gastric loads indeed induce distention of the gastric 

cavity, nutrients empty from the stomach and provoke intestinal stimulation.  As such, 

previous research indicates that approximately 40% of a liquid meal may empty from 

the stomach into the intestine during a meal [184].  In addition to its mechanical role in 

reducing food intake, the stomach also serves an endocrine organ that is responsible 

for controlling energy balance. 

 

1.2.2.2 Endocrine function 

In addition to the stomach serving as an endocrine organ secreting gastrin and 

somatostatin, which influence gastric acid secretion, the stomach releases at least two 

signals, leptin and ghrelin, which may be integral for intestinal sensing and absorption of 

nutrients, as well as the control of energy intake.  Furthermore, while the stomach lacks 



28 

chemosensory properties, more recent evidence suggests a role of gastric nutrients in 

altering endocrine secretions although this is still debated. 

 

1.2.2.2.1 Gastric Leptin 

Leptin, a 16 kDa protein that is normally secreted from adipose tissue and reflective of 

energy status, also is secreted by epithelial cells of the stomach [185-188] and thought 

to play a role in gastrointestinal signaling [189].  Gastric leptin secretion is influenced by 

feeding [190], neurotransmitter release [191], as well as other gastrointestinal hormones 

[189].  Furthermore, the identification of leptin receptors (LepR) on the cell bodies of 

vagal afferents [192, 193] and application of leptin increases activation of neurons in the 

vagus [194], which implies that gastric leptin may play a role in feeding behavior.  

Indeed, leptin and CCK synergistically activate vagal neurons [195-197], and produce 

synergistic reductions in food intake [198, 199].  It is thought that gastric leptin, rather 

than circulating leptin is responsible for leptin activation of the vagal afferents.  Evidence 

of this comes from the finding that gastric, but not circulating leptin quickly rises after 

ingestion of a meal [190] and circulating hormones typically do not utilize a vagally 

mediated pathway [200].  Also, despite the acidic pH of the stomach, leptin remains 

stable, and enters the intestinal lumen [189].  This, together with the identification of 

leptin receptors on the brush border of the intestinal lumen denotes the possibility of 

gastric leptin influencing intestinal function [201].  

 Interestingly, application of leptin to an enterocyte cell model or intestinal infusion 

of leptin increases enterocyte absorption of amino acids [202].  The effects of intestinal 

luminal leptin on sugar transport are less clear.  For example, luminal leptin has an 
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adverse effect on glucose absorption, decreasing expression of the active glucose 

transporter SGLT1 [201, 203].  However, in vitro and in vivo, luminal leptin increases 

expression of the passive sugar transporters GLUT2 and GLUT5 [204].  Additionally, 

luminal leptin may inhibit secretion of intestinal triglyceride processing via inhibition of 

apolipoprotein A-IV [205, 206].  In addition to its effects on nutrient transport, leptin 

activates enteroendocrine cells of the duodenum evoking the release of CCK.  

Interestingly, luminal leptin alone sufficiently increases plasma CCK concentrations 

similar to that of a meal [189].  This mediation of CCK secretion by gastric leptin is 

thought to be a positive regulatory loop as intestinally released CCK stimulates 

secretion of gastric leptin as well [189].  Despite these findings, the relative contribution 

of gastric leptin to food intake has yet to be elucidated, but the finding that vagal 

afferents contain leptin receptors [193] denotes a possible role in this gastric peptide in 

the regulation of food intake. 

 

1.2.2.2.2 Ghrelin 

Of all the hormones and peptides secreted from the gastrointestinal tract, only one 

discovered thus far has been shown to promote food consumption.  Discovered in 

nearly 15 years ago, ghrelin, the potent orexigen, is a 28 amino acid peptide released 

mainly from specialized endocrine X/A-type cells [207] of the stomach.  It exerts its 

physiological effects on stimulating eating and growth hormone (GH) secretion by 

binding to the growth hormone (GH) secretagogue receptor-1a (GHS-R1a).  Compared 

to other peptides released from the GI tract, ghrelin is unique due to its increased 

circulating levels during fasting, which together with its ability to increase food intake, 
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indicates the possibility of a role in initiating a meal.  In addition to its direct effects in 

stimulating food intake, ghrelin also decreases energy expenditure and promotes the 

storage of fatty acids in adipocytes, denoting its potential importance in pathological 

conditions, such as obesity. 

Ghrelin is the endogenous ligand for the GHS-R1a receptor or recently renamed, 

“ghrelin receptor.”  Both ghrelin and its receptor are located in peripheral and central 

tissues.  Within the central nervous system (CNS), ghrelin is localized in hypothalamic 

and pituitary nuclei of the forebrain that are heavily implicated in the control of food 

intake or growth hormone secretion.  Despite the initial finding that ghrelin stimulates 

GH secretion [208], the most potent biological function of the peptide is stimulation of 

food intake through a GH-independent mechanism [209]. The arcuate nucleus (ARC) of 

the hypothalamus, which is involved in controlling food intake, expresses the highest 

concentration of centrally distributed ghrelin [210].  Although ghrelin is distributed 

throughout the central nervous system, peripheral ghrelin from the GI tract, most 

notably the stomach, is thought to be the primary site for ghrelin secretion and 

circulating ghrelin [211].  In support of this, partial or complete, gastrectomy (removal of 

the stomach) markedly reduces circulating ghrelin levels by approximately 70% [212].  

Ghrelin is produced in the mucosal layer of the stomach by the endocrine X/A-type cells 

[207], which are distributed throughout the stomach, but are highly concentrated in the 

gastric fundus [213].  Gastric X/A-type cells increase in number throughout the fetal 

period, reaching a maximum during infancy.  Likewise, ghrelin levels in the stomach are 

low during development.  One month following birth, however, ghrelin concentrations 

reach a peak and show no further increase.  While the stomach is the main site of 



31 

ghrelin secretion, ghrelin is detected throughout all layers of the GI tract, salivary glands 

and alimentary organs, such as the pancreas [214], all of which contribute to the 

remaining 30% of circulating ghrelin.  In the circulation, ghrelin is represented by two 

forms: des-acyl ghrelin and acyl ghrelin (n-octanoyl-modified ghrelin) [215].  The former 

version is 5 to 10 times more abundant in plasma than the latter; however, the less 

common acyl-peptide is thought to be the active form in nearly all physiological, 

behavioral, and endocrine processes, including food intake.   To yield the biologically 

active acyl-ghrelin, the enzyme, gastric O-acyl transferase (GOAT), cleaves the pre-

proghrelin peptide [216].  While the finding of two forms or ghrelin as well as the 

enzyme responsible for yielding the active form of ghrelin have been recent in respect to 

the discovery of ghrelin, both total ghrelin and active ghrelin plasma concentrations 

have been shown to be highly correlative following experimental manipulations [217].  A 

variety of factors control ghrelin secretion from the stomach into the peripheral 

circulation with energy and macronutrient content of a meal the main contributors. 

Ghrelin is the only known potent peripheral peptide hormone that is an orexigenic. 

This is supported by several pieces of evidence. First, both central and peripheral 

administration of ghrelin results in increased food intake and associated appetitive 

ratings [218-220].  In rodents, exogenous ghrelin induces food intake during the light 

cycle, a period associated with minimal food consumption [220]. Second, administration 

of either a ghrelin receptor antagonist or an anti-ghrelin immunoglobulin (IgG), which 

inactivates biologically active ghrelin, causes a decrease in food intake in several 

feeding paradigms [221, 222].  Furthermore, ghrelin decreases latency to eat and 

increases meal number.  Interestingly, both humans and rodent models retain sensitivity 
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to the peptide and repeated administration results in exponential increase in cumulative 

food intake leading to increased bodyweight and adiposity [218, 220, 223] (Table 3).  

Altogether, these findings support the hypothesis that ghrelin is an orexigenic signal 

controlling food intake. 

Endogenous ghrelin levels are consistent between sexes and across age groups; 

however, age-related anorexic rats’ plasma ghrelin levels fail to increase after 72 hours 

fasting [224].  While this could implicate age as a factor in modulating ghrelin secretion, 

it more likely underscores the importance of food components regulating secretion of 

the peptide.  As such, during periods of food deprivation, across a large range of ages, 

plasma ghrelin is substantially elevated while refeeding or recovery from food 

deprivation rapidly blunts elevated circulating levels [218, 225].  Furthermore, increased 

levels of plasma ghrelin during these deprivation challenges are associated with up-

regulation of ghrelin receptors leading to increased food intake [226]. 

Ghrelin levels are also influenced by the timing of a meal.  In schedule-fed rats, 

rising ghrelin levels coincide with pre-prandial period or onset of a meal [227].  Similarly, 

in humans, ghrelin levels substantially increase before the onset of a meal and adjust 

according to meal times [228].  Long-term markers of altered energy homeostasis, such 

as adiposity, also correlate with circulating ghrelin concentrations.  Obesity, a 

pathological state characterized by increased body mass, is characterized by an 

alteration of secretion and circulating ghrelin concentrations.  Specifically, an increased 

body mass index (BMI) directly correlates with decreased plasma ghrelin levels [225].  

Because obesity is associated with suppressed ghrelin levels, it is not surprising then 

that anorexic patients with significantly lower BMIs exhibit chronically elevated 
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circulating ghrelin concentrations [229].  The decreased concentration of circulating 

ghrelin in obese individuals is thought to be due to excess energy intake; whereas in 

anorexic patients, a constant caloric deficit causes elevated plasma ghrelin 

concentrations, in attempt to restore proper energy balance.  In both pathological states, 

however, ghrelin levels begin to return to normal concentrations when the individual is 

nearing normal body weight [230].  Furthermore, in addition to food intake and energy 

balance, the composition of an ingested meal is an important regulator of ghrelin 

secretion. 

Despite ghrelin being released from the stomach, an organ sensitive to 

mechanical rather than chemical signals (volume vs. specific nutrients of a meal), and 

macronutrient content of the meal has a significant effect on modulating ghrelin release. 

Nutrients from all three major macronutrient classes suppress ghrelin secretion; 

however, carbohydrates and proteins are most potent inhibitors.  Specifically, in humans, 

a carbohydrate solution significantly decreases ghrelin secretion in a biphasic manner, 

while protein suppresses circulating ghrelin significantly more 40-min post-prandially 

than an equicaloric and equivolumetric lipid drink [231].  In rodents, gastric infusions of 

glucose more potently inhibit ghrelin secretion than infusions of fatty acids and amino 

acids.  These effects, however, are dependent upon intestinal absorption of nutrients as 

gastrically infused glucose solutions fail to suppress circulating ghrelin concentrations 

when the gastric pylorus is occluded [232].  Furthermore, treatment with orlistat, a 

potent lipase inhibitor, abolishes long-chain fatty acid induced reduction of plasma 

ghrelin levels [233].  Together, these pieces of evidence demonstrate the importance of 

short- and long-term food intake as well as macronutrient content of a meal to regulate 
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ghrelin secretion.  The exact detection of nutrients that regulates ghrelin secretion is 

thought to occur predominantly in the intestine, as it rapidly receives ingesta that is 

emptied from the stomach. 

 

1.2.3 Intestine 

1.2.3.1 Intestinal nutrients and satiation 

The small intestine of the GI tract serves as a portal for digesting, sensing, and 

absorbing nutrients, which all contribute to intestinal nutrient satiation.  Infusion of a 

liquid diet into the intestine results in inhibition of food intake [234-237].  While the 

effects of intestinal nutrient infusions on the suppression of food intake may be long-

lasting and extend to multiple hours, termination of the meal begins rapidly, normally 

seconds after commencing of a nutrient infusion [235, 238].  Thus, it is hypothesized 

that the sensing, rather than absorption of nutrients is of importance in intestinal 

nutrients reducing food intake.  Furthermore, while intestinal nutrient infusions inhibit 

feeding in animals, intestinal nutrients surely reduce the rate of gastric emptying, thus 

increasing distention of the stomach, which could be one way by which nutrients reduce 

food intake [239].  However, intestinal nutrient infusions also inhibit feeding in animals 

with gastric fistulas, where gastric distention is absent [235, 240] denoting the 

importance of intestinal factors in autonomously controlling meal size.  Ingesta entering 

the intestine from the gastric cavity are typically hyperosmotic, and contain a variety of 

nutrients, all of which influence feeding responses.  In animals, the infusion of 

hyperosmotic loads indeed decreases food intake in freely feeding animals [241].  

Despite this, the hyperosmotic and complete nutritive nature of chyme is not the main 
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contributor to intestinal satiation.  For example, intestinal infusion of specific 

macronutrients, such as oligosaccharides [242] or long-chain fatty acids [243] reduces 

food intake, even in hypotonic or isotonic concentrations.  

 

1.2.3.2 Intestinal carbohydrates 

1.2.3.2.1 Intestinal carbohydrates and feeding behavior 

Intestinal carbohydrates and sugars have been reported to reduce food intake in both 

sham- and real-feeding animals [243, 244], and increasing the length of the 

oligosaccharide used for an intestinal infusion results in a greater reduction of food 

intake than a simple sugar [245].  Additionally, the digestion of oligosaccharides to 

simple sugars is nearly essential in reducing food intake as administration of the 

oligosaccharidase inhibitor, acarbose, results in attenuation of oligosaccharide-induced 

reduction in food intake [246].  Specifically, the ability of carbohydrates to reduce food 

intake may require glucose, at least when low concentrations are present as glucose 

infusions will significantly reduce food intake, but low concentrations of fructose has no 

effect on feeding [247].  Collectively, these data implicate carbohydrate-induced 

satiation, and most likely, the detection of glucose in influencing food intake. 

 The specific intestinal mechanism responsible for glucose-induced satiation is 

still not completely understood.  It is well known that hydrolysis of oligosaccharides 

produces monosaccharides, which are predominantly absorbed via active transport on 

the apical membrane of the intestinal epithelium.  For example, luminal glucose is 

largely transported by the active glucose transporter SGLT1 while other 

monosaccharides, such as fructose, require the passive transporter, GLUT5, for 
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absorption.  Interestingly, intestinal infusions of glucose isomers, which are substrates 

for SGLT1 reduce food intake [248] while the aforementioned fructose does not.  

However, the findings that intravenous glucose is mostly ineffective at reducing food 

intake compared to intestinal infusions of glucose, and that glucose in the lumen is 

inversely related to blood glucose levels exemplifies that a pre-absorptive mechanism is 

responsible for glucose-induced satiation [245].  This is probably independent of SGLT1 

as well because inhibition of SGLT1 activity does not attenuate intestinal glucose-

induced satiation [249].  Therefore, the hydrolysis of oligosaccharides to glucose is at 

least somewhat necessary for carbohydrate-induced reductions in food intake, but the 

absorption of glucose is not.  Recent evidence suggests that luminal intestinal epithelial 

receptors, similar to those located in the lingual epithelium, may a possible pathway in 

detecting intestinal glucose, and subsequently regulating dietary absorption of 

carbohydrates. 

 

1.2.3.2.2 Mechanisms of intestinal carbohydrate detection 

The transport of luminal glucose in the intestine is carried out by the active glucose 

transporter SGLT1.  To facilitate this process, SGLT1 localized on the apical epithelium 

of enterocytes transports both glucose and sodium, which is driven by the increased 

glucose concentration in the intestinal lumen and decreased intracellular Na+ levels due 

to the basolateral Na+-ATPase [250] (Figure 6).  The other major dietary 

monosaccharide, fructose, is transported into the enterocyte via the passive GLUT5 

transporter.  Once localized in the enterocyte, glucose exits the cell and enters the 

hepatic portal circulation via the basolaterally expressed passive transporter, GLUT2 
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[250].  The general expression pattern for SGLT1 is greatest in the proximal intestine, 

and more specifically, the duodenum [251].  While the basolaterally expressed GLUT2 

may also be expressed on the apical membrane of enterocytes, and has been 

hypothesized to play a role in post-prandial glucose transport [252-254], an animal 

model displaying a GLUT2 mutation does not exhibit defects in intestinal glucose 

absorption [255].  As such, it is hypothesized that SGLT1 is the principal mediator of 

intestinal glucose absorption. 

 

 

Figure 6: Luminal and basolateral enterocyte monosaccharide transport.  Luminal glucose is 

absorbed via the active transporter SGLT1 while fructose is absorbed via the passive transporter 

GLUT5.  SGLT1 function is dependent upon basolateral Na+/K+-ATPase, which decreases 

intracellular Na+.  To transporter absorbed sugars into the blood stream, both dietary glucose and 

fructose utilize the passive transporter, GLUT2, on the basolateral membrane [256]. 

 

The intestine can alter its ability to absorb glucose through the induction of 

SGLT1 expression [257-260], independent of increases in intestinal surface area [261] 

or metabolism of glucose [257, 259] .  As such, intestinal infusions of both metabolically 

active and inactive substrates of SGLT1 up-regulates the expression of SGLT1 in the 

intestinal brush border [262].  Furthermore, the finding that glucose analogues 

incapable of being transported via SGLT1 increases expression of this transporter and 
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is independent of SGLT1 activity suggests that a SGLT1-independent mechanism 

senses luminal glucose concentration to up-regulate SLGT1.  The transfection of cells 

with glucose sensing elements further reveals that SGLT1 expression regulation is 

dependent upon G-protein coupled receptor signaling [263].  In addition to its 

localization in the taste buds, the sweet taste receptor dimer, comprised of T1R2 and 

T1R3, coupled with α-gustducin, is found throughout all levels of the gastrointestinal 

tract of many animals [264-267] as well as enteroendocrine cell lines [268].  Both 

proteins, however, are largely expressed in the proximal intestine, specifically in the 

duodenum and jejunum, where SGLT1 expression is highest, with only marginal 

expression occurring in the distal ileum and colon [269]. 

It is hypothesized that the T1R2+3 complex, identical to that found in the lingual 

epithelium (Figure 7), coupled to α-gustducin, is the mediator of glucose-induced 

SGLT1 up-regulation [265].  The definitive importance of these receptors in regulating 

glucose absorption and glucose sensing comes from studies that show absence of 

T1R3 or α-gustducin results in an inability of animals to increase expression of SGLT1 

during high carbohydrate feeding [265, 270].  In cats, which lack a functional T1R2 

receptor [49], and are relatively insensitive to sweet taste, SGLT1 expression is not up-

regulated in response to carbohydrate feeding as well [264].  Similarly, in chickens, 

which lack expression of T1R2 [271], intestinal infusion of carbohydrates does not up-

regulate SGLT1 expression [272].  Finally, feeding wild-type mice a high-carbohydrate 

diet or standard laboratory chow diet with sucralose added to drinking water enhances 

expression of SGLT1, an effect absent from T1R3 KO animals.  The contribution of 

T1R3 in up-regulating SGLT1 expression is not necessary; however, as T1R3 KO mice 
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fed a low carbohydrate diet express similar SGLT1 levels as wild type animals [265].  

Thus, there is constitutive expression of SGLT1, and the sweet receptor taste complex 

is hypothesized to have a role in up-regulating SGLT1 expression when dietary 

carbohydrates are increased.  In support of this is the finding in pigs that the feeding of 

low and moderate levels of dietary carbohydrates results in similar SGLT1 expression ; 

however, increasing dietary carbohydrates further increases expression of SGLT1 [266].  

Recent evidence also suggests that T1R3 may play a crucial role in increasing GLUT2 

expression [273], which is not necessarily mutually exclusive from T1R2+3 increasing 

SGLT1 as these receptors function in coordination to deliver luminal glucose to the 

enterocyte and into the circulation. 
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Figure 7: Similarities between lingual TRCs and intestinal enteroendocrine cells.  Recent evidence 

demonstrates that numerous receptors located on TRCs in the mouth are also located on 

enteroendocrine cells in the intestine and display similar second messenger pathways.  

 

The exact mechanisms of T1R2+3 mediated up-regulation of SGLT1 in response 

to dietary carbohydrates are still unclear; however, it is thought to be dependent upon 

intestinal peptide release.  The initial hypothesis was that T1R2+3 stimulation, occurs 

on the apical membrane of the enteroendocrine cells results in secretion of gut incretin 

peptides GLP-1, GLP-2, or GIP via a Ca+2-dependent mechanism identical to that of 

intracellular taste signaling described previously [274].  Briefly, this pathway utilizes 

PLCβ2 to increase intracellular Ca+2 stores, which bind to TRPM5, and serve to 

depolarize the cell (Figure 8).  However, further research in humans and rats has 

yielded conflicting results of T1R2+3 stimulation leading to gut peptide release [275, 
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276].  Despite this, T1R3 KO mice display decreased circulating levels of GLP-1 during 

the fasting and post-prandial state [277].  The exact mechanism thought to induced 

SGLT1 up-regulation involves the ENS and GLP-2 signaling [277-281].  As such, GLP-2 

is localized in enteroendocrine cells expressing T1R2+3 [269] and the GLP-2R is 

located on enteric neurons [282, 283].  Furthermore, application of GLP-2 stimulates 

enteric neurons innervating the small intestine, and activation of these neurons induces 

responsiveness of enterocytes [283].  As well, use of electric field stimulation up-

regulates SGLT1 expression in enterocytes.  In support of a glucose-mediated 

mechanism involving the ENS regulating SGLT1 expression is luminal glucose-

mediated increases in SGLT1 is abolished when enterocytes are isolated from the 

intestinal mucosa [284].  Together, these pieces of evidence demonstrate the ENS, 

involving GLP-2 signaling as a likely candidate to increase SGLT1 after stimulation of 

T1R2+3 on enteroendocrine cells.  In the enterocyte, the specific intracellular signaling 

for the up-regulation of SGLT1 is dependent upon adenyl cyclase signaling mechanisms 

and cAMP concentrations [285-287] as mutations in PKA results in impaired SGLT1 

expression [288] and increases in cAMP result in increased SGLT1 expression. [289] 
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Figure 8: Hypothesized mechanisms for the up-regulation of SGLT1 in response to dietary 

carbohydrates.  Stimulation of intestinal T1R2+3 located on enteroendocrine cells results in 

secretion of intestinal peptides, specifically GLP-2 that binds to neurons on the enteric nervous 

system, which release a neurotransmitter that activates a GPR neurotransmitter receptor located 

on the enterocyte.  The neurotransmitter receptor utilizes cAMP signaling, which enhances 

genetic transcription of SGLT1 that results in the up-regulation of luminal SGLT1 [256]. 

 

1.2.3.3 Intestinal fats 

1.2.3.3.1 Intestinal fats and feeding behavior 

In addition to carbohydrates, fats and their products of digestion are potent inhibitors of 

feeding when infused into the small intestine.  Similar to carbohydrates, the composition 

of the infusate is extremely important as products of fat digestion reduce food intake 

more than non-digested fat products [290].  This data, coupled with the finding that 

inhibition of pancreatic lipase via orlistat administration attenuates intestinal fat-induced 

reductions in food intake denote the vital role of fat digestion in controlling intestinal fat 
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satiation [291].  In addition to this, the carbon chain length of fatty acids is important as 

intestinally infused oleic acid, comprised of an 18 carbon chain reduces food intake 

while infusion of the 8 carbon length octenoic acid does not [242].  These findings may 

be due to the digesting and processing of longer chain fatty acids into chylomicrons as 

long-chain fatty acids are suspended in micellar emulsions in the intestinal lumen, and 

then processed into chylomicrons, and secreted to the lymph [292, 293].  Short- and 

medium-chain fatty acids, in contrast, are absorbed directly into the hepatic-portal duct.  

The importance for chylomicron formation in fat-induced satiation is further supported by 

the finding that administration of Pluronic L-81, a chemical that blocks fat absorption via 

inhibition of chylomicron formation [294], attenuates reductions in food intake induced 

by intestinal fat infusion [291, 295]. 

 

1.2.3.3.2 Mechanisms of intestinal fat detection  

Similar to the detection of carbohydrates, receptors expressed in TRCs that are 

responsive to fatty acids are also expressed on the apical membrane of gut enterocytes 

and enteroendocrine cells positioned to sense intestinal lipids [296].  The fatty acid 

translocase CD36 is necessary for proximal intestine lipid absorption [297] and 

chylomicron formation [298].  For example, CD36 KO mice exhibit decreased proximal, 

but not distal intestine chylomicron formation [298] and cholesterol and fatty acid 

absorption [299].  The binding of CD36 is almost exclusive to long-chain fatty-acids 

(LCFA) as there is almost no effect of CD36 KO on short-chain fatty-acid (SCFA) or 

medium-chain fatty-acid (MCFA) absorption.  While the specific mechanism by which 

CD36 mediates LCFA absorption is unclear, one hypothesis is that it is part of a larger 
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complex assisting in the absorption, which is further dependent upon fatty acid 

transporter 4 or simple diffusion.  In support of CD36 mediating chylomicron formation is 

that isolated enterocytes from CD36 KO mice display decreased triglyceride secretion 

[300].  Similar to glucose transporters, the intestine also increases production of CD36 

in response to increasing dietary fat [301].  As such mice fed a HF diet exhibit up-

regulation of CD36.  Furthermore, CD36 KO animals display decreased intake and 

preference of fat emulsions [82]; however, the contribution of CD36 lingual fat detect 

(discussed previously), as well as the possible role of neurons utilizing CD36 for lipid 

sensing [302] blur the contribution of intestinal CD36 in these findings.  Interestingly, 

CD36 KO mice display decreased reductions in food intake in response to intestinal lipid 

infusions [303].  Despite this wealth of data demonstrating a distinct role in lipid sensing, 

absorption, and short-term satiation, the specific contribution to intestinal CD36 to long-

term feeding behavior is uncertain 

 .  In addition to LCFA, energy status mediated signals, such as peroxisome 

proliferative factor-α (PPAR-α), are responsible for mediation of CD36 [303].  The 

endogenously produced fatty acid ethanolamide, oleoylethanolamide (OEA), present in 

the proximal small intestine is also a crucial mediator of CD36.  For example, 

administration or over-expression of OEA results in decreased expression of CD36 and 

PPAR-α, with subsequent reductions in food intake [304].  Endogenous OEA is 

produced in response to the presence of intestinal fat.  Hence, with intestinal fat infusion, 

OEA synthesis is increased and food deprivation inhibits OEA synthesis.  Synthesis of 

OEA is accompanied by increases in intestinally produced oleic acid as well, denoting 

this pathway as a crucial pathway of intestinal fat satiation [303].  Thus, in the presence 
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of intestinally infused fat, OEA production increases, leading to up-regulation of CD36, 

which allows for further lipid absorption and enhanced satiety [305].  In support of this 

evidence is that administration of OEA leads to reductions in food intake as well as 

increases in intermeal intervals [306].  Similarly to intestinal fat infusions, which require 

vagal sensory afferents to induced satiation [242], application of capsaicin results in 

attenuation of OEA-induced satiation [306].  Therefore, these findings provide the 

substantial evidence that intestinal fat satiation may be mediated, predominantly by 

CD36 and OEA (Figure 9). 

 

Figure 9: Schematic diagram demonstrating how CD36 and OEA mediate satiation and satiety.  

Free-fatty acids absorbed from the intestinal lumen via a CD36-dependent mechanism lead to the 

production of OEA and chylomicrons.  Production of OEA stimulates PPAR-alpha enhancing 

satiety while chylomicron production is necessary for the reduction of food intake by intestinal 

fats via the release of intestinal satiety peptides [303]. 

 

The direct sensing of luminal fats in the intestine by apical transmembrane GPRs 

may also be of importance as well in fat-induced satiation.  Satiety peptides released 

from the intestine in response to nutrients, such as fat, elicit satiation (discussed below).  

Specifically, GPR40, which is expressed in the intestinal epithelium [91], is activated by 
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fatty acids with 6 or more carbons [307], mediates CCK secretion [91].  Additionally, 

GPR40 is co-localized with CCK expressing cells of the intestine and KO of GPR40 in 

mice results in attenuation of lipid-induced CCK secretion.  Isolated enteroendocrine 

cells from these animals also display an abolish response of LCFA-induced stimulation 

of intracellular Ca+2 level increases and are unable to secrete CCK in response to LCFA 

[91].  Despite the clear role of GPR40 in enteroendocrine cell activation and CCK 

secretion as well as the finding that GPR40 KO animals consume more standard chow 

than wild-type animals, HF-feeding, a potent stimulus for CCK secretion, results in 

similar daily food intake and body weight between GPR40 KO and wild-type mice [308].  

Short-chain fatty acids activate GPR41 and 43 [309], which are found in both the 

proximal and distal intestine [310, 311], and are linked to PYY [312] and 5-HT secretion 

[313].  In cell models, stimulation of either receptor with SCFA results in PYY secretion 

and both GPR41 and 43 are co-localized with PYY [313].  As well, SCFA in the distal 

intestine, including the colon, induce PYY and serotonin secretion.  Despite this, to date, 

only GPR41 is known to mediate PYY secretion in vivo as KO of this receptor leads to 

decreases in circulating PYY [312].  Furthermore, GPR41 KO animals display increased 

intestinal transit, which is most likely secondary to the decreased secretion in PYY, 

which serves to inhibit intestinal motility [312].  As well, GPR120, which is activated by 

long-chain fatty acids, is responsible for GLP-1 and possibly CCK secretion as 

knockdown of GPR120 results in attenuation of GLP-1 [93] and CCK [91] secretion from 

enteroendocrine cells lines.  Finally, KO of GPR120 results in increased body weight 

and deleterious effects on blood glucose metabolism during HF-feeding relative to 

control animals [314].  However, the fact that GPR120 is found on various metabolically 
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active tissues [315], such as the pancreas [316] and adipose tissue [317] has 

confounded the relative contribution of GPR120 in feeding behavior.  Thus, despite the 

few in vivo studies demonstrating a role of these receptors in intestinal satiety peptide 

secretion, the majority of research demonstrating GPR stimulation inducing gut-peptide 

release has been performed in cell models, and it remains unclear how these receptors 

regulate feeding behavior. 

The specific intracellular pathway that each GPR utilizes to induce gut peptide 

secretion is under investigation, and has been found to encompass second messenger 

pathways similar to TRCs.  After the binding of fatty acids to GPRs on the extracellular 

N-terminus, coupled second messenger proteins dissociate and stimulate downstream 

kinases and lipases.  The first, which is nearly identical to that of T1R2+3, is that second 

messenger g-proteins activate PLCβ2, leading to increases in intracellular Ca+2 

signaling resulting in exocytosis of gut peptides via a Ca+2-dependent mechanism [318].  

Additionally, these GPRs also utilize a second messenger pathway stimulating Protein 

Kinase B via an extracellular receptor kinase (ERK) [319], which leads to secretion of 

gut peptides.  As such, stimulation of enteroendocrine cells lines with nutrients results in 

a rapid increase of intracellular Ca+2 as well as activation of ERK and concomitant gut 

peptide secretion. 

 

1.2.3.4 Intestinal nutrients, conditioned preferences, and reward 

In addition to intestinal nutrients playing a profound role in terminating a meal, the 

exposure of nutrients to the intestine is vital in establish learned food preferences, a 

term coined “post-oral conditioning.”  The evidence of post-oral conditioning influencing 
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feeding behavior comes from studies where intake of a flavored nonnutritive solution is 

paired with gastric or intestinal infusion of a specific macronutrient, typically 

carbohydrates that are strong enforcers of post-oral conditioning.  For example, rats that 

are trained alternating days to drink a specific flavor (e.g. grape) paired with a gastric 

infusion of glucose or another flavor (e.g. cherry) paired with a gastric infusion of water 

display a profound preference for the grape flavored solution over the cherry solution 

when given concomitant access to both flavors and in the absence of gastric infusion 

[320].  In these studies, animals typically “self-infuse” the infusate by starting to drink the 

flavored solution and the infusion beginning almost simultaneously [321].  However, 

post-oral infusions of glucose also can also stimulate consumption of a flavored solution 

when paired 1-h post consumption [322].  The effects of post-oral glucose conditioning 

flavor preferences also is long lasting, denoting a probable reward pathway controlling 

this behavior [323-325].  As well as increases in flavor preference, post-oral conditioning 

with intestinal carbohydrates increases overall intake of the flavored solution [326-328].  

The site of action for this phenomenon is the proximal intestine as occluding the 

stomach prevents gastric infusions from conditioning flavor preferences [329] and 

duodenal or jejunal, but not ileal [329, 330], or intravascular infusions of sugars [331] 

results in post-oral flavor conditioning .  However, changes in the feeding paradigm, 

such as water and food deprivation, coupled with a flavored nutritive solution can result 

in intravascular glucose to condition flavor preferences [332]. 

 While glucose is an extremely strong enforcer of conditioned flavor preferences, 

other nutritive sweet substances, such as sucrose and fructose can have the same 

effect [333-336].  However, for the latter, animals require long infusions (>20-h) in 
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conditioning flavor preferences paired with gastric infusions [336].  In contrast to this, 

nutritive sweet lactose and galactose [320, 337, 338] as well as nonnutritive sweet 

stimuli, such as sacharrin or sucralose [339, 340] do not condition flavor preferences.  

The former two may be explained by the inability of an animal to fully digest these 

nutrients while the latter two are explained by the nonnutritive value.  In addition to 

these findings, research demonstrating that T1R3 KO mice maintain normal post-oral 

conditioned flavor preferences [340] lends notion that a mechanism other than sweet 

receptors, such as SGLT1 or SGLT3 activity [341], may be responsible for these 

findings.  Furthermore, in the absence of post-intestinal signaling, such as vagal 

deafferentation via mechanical [342, 343] or chemical [344] means, animals continue to 

display conditioned flavor preferences with glucose infusions.  Additionally, intestinal 

satiety peptides, which are released in response to intestinal nutrients, control nutrient-

induced satiation, but do not control glucose-induced conditioned flavor preferences 

[335, 345, 346].  Collectively these findings demonstrate that a pre-absorptive 

mechanism, localized in the intestine, is responsible for post-oral conditioned flavor 

preferences induced by glucose. 

 Similarly to glucose and sucrose, intestinal infusions of fat can condition flavor 

preferences rapidly [347] with a resistance to extinction [348].  The length and 

composition of the fatty acid is important as well in influencing this finding as medium 

chain fatty acids or saturated fatty acids do not condition flavor preferences as strongly 

as polyunsaturated, long chain fatty acids do [349].  Further, although the caloric value 

of intestinal fat infusions is important to condition flavor preferences, and inhibition of fat 

digestion with orlistat partially blocks fat conditioned flavor preferences [350], it is not 
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the major determinant of this effect.  For example, an oil emulsion that has a higher 

caloric density than a glucose solution, conditions flavor preferences less than glucose 

[339].  However, the relatively long time course for the digestion of fat is hypothesized to 

play an integral role in its conditioned effects as more trials are needed to condition 

flavor preferences than those observed with glucose [325, 333], but once established, 

animals consume more of the fat-paired flavor over one hour [351] .  Currently, the 

origin and mechanisms of intestinal fat conditioned flavor preferences are unknown, but 

involve a post-gastric site [344].  Post-intestinal, intravascular infusions of fat have not 

been examined, and CD36 KO mice display relatively strong fat conditioned 

preferences [101] while GPR KO animals have not been tested under this paradigm.  

Despite this relative uncertainty, vagal afferents are not necessary for fat conditioned 

flavor preferences [344], but peripheral inhibition of fat oxidation reduces reinforcing 

properties and preference of fat [352].  Thus, it is probable that the oxidation of fat, and 

not an intestinal factor, is responsible for fat conditioned preferences. 

 Similarly to taste signaling, post-oral nutrient conditioned flavor preferences and 

the enhancement of solution intake is hypothesized to be controlled via reward centers 

in the brain [332, 353].  However, in contrast to central taste processing and via afferent 

pathways, which are better established, the knowledge of post-oral signals conditioning 

intake are less clear.  Intestinal and intravascular glucose is a documented stimulator of 

DA release in the NAcc [332, 353], and a metabolic, rather than central glucose sensing 

mechanism is thought to induce this release as hepatic-portal infusions stimulate more 

DA release than jugular infusions [332].  Additionally, intestinal infusion of glucose also 

increases neuronal activation of the NAcc, and is unchanged following vagotomy [354, 
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355], similar to behavioral findings of conditioned flavor preferences [343, 344].  The 

role of endogenous DA stimulating intestinal glucose-induced conditioned preferences 

comes from the finding that application of a DA1 receptor antagonist in the NAcc blocks 

glucose conditioned flavor preferences [356].  Similarly to taste, this pathway may 

involve neurons of the PBN as lesions of this nucleus results in impairment of 

carbohydrate induced flavor learning [357].  The effect of post-oral fat on reward centers 

are even less known.  Intestinal infusions of fat stimulate DA release from the NAcc in 

the absence of oral stimuli.  As well, post-oral infusions of fat active neurons in reward 

nuclei, such as the NAcc ventral tegmental area and amgydala with neural activation 

occurring before fat absorption [358].  Despite this, peripheral administration of DA 

receptor antagonists does not prevent fat conditioned flavor preferences in rats [359], 

but blocks fat-induced place preference [360] and operant licking for gastrically infused 

oil emulsions in mice [361].  Together, this relative scantiness of data with the fact that 

in humans, post-oral feedback from foods likely contributes to the over consumption of 

high calorie and palatable foods, demonstrates the need for further research in 

examining how post-oral nutritive feedback stimulates feeding behavior and its 

relationship with reward pathways. 

 

1.2.3.5 Obesity and intestinal nutrient satiation 

Studies examining the effect of obesity on intestinal sensitivity to nutrients show that 

obese rodent models display decreases in nutrient-induced satiation, which likely 

contributes to their over consumption.  For example, carbohydrate or fat infusions in 

genetically obese OLETF rats suppress food intake less than in lean controls [143, 362].  
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Similarly, the obese prone Osborne-Mendel (OM) rat displays decreases in intestinal fat 

satiation [363].  Also, the Zucker fatty rat, which displays impaired leptin signaling, 

exhibits decreased intestinal-induced satiation relative to lean controls, but increased 

protein-induced satiation.  While the OLETF model most likely exhibits a broad 

decreased sensitivity to intestinal nutrients due to lack of functional CCK signaling [364], 

the mechanism responsible for the decreased reduction of food intake following nutrient 

loads in the OM and Zucker rat are less clear.  For example, the OM rat displays 

modestly enhanced sensitivity to endogenously CCK [365], which is largely released in 

response to intestinal fats [238].  However, blockade of endogenous CCK, which 

mediates intestinal fat satiation [238] was not examined and could provide conclusive 

evidence for the mechanism of decreased intestinal fat satiation observed in this model.  

The Zucker fatty rat, on the other hand, displays impaired leptin signaling, and given 

that leptin interacts with numerous signals inhibiting feeding, including CCK [199, 366], 

this may be the main contributor to decreased intestinal fat satiation in this model.  More 

recent evidence in the outbred DIO model, which becomes obese during HF-feeding, 

demonstrates that these animals exhibit decreases in gastrointestinal fat induced 

satiation relative to DIO resistant (DR) animals fed the same diet [10].  In humans, this 

data is less clear, with virtually no studies examining intestinal expression of 

carbohydrate and fatty acid sensing receptors in the intestine between obese and 

normal individuals.  However, the diabetic state is not associated with any differential 

expression of intestinal T1R2+3 relative to normal patients [367].  Despite this, a 

majority of studies in humans that have examined circulating levels of intestinal satiety 
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peptides following a meal have demonstrated levels are decreased in obese individuals, 

and this is reversed during weight loss [368-370]. 

 

1.2.3.6 Vagal afferents and intestinal nutrient satiation 

Signals generated from the intestine in response to the presence of intestinal nutrients 

are transmitted through the vagus nerve to the caudal brainstem, which receives and 

process visceral information that then relays information to upstream forebrain nuclei 

that regulate long-term energy homeostasis.  However, forebrain structures are not 

necessary in regulating food intake as decerebrate animals, with only the brainstem 

intact, terminate a meal normally [371-373].  As such, vagal afferents mediate a majority 

of nutrient [242, 243] and nutrient-induced satiation signaling [374] arising from the 

small intestine. This is thought to be due predominantly to sensory vagal afferents, 

because while vagotomy abolishes reduction in food intake from both carbohydrate and 

fat infusions [243], peripheral or central administration of capsaicin, a potent neurotoxin 

that selectively destroys vagal sensory fibers only, abolishes carbohydrate and fat-

induced satiation as well [242].  Furthermore, the coeliac vagotomy, which denervates 

the main branch of the vagus that provides innervation to the duodenum, abolishes 

carbohydrate or fat induced satiation [247, 375].  This, along with behavioral evidence 

also demonstrates the duodenum being a major site for nutrient-induced satiation.  For 

example, infusions in the proximal intestine suppress food intake more than distal 

intestinal infusions [248].  However, some recent data still demonstrate a significant role 

of ileal nutrient infusions reducing food intake and elevating plasma intestinal satiety 

peptide levels [376].  



54 

The specific layer of the intestine that underlies vagal mediated signals inducing 

satiation is unknown, however, evidence suggests it is the intestinal mucosa [377].  The 

intestinal mucosa is highly innervated by the mucosal vagal terminals predominantly 

located in the duodenum, and these nerve fibers are relatively unresponsive to 

distention and highly responsive to mechanical changes of the mucosa, which occurs in 

the presence of intestinal nutrients [378-381].  Mucosal afferents penetrate through the 

ENS and muscular layers of the intestinal wall supplying innervations from the lamina 

propia to the intestinal villi.  Despite their relative proximity to enterocytes that readily 

absorb nutrients, and enteroendocrine cells that release intestinal satiety peptide 

release, no experimental evidence has demonstrated that the mucosal endings maintain 

synapses with these intestinal epithelial cell types.  However, in relative lack of this 

anatomical evidence, capsaicin infusions into the intestine, resulting in denervation of 

the submucosal plexus containing the mucosal nerve endings, but not myenteric plexus, 

which contains IGLEs, results in abolishment of intestinal fat-induced satiation [377].  

Thus, the mucosal afferents are a main contributing pathway to intestinal nutrient 

satiation.  Furthermore, because vagal afferents do not come into direct contact with 

intestine luminal contents, but are in close proximity to epithelial cells, the main 

hypothesis is that absorbed nutrients or more likely chemical signals, released in 

response to nutrients, mediate intestinal nutrient satiation between the intestinal lumen 

and vagal afferents. 
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1.2.3.7 Intestinal satiety peptides 

1.2.3.7.1 Cholecystokinin (CCK) 

Cholecystokinin (CCK) was the first discovered gastrointestinal peptide implicated in the 

control of food intake and subsequently coined “satiation signal”. Detected for the first 

time in 1928 by Ivy and Oldberg and later characterized by Jorpes and Mutt [382], it was 

not until 36 years ago when Gibbs et al. published the landmark paper showing that the 

biologically active, synthetic, CCK octapeptide (CCK-8) reduced food intake in the rat 

[383]. Since then, the investigation into the role of CCK on food intake continued 

unabated making CCK one of the most intensely studied gut peptide. Consequently, its 

suppressive effects on food intake have been demonstrated in several species including 

humans [246]. CCK controls food intake by coordinating visceral functions to optimize 

digestion and absorption and by interacting with other short- and long-term meal-related 

signals. CCK may also contribute to satiation by reducing caloric consumption, thus 

exerting its role in the control or regulation of other systems, such as body adiposity. 

CCK is released from discrete enteroendocrine I-cells concentrated primarily 

along the proximal duodenal and jejunal mucosa. The apical surface of the CCK cells 

comes in contact with food components triggering a series of intracellular events 

resulting in the peptide release from the basolateral cell membrane into the circulation 

[384]. Several molecular forms of CCK have been identified and they are derived from 

the 95 amino acid pro-CCK (CCK-5 to CCK-83) with CCK-8 and CCK-58 being the most 

biologically potent in suppression of food intake [385].  

Reduction of food intake by intraintestinal nutrient infusions is thought to exercise 

controls of food intake, which normally are activated when components of a meal enter 
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the duodenum from the stomach. In the rat and other mammals, plasma CCK 

concentrations are elevated in response to intraintestinal products of fat digestion, 

unhydrolyzed protein, and inhibitors of pancreatic trypsin [386-388]. Some, but not all, 

intestinal nutrients stimulate secretion of the gut peptide, cholecystokinin. For example, 

carbohydrates and amino acids do not release CCK in the rat [386] although in humans, 

CCK is released in response to both l-phenylalanine [389] and glucose [390]. CCK 

reduces food intake by acting at CCK-1Rs, located on small unmyelinated vagal 

sensory neurons [391], indicating that the substrate that mediates CCK-induced 

satiation is similar, if not identical, to that which mediates reduction of food intake by 

intestinal nutrients.  Participation of CCK-1Rs in the reduction of food intake by intestinal 

nutrients is well supported by the fact that CCK-1R antagonists attenuate or abolish 

reduction of food intake by intraintestinally infused triglycerides [392], long chain fatty 

acids [238], oligosaccharides [393], and protein [394]. In addition to reversing the 

reduction of food intake observed following exogenous CCK [395] injection or intestinal 

nutrient infusion, CCK-1R antagonists increase food intake when they are administered 

alone denoting an important role of endogenous CCK in controlling meal size [395, 

396]. Taken together, these results suggest a direct relationship between CCK-1Rs and 

control of food intake by intestinal nutrients. 

There is accumulating convincing evidence indicating that CCK mediates 

nutrient-suppression of food intake mainly through a paracrine rather than an endocrine 

mode of action. For example, both suppression of food intake and inhibition of gastric 

emptying by intraintestinal carbohydrate infusions, which do not elevate plasma CCK, 

are attenuated by a CCK-1R antagonist [386]. On the other hand, infusions of proteins 
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that markedly increase plasma CCK concentrations have a marginal effect on reduction 

of sham feeding [386].  Furthermore, administration of a CCK-1R antagonist 

impermeable to the blood-brain barrier attenuates the satiating effects of CCK and 

intestinal nutrients [395] and increases food intake when given alone [395].  Finally, the 

endocrine source of CCK must undergo hepatic portal degradation which renders most 

of the biologically active CCK ineffective in suppressing food intake [397]. Consistent 

with this, very low concentrations of CCK (1-5 picomolar range) is detectable in the 

blood circulation and the only endocrine form of CCK found in the rat is CCK-58 [397]. 

Together, these data overwhelmingly point to a peripheral site of action whereby a local 

source of CCK acting in proximity of vagal afferent fibers may be sufficient to mediate 

reduction of food intake. This is also supported by  studies showing that low doses of 

intraperitoneal, that likely mimic the paracrine mode of action on vagal afferents [398], 

or near-arterial administration of CCK-8 reduces food intake more than higher doses 

when administered intravenously [399].  Whether sufficient amounts of systemically 

administered CCK are able to penetrate the lamina propria and elicit a physiological and 

behavioral effect is unknown. Thus, the exact identity of this source of CCK outside the 

enteroendocrine cells remains to be located. Studies examining receptor affinity indicate 

a relationship between local concentrations of CCK in the GI tract and CCK-1R affinity.  

It is thought that low affinity receptors are localized near areas with high CCK 

concentration while high affinity receptors are in areas with low CCK levels [400, 401].  

For example, administration of an agonist of high affinity CCK-1Rs does not decrease 

food intake [402]. Additionally, work done in vagal afferent preparations shows the 

majority of CCK-1Rs expressed on vagal afferent neurons are thought to be low affinity 
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CCK-1Rs [403].  Together, these data suggest that gastrointestinal CCK acting locally 

on vagal afferent sensory fibers is responsible for nutrient induced satiation. 

 

1.2.3.7.2 Glucagon-like Peptide-1 (GLP-1) 

A number of glucagon-like peptides have been identified with similar biological activities 

that are representative of the proglucagon family.  One such peptide is glucagon-like 

peptide-1 (GLP-1). GLP-1 exerts physiological and behavioral effects by binding to the 

GLP-1 receptor (GLP-1R), which is expressed by central and peripheral nervous 

systems as well as alimentary organs, such as the pancreas.  In addition to the L-cells 

of the GI tract, neurons of the CNS produce GLP-1.  To decrease food intake, GLP-1 

acts through paracrine and endocrine pathways, which stimulate neuronal nuclei 

involved in the control of food intake. 

Intestinal L cells located mainly in the distal ileum and colon secrete GLP-1 in 

response to a variety of nutrient, neural, and endocrine factors. Initially, due to the 

kinetics of meal-induced GLP-1 release, the primary mechanism of GLP-1 secretion 

was thought to be through an indirect, neuro-humoral reflex.  Specifically, GLP-1 

secretion is highest ten minutes post meal ingestion when nutrients are not yet thought 

to make contact with GLP-1 secreting L-cells [404].  While this mechanism induces 

secretion of GLP-1, nutrients are also thought to directly regulate release of the peptide 

[405].  Two pieces of indirect evidence support this.  First, infusion of glucose directly 

into the proximal small intestine results in elevated circulatory GLP-1 levels comparable 

to distal small intestine infusion of glucose [406].  Secondly, recent advances in the 

ability to tag and detect L-cells throughout the GI tract have identified large populations 
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of GLP-1 secreting cells that are also present in the proximal intestinal tissues that most 

likely mediate this rapid release of the peptide [407]. 

The L-cells of the GI tract are open-type endocrine cells, with the apical surface 

strategically positioned to sense intraluminal intestinal nutrients.  Binding of nutrients to 

apical surface membrane proteins is thought to stimulate release of GLP-1.  Some of 

the candidate receptors thought to induce GLP-1 release are gustducin and T1R family 

receptor subtypes [408].  Inside the cells, a vesicular transport system shuttles GLP-1 to 

the basolateral portion of the cell and releases the peptide into the circulation or lymph.  

Thus, GLP-1-secreting cells are in an excellent position to release the hormone in 

response to mixed meals or single nutrients.  Indeed, ingested nutrients cause secretion 

of GLP-1 from the GI tract.  Specifically, peptone or products of protein digestion, such 

as amino-acids, result in secretion of GLP-1 both in vitro and in vivo [409, 410].  Fatty 

acids, triglycerides, and carbohydrates are also potent stimuli for GLP-1 secretion [411]. 

GLP-1 is secreted from cell models via mechanisms that are normally dependent on 

glucose, including sodium-glucose transporters, and potassium-ATP sensitive pumps 

[412].  The increase of circulatory GLP-1 is prolonged in response to complex 

carbohydrates and fiber as well, which can be attributed to the slow digestion of these 

nutrients allowing for greater intestinal transit time, and increasing exposure of nutrients 

to GLP-1 secreting L-cells.  While fasting typically results in low levels of GLP-1, 

blockade of enzymatic GLP-1 degradation results in increased circulatory levels, 

denoting some constitutive release of the peptide [413].  Altogether, these data show 

that nutrients stimulate GLP-1 secretion, thus demonstrating the role of GLP-1 in control 

of food intake. 
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Administration of GLP-1 into either the periphery or central tissues results in a 

subsequent dose-dependent decrease of food intake in several species [414-416].  

Similar to injections of other peripheral satiety agents, such as CCK, GLP-1 limits food 

intake by decreasing meal size; however, at high doses, GLP-1 also decreases meal 

number. Furthermore, chronic administration of the GLP-1R agonist, exendin-4, results 

in reduced bodyweight gain and adiposity [417, 418]. Conversely, blockade by exendin-

9 in fed rats increases food intake [419].  In humans, peripheral administration of GLP-1 

reduces food intake and gastric emptying.  However, the role of endogenous GLP-1 in 

control of food intake in humans is not entirely clear since no studies thus far examined 

the effect of exendin-9 on energy intake.  In contrast, mice lacking the GLP-1R exhibit 

normal eating behavior and are of normal body weight [420]. This has been attributed to 

compensatory up-regulation of other satiation signals derived from the gastrointestinal 

tract, especially hormones co-secreted with GLP-1 from the intestinal L-cells.  Together, 

these data provide strong support that GLP-1 has an important role in energy balance. 

 

1.2.3.7.2 Peptide YY (PYY) 

The intestinal peptide PPY, a member of the pancreatic polypeptide-fold family of 

peptides is synthesized by the L-cells and contains tyrosine residues at its terminus.  

The cleavage of two amino acid residues by DPP-IV produces the major circulating form 

of the hormone, PYY3-36 [421, 422].  PYY mediates inhibition of gastric emptying [423], 

intestinal motility [424], gallbladder contractions [425], and is co-localized in L-cells with 

GLP-1 [426].  Peptide YY is released predominantly in the ileum and colon [424]; 

however, the jejunum also exhibits significant PYY activity [427].  Additionally, 
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circulating PYY, which may be a result of both nutrient- and neural-humoral reflex-

induced secretion, rises shortly following a meal, and levels are highest following 

carbohydrates and protein while fats are also a potent secretagogue of PYY.  Caloric 

content of a meal is also an important determinant of PYY release.  Specifically, 

circulating PYY rises 15 minutes following a meal, peaks approximately between 1 to 2-

h post feeding, and remains elevated for another 4 – 5-h.  The findings that PYY levels 

remain elevated for hours following a meal suggest that it may be a satiety factor, 

promoting a longer intermeal interval rather than decreasing meal size. 

 The finding that peripheral administration of PYY leads to decreases in food 

intake in a variety of species has further lent notion that it can modulate feeding 

behavior.  Effects of injected PYY occur via the Y2 receptor, for which PYY maintains a 

high affinity.  Both the peripheral and central nervous system express the Y2 receptor.  

Specifically, nodose ganglia cell bodies of the vagal afferents express Y2, as does the 

arcuate nucleus.  The main upstream effects of PYY are mediated by the hypothalamus, 

specifically the ARC; however the mode of transmission may occur via two pathways.  

Found in relatively high circulating concentrations, PYY can easily diffuse across the 

median eminence that lacks a functional blood barrier, and bind to ARC Y2 receptors. 

By binding Y2 receptors, PYY down-regulates the orexigenic signals NPY and AgRP 

that are localized in the ARC as well as up-regulating POMC and CART expression in 

neurons.  A second paracrine mode, involving vagal afferents has also been suggested 

to mediate PYY’s effects on the hypothalamus and eating behavior as vagotomy 

abolishes PYY-induced down-regulation of NPY and AgRP as well as its feeding 

suppressive effects.  While an endogenous role of PYY in controlling food intake is not 
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completely clear, several pieces of evidence lend notion to the fact that it plays a role in 

food intake and energy balance. 

 While PYY is elevated in response to macronutrients, and caloric value of a meal, 

fasting results in suppression below typically observed basal levels of circulating PYY.  

Additionally HP feeding results in significantly increased circulating levels of PYY, and in 

humans, feeding a meal high in protein resulted in higher circulating PYY compared to a 

HF or HC meal.  Long-term energy homeostasis also regulates PYY secretion as obese 

individuals display significantly decreased levels of PYY.  For example, fasting and 

post-prandial PYY is negatively correlated with BMI, which may be one reason for 

increased energy intake in this population.  Similarly to humans, DIO rats display 

decreases in peripheral PYY.  Interestingly, surgical interventions for obesity results in 

weight loss and subsequent increases in circulating PYY.  In addition to the obese state 

reducing circulating PYY levels, chronic administration of PYY results in reductions in 

food intake and body weight in animal models.  The most evident endogenous role for 

PYY in the control of body weight and food intake is that PYY deficiency leads to 

hyperphagia and obesity with reversal occurring following PYY treatment.  Despite this 

finding in an animal model, human trials examining the efficacy of PYY to reduce body 

weight have been unfruitful.  However, together, with the use of other peptide hormone 

treatments, PYY may have a place in the curbing of obesity rates.  
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1.2.4. Liver 

1.2.4.1 Hepatic nutrients and feeding behavior 

The liver maintains a wealth of responsibilities that are integral to the functions of many 

systems such metabolizing, detoxifying, and inactivating endogenous hormones as well 

as exogenous chemicals, such as drugs.  Juxtaposed to the intestine and connected via 

the hepatic portal vein, the liver also processes absorbed nutrients, ultimately sensing 

and controlling peripheral metabolism.  The hepatic regulation of food intake was initially 

demonstrated over 50 years ago when infusions of glucose into the liver of dogs 

reduced food intake while infusions of systemic glucose did not [428].  Subsequently, 

this finding was limited by further research that yielded conflicted results, but eventually 

was supported that hepatic portal vein infusions of glucose reduced intake in rats during 

normal feeding [429].  Furthermore, the finding that administration of 2-deoxy-D-glucose 

(2-DG), a competitive inhibitor of glucose uptake and glycolysis, stimulates food intake 

when infused into the liver [430] supported that the hepatic sensing of glucose is 

partially responsible for controlling food intake.  The ability of glucose hepatic portal vein 

infusions to reduce food intake lasts for an extended time following infusion, and is 

determined by the presence of glucose itself, rather than the amount of glucose [431, 

432].  As well as glucose, hepatic infusions of fructose, which is exclusively processed 

in the liver, and cannot enter the CNS, also reduces food intake [433].  The effects 

observed with carbohydrates and portal vein infusions reducing food intake in rats also 

extend to medium to long chain fatty acids [434, 435].  Additionally, inhibition of liver 

fatty acid oxidation increases food intake in rodents [436].  Despite these evidences of 

hepatic nutrients controlling food intake, similar to intestinal nutrient-induced satiation, it 
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the exact events that are responsible for reductions of food intake observed following 

hepatic glucose infusions are unclear.  Similarly to the stomach and small intestine, the 

liver is high innervated by the vagus nerve.  The presence of nutrients in the liver and 

their effects on food intake are mediated at least partially via the vagus.  For example, 

infusion of nutrients in the hepatic portal vein increases vagal firing [437, 438], and the 

increase in food intake following administration of 2-DG is diminished by hepatic branch 

vagotomy or capsaicin application [439, 440].  Additionally, administration of inhibitors of 

metabolism increase neural activation in the caudal brainstem, where vagal afferents 

synapse [439].  Finally, deafferentation of the hepatic vagal branch also increases 

daytime food intake in male rats, resulting in increased daily food intake and 

subsequent weight gain [441]. 

 

1.2.4.2 Hepatic metabolism and feeding behavior 

Although nutrient infusions into the hepatic portal vein decrease food intake, the 

majority of evidence linking the liver to controlling food intake suggests that the energy 

status of the liver is more important than the nutrient itself in regulating feeding.  In the 

normal physiological state, fasting, which stimulates food intake, is associated with 

decreases in liver energy status [442].  The specific evidence that hepatic energy status 

is important in controlling food intake comes from administration of metabolic inhibitors.  

For example, infusion of the fructose analogue, 2,5-anhydro-D-mannitol increases food 

intake in rats [443].  In the liver, the end step of processing this analogue is 

phosphorylation, which decreases free phosphate levels in hepatocytes [444].  The 

decrease in free phosphates in the liver leads to decreases in phosphorylation of ADP 
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to ATP, leading to negative energy balance signaling at the cellular level as evidenced 

by the ADP:ATP ratio [445].  In this case, the energy status induced by the fructose 

analogue is the primary cause of increasing food intake as treatment with sodium 

phosphate increases liver ATP levels and prevents the feeding behavior effects of 2,5-

anhydro-D-mannitol [446].  Further evidence of hepatic cellular energy levels being 

responsible for the hepatic control of food intake comes from the finding that decreasing 

ATP via a phosphate-independent mechanism increases food intake [447].  Collectively, 

these data demonstrate that hepatic energy status is influential in feeding behavior. 

 

1.2.4.3 Obesity and hepatic metabolism 

The obese state is associated with decreased liver catabolism, and reduced fatty acid 

oxidation specifically plays an important role in the development of obesity.  For 

example, while animals are lean and feeding a low-fat diet, fatty acid oxidation is 

correlated with weight gain during subsequent HF diet feeding [448].  Specifically, a 

lower rate of fatty acid oxidation in obesity prone animals during LF feeding is correlated 

with increased weight gain on a HF-diet.  Furthermore, when lean and fed a LF diet, 

obesity prone animals oxidize less fat than obesity resistant animals [16].  The specific 

mechanisms for the decreased fatty acid oxidation in these animals is not clear; 

however, it is associated with decreased expression of the rate limiting step of fatty acid 

oxidation [16].  An endogenous role for the decreased expression of this rate-limiting 

enzyme partially in DIO comes from the finding that administration of fenofibrate, which 

attenuates hyperphagia and body weight gain in obesity prone animals fed a HF-diet 

results in up-regulation of fatty acid oxidation [449].  Further direct evidence of fatty acid 
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oxidation leading to perturbed energy balance is the finding that inhibition of oxidation 

leads to increases in food intake and body weight in lean animals [450, 451].  Thus, liver 

energy status, due to decreased fatty acid oxidation, is hypothesized to contribute to 

obesity.  As such, basal hepatic ATP concentrations in humans are inversely correlated 

with BMI [452].  Additionally, the inability to increase hepatic ATP in response to hepatic 

ATP depletion is correlated with obesity [453].  Collectively, these results demonstrate 

that the obese state is associated with decreased fatty acid oxidation and may be one 

underlying factor contributing to the obese state. 

 

1.3. Microbiota 

The mammalian associated microbiota is comprised of three life domains (Bacteria, 

Archaea, and Eukarya), and the term for this population was first introduced in the 

middle of the 20th century [454].  While the collective term “microbiota” refers to all the 

microorganisms inhabiting a eukaryotic organism, the focus from here forth will focus 

solely on the gut microbiota, which is found throughout the gastrointestinal tract, but 

predominantly the distal small intestine and colon.  The gut microbiota consists of both 

indigenous and non-indigenous microbes [455], which are responsible in maintaining 

intestinal function, and at first, were greatly underestimated in number.  The gut 

microbiota is an enormous population, containing 1014 organisms, which outnumbers 

the host cell number 100 to 1 [456].  Of interest in intestinal function and energy 

homeostasis are the two largest phyla of the gut microbiota: Bacteroides and Firmicutes, 

which account for approximately 10 - 20 and 60 - 80% of the dominant bacterial 

population, respectively [457].  The gut microbiota of an organism is acquired at birth 
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[458], and varies throughout age [459] and exposure to environmental factors, such as 

diet [460]. 

 

1.3.1 Microbiota and energy harvest 

The majority of nutrients ingested from a typical diet are digested via enzymes that are 

produced by the mammalian host.  However, ingested dietary fiber, which contains 

acetal β linkages, is unable to be digested by mammalian produced enzymes.  

Interestingly, the gut microbiota displays high activity of various glycosylhydrolases, 

which are capable of digesting β linkages found in dietary fibers [461].  The result of this 

hydrolysis, combined with the lack of oxygen in the distal intestine, results in the 

production of SCFA and gases in the distal intestine.  The SCFAs that are produced in 

the distal intestine are predominantly acetate, propionate, and butyrate [462, 463], 

which are absorbed in the colon.  The resulting SCFAs from fiber digestion supply 

energy for the colonic epithelium [464], or transported to various tissues, such as the 

liver, cardiac  and skeletal muscle [465], or adipocytes [466].  Furthermore, increasing 

the amount of dietary fiber can increase SCFA production, and energy derived from 

dietary fiber intake has been estimated to be approximately 10% of the daily total 

energy intake [21, 465].  While this may seem relatively meager to the total daily energy 

intake, initial studies have shown that conventional animals with an intact gut microbiota 

can eat 30% less food daily than germ-free (GF) animals, which lack the gut microbiota, 

and maintain similar body weights [467]. 
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1.3.2 Microbiota and intestinal morphology 

Animals bred to be GF are especially useful in determining the contribution of the gut 

microbiota to a variety of behavioral, physiological, endocrine, and metabolic functions.  

Preliminarily, the contribution of the gut microbiota to overall energy balance was not as 

apparent as its contribution to intestinal morphology and physiology.  Perhaps the 

greatest visual difference between GF and CV animals is the substantially increased 

colon size and contents [468].  At the microscopic level, the morphology of the intestine 

in GF animals is distinctively different from the CV animals as GF rats display 

significantly smaller mucosal surface area, which is marked by decreases in intestinal 

crypt cell depth [469].  These findings are most likely due to proliferative factors as 

epithelial cell renewal rate is decreased in GF animals.  Specifically, the transit time 

from crypt to villus peak is twice as long in GF mice relative to CV controls [470].  This is 

accompanied by an increase in the time for generating duodenal crypt cells, which is 2-

h longer in the GF mouse [471].  This is also found in the colonic epithelium as well, 

which is marked by significant decreases in cell proliferation in GF rats, which is fully 

reversed by the inoculation of GF animals with microbiota [472]. 

Gastrointestinal physiology is also slightly altered in the GF animal, which is 

perhaps a function to compensate for morphological and digestive changes observed.  

Most studies examining gastric emptying in GF animals have found a slower rate of 

emptying [312, 473].  As well, intestinal transit time measurements have shown that 

both GF rats and mice display slower intestinal transit of a radioactively labeled meal 

[474, 475].  In addition to this effect of the microbiota on the intestine morphology and 

physiology, the absence of the gut microbiota leads to significant increases in 
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disaccharidase levels in the proximal small intestine as well as the distal intestine [476, 

477].  While the apparent reasons for the increase in the proximal small intestine are 

unknown, the increase in distal intestinal activity to disaccharidases may be due to lack 

of bacterial inactivation of these enzymes [478].  Despite these changes, the absence of 

the gut microbiota does not lead to any other significant alterations in digestive 

machinery compared to the CV animal [479].  The effects of the microbiota on intestinal 

absorption are less known, however, recent evidence suggests impaired glucose 

absorption is present in GF animals [21]. 

 

1.3.3 Microbiota and intestinal endocrine function 

While studies examining nutrient digestion in GF animals are relatively scant, the gut 

microbiota has an influential role on GI endocrine function.  For example, in the small 

intestine GF mice display decreased CCK immunoreactivity of gut peptides compared to 

control animals [480].  This effect is also present in the colon as well; however, colonic 

immunoreactivity of CCK is lower than in the small intestine [481].  Examinations of 

enteroglucagon, the precursor for GLP-1, and PYY levels in GF and CV animals, 

however, have demonstrated that both peptides are increased in GF rats, yet decreased 

in the GF mouse.  The first study, examining the effects of various fiber products on 

circulating enteroglucagon and PYY levels during refeeding demonstrated GF rats 

display increased circulating levels of both PYY and enteroglucagon relative to CV 

controls during refeeding [482].  Consecutive studies from another laboratory 

demonstrated that GF rats display increased enteroglucagon immunoreactivity in the 

proximal compared to CV controls and density of PYY and enteroglucagon reactive cell 
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number was significantly increased in GF animals as well [483, 484].  Finally, a more 

recent study has shown that GF mice display decreases in circulating PYY, an effect 

attributed to the lack of SCFA normally present from microbial fermentation [312].  

Collectively, the effect of these alterations in intestinal satiety peptides in the GF model 

on food intake is not clear as relatively few studies have examined feeding behavior in 

this model.  Despite this, the absence of the microbiota clearly alters the level of 

intestinal satiety peptides. 

 Dietary supplementation with soluble fibers and starches, which are collectively 

referred to as “prebiotics,” has recently shown promise as a means of manipulating gut 

peptides levels and potentially food intake as well.  Typical prebiotic fibers include 

dietary resistant starch and inulin, both of which are hydrolyzed by the wealth of 

bacterial glycohydrolases in the distal intestinal.  The addition of prebiotics to various 

diets, spanning from low-fat to HF and even high-protein have demonstrated an 

increase in GLP-1 levels relative to the respective control diet following this 

supplementation [485, 486].  Surprisingly, this occurs in obese animals that display 

insulin resistance or impaired glucose metabolism, which would signify the ability of 

prebiotics to ameliorate metabolic impairments.  In addition to GLP-1, dietary prebiotic 

supplementation also increases intestinal and circulating PYY [487].  Interestingly, as 

well as increasing circulating GLP-1 and PYY, the addition of dietary prebiotics up-

regulates arcuate nucleus expression of POMC, a potent central peptide that reduces 

food intake, as well as decreases in plasma leptin [488].  Whether this effect is 

mediated by the alterations in circulating GLP-1, PYY, or leptin is unknown given all of 

these peptides influence on central POMC expression; however, it is independent of 
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vagal signaling [488].  Interestingly, reduced food intake and adiposity in rats fed 

prebiotics may be an effect of ameliorating the inflammatory state associated with 

obesity as well. 

 

1.3.4 Microbiota and inflammation 

The obese state and other metabolic pathological states are associated with low-grade 

inflammation, which is marked by increased secretion of adipokines and cytokines from 

various tissues [489, 490].  The term “cytokine” is typically used to refer to 

immunomodulating factors, which comprises a large group of molecules emcompassing 

interleukins and interferons.  Originally, cytokines were thought to be produced 

predominantly or exclusively by macrophages, which play an integral role in immune 

function; however 15 years ago the discovery that adipocytes secrete cytokines 

(predominantly TNF-alpha and IL-6) that impair metabolism reevaluated the role of 

adipose tissue on metabolism and the obesity [490].  Furthermore, increases in 

adiposity are associated with increased macrophage infiltration of adipocytes [491, 492].  

While macrophages and adipocytes share similar pathways to differentiation, and 

macrophages may be locally produced in adipose tissue, isolated macrophages from 

adipose tissue display bone marrow lineage.  As well as obesity itself, nutritional 

regulation of obesity may also occur with and high fat meals inducing post-prandial 

inflammation [493]; however, the ability to separate obesity from diet and its role on 

systemic inflammation is relatively difficult as rodent models fed high sugar or HF diets 

are typically obese [494].  Recently, the systemic inflammation that occurs during HF 

feeding and obesity has been attributed to the gut microbiota [495]. 
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 Intestinal epithelial cells that come into contact with the intestinal microbiota 

express various receptors that display affinity for bacteria-related products.  For 

example, intestinal cells express an abundance of toll-like receptors (TLRs), which 

respond to foreign molecules and trigger the inflammatory process [496].  During HF-

feeding, the circulating levels of the bacteria-produced inflammatory molecule 

lipopolysaccharide (LPS) are increased.  As such, this display of increased systemic 

LPS is defined as “endotoxemia” [497] (Figure 10).  Through various efforts, LPS was 

shown to be responsible for the accompanying metabolic derangements displayed 

during HF-feeding as knockout of LPS-related receptors prevented impaired metabolism 

and obesity [498, 499].  Furthermore, the intestinal bacteria is most likely the cause of 

the increased circulating LPS as LPS is an integral component to the cellular membrane 

in Gram-negative bacteria and increases in the ratio of Gram-negative to Gram-positive 

bacteria are associated with HF feeding [497].  Additionally, while HF-feeding increases 

plasma LPS, treatment against Gram-negative bacteria with antibiotics in the water of 

mice, which induces little effects systemically, ameliorates increases in plasma LPS and 

associated pro-inflammatory markers.  Furthermore, this treatment decreases insulin 

resistance as well as visceral adiposity despite increases in food intake [500].  More 

recently, the role of HF-diet induced increases in bacterial LPS has also been extended 

to influencing vagal signaling.  Specifically, HF-diet fed obese, but not non-obese, 

animals display increases in intestinal and circulating LPS [460].  Furthermore, vagal 

afferent neurons of these animals are resistant to leptin, which may be a cause of their 

hyperphagia [501].  This effect is may be due primarily to LPS as vagal afferents display 

TLR4 [502], which is a co-receptor for LPS, and application of LPS to vagal afferent 
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neurons results in leptin resistance [501].  Thus, while the gut microbiota clearly 

contributes to systemic inflammation, this effect may alter pathways that control food 

intake while promoting metabolic impairment leading to pathological states, such as 

obesity and/or diabetes. 

 

Figure 10: Mechanisms by which microbiota and increased intestinal permeability lead to 

metabolic impairment.  In obese animals that are normally fed HF-diets, bacterial LPS production 

is increased, and when entering the circulation, triggers an inflammatory response in peripheral 

organs, such as the liver, adipose tissue, and the hypothalamus.  Ensuing peripheral low-grade 

inflammation leads to impaired insulin sensitivity and metabolic dysregulation [503]. 

 

1.3.5 Gut microbiota and obesity 

The role of the gut microbiota in obesity is becoming increasingly clear with 

accumulating evidence.  The first study to establish the effect of the microbiota on daily 
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energy regulation and adiposity established that the lack of microbiota in a mouse 

model drastically reduces adiposity during standard rodent diet feeding [21].  When 

given microbiota from a donor mouse, a process referred to as “conventionalization,” 

GF mice increase adiposity by 60% within two weeks.  Similarly, GF mice are protected 

from DIO maintaining significantly less adiposity relative to conventional (CV) mice. This 

effect is independent of increases in daily energy intake as conventionalized animals 

display lower daily food intake relative to GF animals in both low-fat and HF diet feeding.  

Decreased adiposity in the GF animal also is associated with inhibition of hepatic 

lipogenesis as conventionalization induces increases in nuclear response elements 

carbohydrate regulatory element binding protein (ChREBP) and sterol regulatory 

element binding protein-1 (SREBP-1), both of which regulate lipogenesis.  The 

mechanism of decreased hepatic lipogenesis in the GF animal is most likely due to 

decreased absorption of glucose, as conventionalization also increases glucose uptake 

in the small intestine.  Thus, by decreasing the amount of glucose shunted to the liver 

via the hepatic portal vein, hepatocytes increase inhibition of lipogenesis in GF animals.  

Furthermore, the liver of GF mice displays increases in phosphorylated AMPK and 

ACC-1, which are potent inhibitors of lipogenesis.   

While these factors clearly demonstrate a shift towards peripheral catabolism, the 

proposed mechanism by which GF animals display decreased adiposity relative to CV 

animals is through increased expression of FIAF, a regionally expressed inhibitor of LPL 

[504, 505], which is involved in the rate limiting step of increasing circulating fatty acid 

uptake in adipocytes.  For example, GF FIAF KO animals display similar levels of 

adiposity as CV animals during both low-fat and HF feeding [21].  These data 



75 

demonstrate that the gut microbiota regulates adiposity and the absence of the gut 

microbiota leads to severely decreased adiposity.  While the majority of studies have 

demonstrated that GF mice indeed display severely diminished adipose deposition, one 

study in a GF mouse model different from that of previous GF studies demonstrated no 

effect of the absence of the gut microbiota on adiposity levels [506].  The authors of this 

study used the C3H mouse model in both the GF and CV state and conducted a series 

of experiments using low- and HF diets as well as a HF, high sucrose western diet, 

similar to that of previous studies in GF mice.  Feeding the LF and HF diets, GF mice 

displayed similar and increased levels of adiposity, respectively, relative to CV animals 

feeding the same diet.  However, similar to previous studies performed in GF mice, 

adiposity levels were significantly decreased in GF animals relative to CV controls when 

fed a western diet.  While the authors of this study found varying levels of adiposity in 

GF animals relative to CV controls across three different diets, the GF state was always 

associated with up-regulation of intestinal FIAF.  Furthermore, the authors of this study 

could not detect circulating FIAF, raising the question of the role of intestinal FIAF in 

metabolic alterations in GF animals.  The authors postulated that the high sucrose 

concentration of the western diet, but not LF and HF diets contributed to the obesity in 

CV animals, which was absent in the GF group.  Despite this, work from Rabot et al. 

[507] demonstrate that feeding a HF-diet with low sucrose content results in decreased 

adiposity in GF mice relative to CV controls in the C57Bl/6J mouse model.  Thus, the 

differing strain of mice in this study cannot be excluded as a possible reason for these 

conflicting results.   
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Additional studies have shown the gut microbiota in the obese state is 

responsible for further increases in adiposity relative lean animals [22, 508].  Data from 

Ley et al. [457] demonstrate that the obese state is associated with alterations in gut 

microbiota populations.  Specifically, the obese ob/ob mouse displays a 50% reduction 

in Bacteroidetes population, which is compensated by a 50% increase in Firmicutes 

population.  As Firmicutes are fermenting bacteria [509] that release an abundance of 

SCFA in response to the breakdown of polysaccharides found in the diet, these bacteria 

may contribute to increased energy extraction from the diet leading to further perturbed 

energy balance [21].  The direct evidence for the gut microbiota of ob/ob mice playing at 

least a marginal role in obesity came from a follow-up experiment in which the same 

group implanted microbiota from lean mice or ob/ob mice into GF animals [508].  In 

doing this, it was discovered that GF animals conventionalized with ob/ob microbiota 

resulted in increased adiposity levels relative to conventionalized animals receiving lean 

donor microbiota.  Similar to the ob/ob mouse, DIO mice display phylogenic shifts of the 

gut microbiota with Bacteroides decreasing and proportional increases in Firmicutes 

[510].  Additionally, conventionalization of GF animals with the DIO microbiota leads to 

further increases in adiposity than conventionalization with lean donor microbiota.  

Surprisingly, placing DIO donors on a carbohydrate or fat restricted diet results in 

attenuation of this effect demonstrating that adiposity, rather than macronutrient content 

is responsible for changes in gut microbiota populations in DIO animals.  In addition to 

mouse models, obese humans display reductions in Bacteroidetes populations with 

proportional increases in Firmicutes, independent of diet composition [511, 512].  Thus, 

collectively, these studies show that the presence of gut microbiota leads to adipose 
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deposition through increases in energy harvest via bacterial population changes as well 

as altering peripheral hepatic and skeletal muscle metabolism.  Together, these findings 

demonstrate a clear role for the microbiota in adiposity and the possible distinct 

population of an “obese microbiota”; however further experiments have challenged the 

hypothesis of a distinct microbiota population during obesity [460, 513]. 

 When feeding an obesigenic diet, the growth curves of animals vary greatly and 

in some instances, subsets of populations can be selected as resistant to DIO (DR) 

when animals display similar adiposity to that of chow-fed controls [514].  To assess 

whether diet is a factor in altering gut microbiota populations independent of obesity, 

Hlidebrandt et al. [513] used a genetically engineered KO model that is resistant to DIO 

during HF-feeding.  Surprisingly, gut microbiota populations were similar in the wild-type 

DIO animals and the lean KO model.  Similarly, in an outbred DIO and DR rats fed a 

HF-diet, gut microbiota populations are similar; however, HF-feeding reduces the total 

bacteria number, with increases of Bacteroidiales and Clostridiales, the dominant orders 

of the Bacteroidetes and Frimicutes phyla, respectively [460].  Interestingly, despite 

sharing similar bacterial populations, the response to these populations in DIO and DR 

animals differ.  Specifically, DIO animals display increased Toll-like receptor-4 (TLR4) 

activity, which is a co-receptor to lipopolysaccharide (LPS), and decreased alkaline 

phosphatase activity, which serves to neutralize LPS.  Ultimately, increases in TLR4 

activation was associated with increased intestinal permeability in DIO animals, with 

subsequent increases in circulating inflammatory markers.  Given the interaction of the 

inflammatory pathways and metabolic impairments, the response of DIO animals to the 

altered gut microbiota population due to HF-feeding clearly plays a role in their obesity.  
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Together, these findings demonstrate that diet may be a more important factor in 

determining gut microbiota populations in rat models, and have yielded a recent 

hesitation to accept the term “obese microbiota.”  Despite this, whether due to 

population changes during HF-feeding or the obese state, or the hosts’ response to 

bacterial-produced agents, the microbiota plays an important role in regulating energy 

balance. 

 

1.4. Overall significance and experimental outline 

The gastrointestinal (GI) tract is a specialized sensory system that detects and 

responds to incoming luminal factors including nutrient-derived signals and micro-

organisms.  Significant progress has been made in understanding the events underlying 

chemosensory functions of the gut, but the exact mechanisms involved in nutrient 

detection are not well understood. In addition to nutrients as previously discussed, the 

intestinal epithelium comes in direct contact with trillions of micro-organisms that affect 

gut absorptive, morphological, physiological, and endocrine functions and liver 

metabolism.  Recently, there has been emerging evidence implicating the gut 

microbiota in energy metabolism and obesity [21, 22, 460, 495, 508].  Sweet 

substances and fats are known to stimulate intake both at the level of the oral cavity [30], 

as well as the reinforcement through post-oral influences [348].  Furthermore, the 

effects of nutritive components of a meal, such as sugars and fats are potent inhibitors 

of food intake [238, 242, 243].  Despite these evidences that the gut microbiota and 

nutrients influence peripheral factors controlling food intake, data on how the gut 

microbiota regulates energy intake and furthermore, intake of specific macronutrients, 
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such as sweet substances and fat, is scant.  Thus, the significance of the proposal of 

this thesis is three-fold.  First, it establishes the importance of the gut microbiota in 

regulating oral factors regulating food intake, specifically sweet and fat taste.  Secondly, 

it determines the effect of the gut microbiota on post-oral factors regulating nutritive 

sweet and fat intake.  Thirdly, it demonstrates the role of the absence of gut microbiota 

in hepatic and adipocyte metabolism, which may control food intake and are ultimately 

associated with body adiposity. Together, the significance of this proposal are to 

demonstrate the effects of the absence of the gut microbiota on taste and intestinal 

nutrient detection, intestinal satiety peptides regulating food intake, peripheral 

metabolism, and how these alterations in GF animals are associated with adiposity. 

To establish the role of the gut microbiota in oral and post-oral factors controlling 

food intake, a series of studies have been conducted to address the following three 

specific aims:  

 

1.4.1 Specific Aim 1: How the absence of gut microbiota affects oral and post-oral 

detection of sweet nutrients as well as intestinal sugar transporters 

In mice, the absence of gut microbiota results in decreased absorption of a radiolabeled 

glucose gavage when measured from the distal intestine [22].  However, in GF rats, the 

expression of the predominant transporter regulating glucose absorption, SGLT1, is 

increased in the distal intestine [251].  As well, GF mice exhibited marginal increases in 

consumption of a palatable western diet, which is comprised of a high sucrose content 

[22].  The effects of the microbiota on oral nutrient detection and proximal intestinal 

nutrient detection and physiology are not clear, despite data demonstrating increased 
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dissaccharidases in the proximal intestine [477] and decreases in proximal intestine 

surface area in GF animals [470].  Whether these alterations in intestinal enzymes and 

nutrient transporters lead to alterations in sweet solution intake remains unexamined.  

The results of Chapter 2 demonstrate the association of intestinal carbohydrate 

detection and transport, with increased nutritive sweet solution intake in GF mice. 

 

1.4.2 Specific Aim 2: How gut microbiota affects oral and post-oral detection of lipids 

and associated changes in nutrient-responsive GPRs and intestinal satiety 

peptides. 

The GF state is characterized as that of mimicking fasting, with depleted adipose depots 

[21, 22].  As well, fatty acid receptors in the distal intestine of GF rats are significantly 

up-regulated, denoting a possible role of the microbiota in intestinal fat sensing [312].  

Fat is a calorically dense nutrient that when exposed only to the oral cavity is highly 

preferred during both the fed and fasting condition [77].  Increased fat metabolism, 

which is observed during the fasting state and HF feeding, is also associated with 

increased intake of fats [73].  The mechanisms responsible for intestinal fat detection 

and fat-induced satiation, however, are less understood, but are mediated by CD36 

[303], intestinal GPRs [91-93], and satiety peptide release [238, 419].  Results of 

experiments examining the hypothesis that GF mice display increases in oral factors 

promoting fat intake and decreases in intestinal fatty acid receptors and satiety peptides 

are presented in Chapter 3. 
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1.4.3 Specific Aim 3: How gut microbiota affects host liver, intestinal, and adipose 

metabolic parameters in a GF rat model. 

Hepatic and adipose metabolic function has a significant impact on adiposity and the 

regulation of energy balance.  Previous studies using the C57Bl/6J GF mouse model 

have found that the GF state is characterized by decreased body adiposity, increased 

lipolysis [21], and protection from HF diet-induced obesity [22] .  Despite these findings 

in the C57Bl/6J model, another strain of GF mice was found to exhibit similar adipose 

deposition as CV controls during LF or HF-feeding [506], denoting a possible effect of 

strain and/or animal model on the absence of gut microbiota influencing body adiposity.  

To examine whether absence of a gut microbiota in the rat is associated with behavioral, 

phenotypic, and metabolic changes similar to those reported in the mouse model, 

Chapter 3 contains results of adiposity, hepatic and adipose metabolism, and adipocyte 

morphology in the Fisher 344 (F344) GF rat model. 
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2 Specific Aim 1: How the absence of gut microbiota affects oral and 

post-oral detection of sweet nutrients as well as intestinal sugar 

transporters 

2.1 Introduction 

A potential role of gut microbiota in influencing food intake, energy homeostasis and 

weight gain in mice has been suggested.  As such, GF mice consume more standard 

chow while maintaining significantly lower levels of body fat [21].  Additionally, GF mice 

consume more of a palatable western diet, in which a large portion of energy comes 

from carbohydrates, despite being resistant to DIO [22].  In the colon of GF mice, 

expression of fatty acid responsive receptors is increased [312], and expression of 

colonic SGLT1 is increased in GF rats [251] while GF mice display decreases in distal 

measurements of glucose absorption [21].  Whether the gut microbiota modulates 

expression of sweet nutrient-responsive receptors and transporters in the proximal 

intestine, where nutrients are largely sensed and absorbed, is unknown.  Thus, in this 

first study, we examined preference and intake of nutritive (sucrose) and non-nutritive 

(saccharin) sweet solutions in germ-free (GF, C57BL/6J) mice compared with normal 

(NORM, C57BL/6J) control mice using a two-bottle preference test and associated 

changes in proximal intestine expression of the sweet receptor, T1R3, and the luminal 

glucose transporter, SGLT-1. 
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2.3 Summary of results and conclusions 

In the current study, we found that GF mice display increased intake of a highly 

concentrated sucrose solution, which leads to increased daily energy consumption from 

sucrose.  This is most likely dependent upon intestinal rather than oral factors as we 

found no differences in the preference or consumption of the non-nutritive sweetener 

saccharin, similar expression of lingual sweet receptors in GF and NORM mice, but 

increased intestinal T1R3 and SGLT-1.  The increased consumption of highly 

concentrated sucrose solutions is most likely due to the energy of this sweet solution as 

GF mice display significantly decreased energy stores, which leads to increased energy 

intake.  Furthermore, this effect may be mediated by glucose sensing via T1R3 and/or 

SGLT-1.  As such although T1R3 deficient mice display normal preferences of sucrose 

after intestinal exposure [42], and intestinal sucrose infusions can condition flavor 

preferences in these animals [340], they still exhibit decreased consumption of sucrose 

solutions [42].  The exact mechanism of increased T1R3 is not apparent from this study 

alone; however, because GF animals display a marked reduction in intestinal surface 

area [470], which normally would lead to decreases in nutrient absorption.  Increases in 

T1R3 and SGLT-1 may be a means of compensation to these observed morphological 

differences.  We did not measure glucose absorption in these animals, but despite this, 

we observed no signs of glucose malabsorption, which could occur with the 

consumption of such large volumes of sucrose.  The increased T1R3 may be due to the 

fact that GF animals display increases in brush border disaccharidases [477], which 

would lead to higher levels of luminal glucose that stimulate T1R3 expression in GF 

mice [274] .  In turn, as previously demonstrated, increased stimulation of T1R3 would 
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lead to increased SGLT-1, allowing for greater absorption of luminal glucose [265].  

Collectively our data demonstrate that GF animals consume more of a highly 

concentrated nutritive sweet solution than NORM animals and this is associated with 

increased intestinal T1R3 and SGLT1 expression in the proximal intestine. 
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3 Specific Aim 2: How gut microbiota affects oral and post-oral 

detection of lipids and associated changes in nutrient-responsive g-

protein coupled receptors (GPRs) and intestinal satiety peptides. 

3.1 Introduction 

The results from Chapter 2 demonstrate that mice lacking gut microbiota over consume 

increasing amount of calories from nutritive sweet solutions, a phenomenon associated 

with increased expression of intestinal “sweet” sensing receptors [515].  The western 

diet in which GF animals consume more of than CV mice is highly comprised of dietary 

fat as well.  While expression of colonic fatty acid receptors that contribute to intestinal 

satiety peptide release in GF mice are increased [312], the relative expression in the 

proximal intestine, which predominantly contributes to intestinal nutrient satiation, is 

relatively unknown.  Therefore, to examine whether our results in Chapter 3 extends to 

other nutrients, and may be another reason for GF mice’s increased consumption of a 

western diet, we tested intake and preference of intralipid emulsions (IL, 0.156, 0.313, 

0.626, 1.25) in germ free (GF) and control (NORM) mice.  Furthermore, we measured 

the associated changes in expression of lingual CD36 from the posterior lingual 

epithelium, intestinal fatty acid receptors and satiety peptide expression, and circulating 

levels of satiety hormones in GF and NORM mice. 
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3.2 Increased oral detection, but decreased intestinal signaling for fats in 

mice lacking gut microbiota 

Introduction 

By the year 2030, half of the American adult population is predicted to be obese, 

which is attributed primarily to increased caloric intake [516].  As such, the large 

contribution of calories from dietary fats may play a major role in the development of 

obesity.  Despite the strong link between dietary fat intake and obesity, the factors 

leading to the over consumption of, and preference for, fats are less clear, but may be 

due to oral, intestinal, and metabolic influences.  For example, rats rapidly consume oils 

during sham feeding, a process that limits post-oral feedback [77], while post-oral 

infusion of fat conditions flavor preferences in rats and mice [33, 517].  Furthermore, 

animals efficient in fat digestion or metabolism consume more fat than inefficient fat 

digesting and metabolizing counterparts [73].  Intestinal and metabolic factors are 

profoundly influenced and modulated by the presence of trillions of microbes residing in 

the intestinal tract, collectively referred to as the gut microbiota, which contribute to 

altered energy intake and increased adiposity.  Recent studies have linked the gut 

microbiota to obesity and associated alterations in metabolism.  For example, germ-free 

(GF) animals, lacking gut microbiota, are significantly leaner on a standard rodent chow 

diet than normal (NORM) animals with an intact microbiota despite consuming more 

energy [21].  Furthermore, most studies show that GF-mice are resistant to diet-induced 

obesity from a HF or western diet [22, 507], although in one recent study; albeit in a 

different strain, GF mice gained more weight and body fat than NORM mice on a similar 

calorie HF diet but differing ingredient composition [506]. The resistance to fat 
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deposition in GF mice appears to be due to several mechanisms, including decreased 

hepatic de novo lipogenesis.  As well, increased systemic lipolysis through increased 

expression of fasting induced adipocyte factor (FIAF), an intestinal lipoprotein lipase 

(LPL) inhibitor, which results predominantly from decreased extraction of energy from 

the diet[22] may play a role in the protection from obesity in GF mice, although the role 

of FIAF in the relationship between gut colonization and adiposity has been recently 

disputed (see [506]).  In addition to influencing host metabolism, the absence of gut 

microbiota leads to alterations in intestinal morphology and physiology.  We have 

recently demonstrated that GF mice exhibit increased “sweet” nutrient receptors and, 

sodium glucose-like transporter 1 (SGLT1) expression in the proximal intestine which 

was associated with increased sucrose intake [518].  The contribution of nutrient 

receptors to increased caloric intake in GF animals is not known, however, activation of 

nutrient responsive receptors leads to release of intestinal satiety peptides, such as 

CCK, GLP-1 and PYY [92, 93, 312].  Further evidence linking the gut microbiota to 

intestinal satiety peptides is the demonstration that GF mice conventionalized with 

donor microbiota display an increase in plasma PYY [312], while prebiotic treatment 

increases circulating GLP-1 and PYY with concomitant decreases in plasma ghrelin 

[486].  Together, these results suggest that alterations in nutrient sensing and peptide 

hormones influencing fat ingestion due to lack of microbiota may result in altered fat 

intake in GF animals. 

In addition to the influence of intestinal nutrient sensing on long-term 

consumption of dietary fats, oral factors also play an important role in the detection of, 

and preference for, fats.  As such, mice lacking CD36, a putative fatty-acid translocase 
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located on the posterior lingual epithelium, are unable to develop preferences for low 

concentrations of oil [101].  Interestingly, expression of CD36 is determined by a variety 

of factors, including diet and energy status.  For example, obese and non-obese 

animals consuming a HF-diet display decreased expression of CD36 compared to LF-

fed or non-obese controls [519].  Conversely, during fasting, mice exhibit increased 

expression of CD36, an energy state associated with increased detection of fats [519, 

520].  Because GF mice display marked reduction in adiposity, reflecting a state of 

energy deprivation, they may also display increased CD36, leading to increased 

detection or consumption of fats.  Therefore, to examine the impact of the absence of 

the microbiota on fat intake and preference we first employed two-bottle 48-h access to 

increasing concentrations of intralipid emulsions in GF and NORM C57Bl/6J mice.  

Secondly, to assess changes in fat detection components and possible mechanisms 

involved in increased caloric intake, we measured expression of fatty acid sensors and 

receptors in the lingual and proximal intestine epithelium as well as peptide content and 

circulating satiety peptide levels in GF and NORM mice.  Finally, we measured plasma 

lipid metabolites and quantified the enteroendocrine cells in the proximal (duodenum, 

jejunum) and distal (ileum, colon) intestine of both groups.  

 

Methods 

Animals 

Throughout all experiments, male C57BL/6J GF mice (n=10) from our germ-free 

colonies, originally derived from Charles River colonies (ANAXEM, Jouy-en-Josas, 

France), and normal (NORM) mice (n=10) (Charles River, France) were housed 
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individually in polycarbonate cages with cedar bedding.  Each group (GF or NORM) was 

housed separately in two Trexler-type isolators (Igenia, France).  Throughout the 

studies, sterility of the germ-free isolator was verified through weekly analysis of mouse 

fecal samples.  Both groups of mice received similar autoclaved, deionized water and 

irradiated standard rodent chow (Safe Diets, Belgium) ad libitum, unless noted 

otherwise.  They were allowed a minimum of one-week acclimation before experimental 

manipulations began.  Procedures were carried out in accordance with the European 

Guidelines for the Care and Use of Laboratory Animals. 

 

48-h two bottle preference tests 

Ten-wk old GF and 9-wk old NORM mice weighing 27.1 ± 0.3g and 24.5 ± 0.5g 

respectively, were given access to intralipid emulsions that were prepared on the basis 

of percentage of soybean oil (0.156, 0.313, 0.626, 1.25 % oil (v/v)) in ascending 

concentrations, and water during 48-h two-bottle testing.  Due to technical logistics, only 

eight out of the 10 rats for each group were used for testing. At the beginning of each 

test, mice were weighed, the water removed and replaced with 2 similar 250-ml plastic 

bottles with the spouts penetrating from the top floor of the cage at 2-4 cm distance from 

the floor and 5-6 cm apart. The positions of the two bottles were alternated every 24-h 

to control for side preference.  Bottles were weighed at the beginning and end of each 

24-h test.  Between each test, mice received one-bottle access to water.  In previous 

experiments using the same bottles, we found that spillage from water bottles was 

negligible, therefore we did not account for spillage.  Emulsions were presented once 

every 3–5 days, giving mice access to emulsions at least once a week.  At no time did 
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the mice receive more than two intralipid emulsion concentrations per week.  To 

account for the fact that mice may have altered caloric intake from chow during intralipid 

presentations, we also measured 48hr chow intake during the final two intralipid tests.  

A pre-weighed amount of chow was presented before testing, and total intake, 

accounting for spillage, was measured at the completion of the 48-h tests. 

 

Lingual epithelium and plasma collection 

Approximately 3 weeks after completion of two-bottle preference tests for oil emulsions, 

GF and NORM mice (n = 10 each) were sacrificed for collection of lingual epithelium 

and plasma after either a fast or re-feeding with intralipid.  After an overnight-food 

deprivation (1700 – 0900-h), half of GF and NORM mice (n = 5 each) received a burette 

filled with 1-ml of 20% intralipid, while the other received a burette filled with water.  

Mice were sacrificed via decapitation 30-min after drinking the total volume of intralipid.  

Trunk blood was collected in EDTA-coated tubes (Becton Dickinson) containing 35 µl 

aprotonin (Sigma), 20 µl pefabloc (Sigma), and 20 µl DPP-4 inhibitor (Millipore), 

centrifuged at 3,500 x g at 4oC, plasma aliquoted, and stored at -80° for further analysis.  

The posterior lingual epithelium was collected from fasted mice by excising the tongue, 

and subdermally injecting 0.5 ml of 1 mg/ml dispase and elastase dissolved in 

mammalian physiological saline containing 1,2-Bis(2-Aminophenoxy)ethane-N,N,N′,N′-

tetraacetic acid (Sigma, France).  After 20-min incubation at room temperature, the 

posterior lingual epithelium containing the circumvallate papillae was dissected under a 

Stereoscope (Zeiss) and placed into a 1.5-ml microfuge tube containing AllProtect 

Tissue Reagent (Qiagen, France) and stored at 2oC. 
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Intestinal Epithelial Cell Collection 

For quantification of intestinal epithelial proteins, a separate group of GF and NORM 

mice (n = 5 per group) were used.  Under deep isofluorane anesthesia, the proximal 

portion of the small intestine, containing the duodenum and jejunum was removed and 

placed into sterile physiological saline.  Intestinal epithelial cells were collected using 

the everted sac method.  Briefly, after excision, proximal intestines were flushed using 

10 ml of ambient physiological saline followed by 10 ml oxygenated (95:5 O2:CO2) Ca+2 

and Mg+2-free Krebs-Heinslet buffer.  After rinsing, intestines were everted, divided into 

three segments, and placed into flasks with oxygenated Ca+2, Mg+2-free Krebs-

Heinslet buffer with EDTA and DTT.  Flasks were placed in a 37oC water bath and 

shaken for 20 min to dissociate epithelial cells from the connective tissue.  The 

subsequent suspension was collected, centrifuged and washed with sterile Dulbecco’s 

Phosphate Buffered-Saline without Ca+2 or Mg+2.  This process was repeated three 

times.  Aliquots of isolated intestinal cells were snap frozen and stored at -80oC. 

 

Quantitative Real-Time PCR (qRT-PCR) 

Posterior lingual epithelium was lysed and homogenized using a TissueLyser (Qiagen, 

France) and RNA extracted using a RNEasy Fibrous Tissue Mini-kit (Qiagen, France) 

according to the manufacturer’s instructions.  For cDNA synthesis, 2 µg of RNA was 

reverse transcribed in a reaction volume of 60 µl, using a high-capacity cDNA kit 

(Applied Biosystems, Courtaboeuf, France).  Subsequent cDNA was diluted 5-fold and 

qPCR performed in a reaction volume of 20µl using an ABI Prism 7700 (Applied 
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Biosystems, Courtaboeuf, France) thermal cycler.  Samples were run in triplicate and 

transcription levels of CD36 was quantified using Taqman® Gene Expression Assays 

and Gene Expression Master Mix (Applied Biosystems, Courtaboeuf, France).  Relative 

mRNA expression was quantified using the 2-ΔΔCT method with β-actin as internal 

control. 

 

Western blotting 

Isolated intestinal epithelial cell aliquots were thawed on ice and suspended in 1-ml of 

radioimmunoprecipitation assay (RIPA) buffer containing protease inhibitors (Sigma, 

France).  Cells were lysed and homogenized and the resulting homogenate was 

centrifuged for 20-min at 14,000 x g at 4oC.  The protein concentration in the 

supernatant was determined with NanoDrop system (GE Healthcare).  Soluble protein 

(100 µg) was then run on SDS-PAGE gels containing 10 - 12% acrylamide, transferred 

to nitrocellulose membranes, and probed with anti-CD36, GPR40, GPR120, GPR41, 

FIAF, PYY, GLP-1, and CCK (Santa Cruz Biotechnology) antibodies.  Immune 

complexes were detected by chemiluminescence (GE Healthcare).  Quantification was 

performed by scanning densitometry using ImageJ (NIH, Bethesda, MD, USA) against 

β-actin (Santa Cruz Biotechnology) as internal control. 

 

Plasma Analysis 

Plasma was analyzed for glucose, triglycerides, total cholesterol and total high-density 

lipoprotein (HDL) using an AU 400 automated biochemical analyzer (Olympus).  

Additionally, circulating levels of leptin, PYY, and acyl-ghrelin were determined using 
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Enzyme-linked Immunosorbent Assays (Millipore, France) according to manufacturer’s 

instructions.  

 

Immunohistochemistry (IHC) of enteroendocrine cells  

A separate group of overnight food deprived 10-wk old GF and NORM mice (n = 4 per 

group), were sacrificed, and 3 cm sections of the duodenum, jejunum, ileum, and colon 

were quickly removed, opened, pinned mucosal side up in agarose coated petri-dishes, 

and fixed with 4% formaldehyde overnight.  Intestinal segments were stored in 75% 

ethanol, embedded in paraffin, and 4-µm-thick microtome cut sections mounted on 

glass slides were processed using standard procedures.  After deparaffinizing and 

rehydrating, slides were placed in 6% hydrogen peroxide for 30 minutes, then blocked 

with PBS/3% BSA / 2% goat serum for one hour.  Sections were incubated overnight at 

4°C with rabbit polyclonal antibody raised against chromogranin A (1:200, Abcam, 

ab15160), washed, followed by 1-h incubation at room temperature with biotinylated 

donkey anti  rabbit antibody (1:400, Santa Cruz), incubated with  a hematoxylin solution 

for nuclear staining, and processed using DAB (Dako) for 10-20 seconds.  Sections 

were then dehydrated and mounted with DPX (Sigma), and examined under 100x 

microscope (Nikon) for enteroendocrine cell counts.  Counting was performed manually 

by two individuals blinded to the treatment by observing five, non-overlapping 

microscopic areas from similar locations of each intestinal segment between GF and 

NORM mice.   
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Statistical Analyses 

Differences in bodyweight gain between groups from the start to the end of the 

experiment were analyzed with student’s t-test.  Preference for intralipid were 

determined by the following formula: (48-h intake of intralipid)/(48-h intake of total 

fluid)*100 and subjected to one-way (group) repeated measures (rm) ANOVA.  

Additionally, 48-h acceptance (raw intake solution) as well as total calories consumed 

from intralipid were subjected to two-way (group x concentration) rmANOVA.  To 

determine taste sensitivity to intralipid (concentration at which the animal first prefers 

tastant over water), we performed paired student’s t-test for each concentration within 

each group.  The resulting values from Western blotting and qPCR, were analyzed 

using student’s t-test.  Levels of plasma biochemical markers and satiety peptides were 

analyzed by two-way (group x treatment) ANOVA with Bonferroni post-hoc tests, where 

appropriate. Enteroendocrine cell counts were calculated for each intestinal segment of 

GF or NORM group as the total of all five microscopic fields, and analyzed by student’s 

t-test.  For all statistical tests, differences were considered significant at α < 0.05. 

 

Results 

Body weight 

There were no significant differences in weight gain between GF (0.8 ± 0.5 g) 

and NORM (0.9 ± 0.3) mice during the duration of the experiment.   
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48-h two bottle oil preference and acceptance 

 There were significant main effects of concentration  [F(3, 42) = 6.4, P=0.01], 

group    [F(1, 14) = 12.56, P<0.01], and group x concentration interaction    [F(3, 42) = 

3.8, P<0.05] on intralipid preference in GF and NORM mice.  At the lowest 

concentration tested (0.156% oil), GF mice preferred intralipid to water more than 

NORM mice (GF: 87.72 ± 3.2% vs. NORM: 68.09 ± 3.3%; P < 0.001) (Fig 1A).  When 

acceptance of 48-h intralipid intake was evaluated, there were significant main effects of 

concentration    [F(3, 42) = 32.98, P<0.0001] and group    [F(1, 14) = 5.66, P < 0.05], but 

not group x concentration    [F(3, 42) = 2.02, P = 0.13].  Thus, we found no difference in 

total intake between GF and NORM mice at any of the concentrations tested (Fig 1B).  

However, when intake was converted into kilocalories, there was a significant fixed 

effect of concentration    [F(3, 42) = 78.94, P<0.0001], and group x concentration 

interaction    [F(3, 42) = 2.90, P<0.05], but not group    [F(1, 14) = 4.43, P=0.05].  Post-

hoc analysis revealed a significant difference in caloric intake between GF (1.73 ± 0.2 

kcal) and NORM (1.19 ± 0.2 kcal) mice at the highest concentration tested (1.25% oil) 

(P < 0.05) (Fig 1C).  Additionally, we found no difference in 48-h solid chow energy 

intake between GF and NORM mice during exposure to 0.626% (GF: 10.14 ± 0.3kcal; 

NORM: 10.2 ± 0.3g) or 1.25% (GF: 10.04 ± 0.5g; NORM: 8.77 ± 0.8kcal) intralipid. 

 

Lingual and intestinal CD36 expression 

In GF mice, expression of CD36 transcript in the posterior lingual epithelium of fasted 

mice was up-regulated 3-fold relative to NORM mice (P<0.05) (Fig 2A).  However, 

intestinal protein expression of CD36 was down-regulated in GF compared to NORM 
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mice (P < 0.05) (Fig 2B).  Additionally, intestinal FIAF expression in GF mice was up-

regulated relative to NORM mice (P < 0.001) (Fig 2C). 

 

Intestinal nutrient receptor, gut peptide, and lipid-related protein levels 

Protein expression of fatty-acid receptors GPR40 (P< 0.0001), GPR41 (P<0.0001), 

GPR43 (P<0.05), and GPR120 (P<0.0001) in the proximal intestine was significantly 

decreased in GF mice relative to NORM controls (Fig 3).  Similarly, protein expression 

of CCK (P<0.0001), GLP-1 (P<0.001), and PYY (P<0.001) were also significantly 

decreased in GF compared to NORM mice (Fig 4).  

 

Enteroendocrine cell counts 

Total enteroendocrine cells, represented by chromogranin-A stained cells, were 

increased in the colon (P < 0.05), but decreased in the ileum (P < 0.05) of GF compared 

to NORM mice (Fig 5A-B).  At the level of the duodenum and jejunum, there were no 

significant differences between groups. 

 

Plasma Analysis 

 Plasma gastrointestinal hormone levels were consistently decreased in GF mice 

compared to NORM controls.  Specifically, GF mice had significantly lower levels of 

leptin in both fasted (P<0.001) and re-fed state (P<0.0001) compared to NORM mice, 

and re-feeding increased plasma leptin in both GF (P<0.001) and NORM (P<0.0001) 

mice (Fig 6A).  In both conditions, GF mice displayed decreased circulating PYY 

compared to NORM mice (P<0.0001 for both conditions) while re-feeding resulted in 
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increased plasma PYY in both GF and NORM mice (P<0.0001 for both) (Fig 6B).  

Ghrelin levels were also significantly lower in GF mice compared to NORM mice 

(P<0.0001 for both conditions); however, re-feeding decreased plasma ghrelin in NORM  

(P<0.001), but not GF mice (Fig 6C). 

During both fasted (P<0.0001) and re-fed (P<0.001) conditions, GF mice had 

significantly lowers levels of glucose compared to NORM mice, however, re-feeding 

increased glucose levels in GF (P<0.0001), but not NORM mice (Fig 7A).  Triglyceride 

levels were similar between GF and NORM mice in both conditions (Figure 7B).  Total 

cholesterol was increased in GF compared to NORM mice in both fasted (P<0.001) and 

re-fed (P<0.001) conditions.  Additionally, total cholesterol levels were elevated after re-

feeding in both GF (P<0.05) and NORM (P<0.05) mice compared to fasting (Fig 7C).  

Consistent with this, HDL levels were significantly higher in GF mice in both conditions 

(fasted: P<0.0001; re-fed: P<0.0001) compared to NORM mice.  Additionally, plasma 

HDL was elevated after re-feeding in both groups of mice (P<0.0001 for both) (Fig 7D). 

 

Discussion 

 Our present studies demonstrate that GF mice display an increased preference 

for a low concentration of intralipid and consume slightly more intralipid than NORM 

mice, resulting in increased caloric intake.  This increased preference for, and intake of, 

intralipid in GF mice is associated with increased expression of lingual CD36 and down-

regulation of intestinal fatty-acid receptors.  Furthermore, GF mice have decreased 

expression of intestinal satiety peptides CCK, GLP-1, and PYY and lower levels of 

circulating leptin, PYY and ghrelin.  They also have fewer enteroendocrine cells in the 
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ileum, and more in the colon, but an equal number in the proximal (duodenum, jejunum) 

intestine, compared to NORM mice.  Finally, GF mice display alterations in plasma 

biochemical markers that mimic a fasting state, with increased fat metabolism and 

decreased circulating glucose.  Together, these results suggest that GF mice have 

increased oral but decreased post-oral nutrient detection and satiation signaling, 

contributing to increased energy intake, which most likely occurs as a compensatory 

mechanism for their decreased energy stores. 

 Oral and post-oral factors are strong determinants of meal size.  For example, 

consumption of a HF diet leading to increased fat metabolism in rodents is associated 

with increased acceptance of fat [73].  On the other hand, during the fasting state, 

lingual sensors for fat detection in the oral cavity are markedly increased [519].  

Absence of the gut microbiota in mice results in a dramatic metabolic shift that closely 

resembles the fasting state of a normal animal [21].  For example, while body weight is 

similar between GF and normal mice, adiposity in GF mice is severely decreased, which 

is attributed to significant decreases in liver de novo lipogenesis[22].  Furthermore, 

plasma leptin and glucose are also lower in GF mice, an observation similar to that of a 

fasted state.  These physiological and metabolic changes present in the GF condition 

may drive increased fat preference and/or intake observed in the current studies.  

Indeed, we found that GF mice prefer a low concentration of intralipid more than NORM 

mice while consuming more calories from intralipid at the highest concentration tested.  

These findings may be explained by the decreased energy state exhibited by GF mice, 

leading to adaptive changes in the lingual epithelium, such as increased CD36.  For 

example, fasting animals exhibit increased preference of low concentrations of fats and 
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increased caloric intake from fats [163]  Furthermore, our result of increased preference 

for the low intralipid concentration in GF mice was associated with increased expression 

of the fatty-acid translocase, CD36, in the posterior lingual epithelium.  Expressed on 

the apical portion of sensory taste cells in the circumvallate papillae, CD36 plays a 

significant role in detection of LCFAs and acts as a lipid sensor.  For example, CD36 

KO mice exhibit marked reduction in detection and preference for fats [101].  

Additionally, expression of CD36 is elevated during fasting, a physiological state 

associated with increased oral sensitivity to fats [162, 519].  Conversely, HF-feeding 

and obesity is associated with decreases in lingual CD36 expression [519].  Thus, 

increased expression of CD36, leading to increased oral sensitivity to intralipid may be a 

secondary effect observed and attributed to chronically depleted energy stores 

observed in GF mice.  Additionally, while it is unknown if microbiota in the oral cavity 

play a role in taste signaling, increased expression of CD36 is most likely independent 

of changes in taste cell number.  Specifically, we previously found no difference in 

expression of α-gustducin, a marker of bitter and sweet taste receptor cells, T1R2, or 

T1R3 in the posterior lingual epithelium of GF and control mice [518].  However, despite 

the fact that GF mice are more sensitive to the low concentration of intralipid, intralipid is 

a nutritive fat source, and GF mice consume more calories from the high concentration 

of intralipid, denoting possible alterations in post-oral feedback. 

While oral factors influence short-term preference and detection of stimuli, long-

term acceptance and preference is predominantly driven by post-oral nutrient feedback, 

in addition to taste associations, which ultimately stimulate further consumption[161].  

For example, intestinal infusions of nutrients paired with a flavored non-nutritive solution 
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increases intake of that flavored solution [521].  As well, at higher concentrations of 

intralipid, CD36 KO mice display similar intralipid intake as wild type mice, and 

preference for nutritive fats is similar to wild type mice after repeated exposures with no 

impairments in post-oral conditioning.  Thus, because GF mice have decreased energy 

stores and consume more of a nutritive solution than NORM counterparts, the 

composition and nutritive value of the intralipid, rather than oral factors, may be the 

main contributing factors for increased energy intake [101].  Although GF mice remain in 

a chronically fasting state, they also display a host of alterations in intestinal morphology 

and physiology.  Specifically, GF animals have decreased intestinal villus length and 

crypth depth, lower rates of intestinal cell differentiation, all of which could contribute to 

impaired nutrient absorption [472].  Indeed, this is true of monosaccharide absorption, 

which is decreased in GF mice [21], and may be reflective of lower plasma glucose 

observed in our study.  However, absorption of saturated fatty acids in GF mice is 

increased relative to controls [522, 523], which may be partially due to prolonged 

intestinal nutrient contact time as intestinal transit time is decreased in GF animals[312].  

Finally, GF mice have decreased expression of intestinal CD36, which is predominantly 

located on the brush border; however, CD36 KO mice display no alterations in fat 

absorption[524].  Therefore, based on these data, it is unlikely that increased caloric 

intake in GF mice is due to decreased absorption of fats.  

Enteroendocrine cells represent a candidate site of interaction between 

regulation of energy homeostasis and microbiota as they are exposed to the intestinal 

luminal environment, act as primary chemoreceptors, and respond to GI nutrients by 

releasing satiety peptides [525].  Emerging evidence has demonstrated that fatty-acid 
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responsive GPRs located on enteroendocrine cells are responsible for secretion of gut 

peptides that control energy intake [91].  Furthermore, metabolic byproducts from the 

gut microbiota are thought to interact with some of these GPRs.  Interestingly, GF 

animals display altered expression of intestinal nutrient receptors and associated 

changes in plasma intestinal satiety peptides [312, 482].  In the present study, we found 

decreased expression of fatty-acid receptors GPR40, 41, 43, and 120 in the proximal 

intestine of GF mice with parallel decreases in intestinal satiety peptide CCK, PYY, and 

GLP-1 expression that together  may be responsible for increased energy intake in GF 

mice.  While the majority of CCK is released from the proximal intestine, PYY and GLP-

1 are predominately secreted from the L-cells located in the distal intestine.  However, it 

has been shown that the duodenum contains enough L-cells that are capable of eliciting 

satiation through GLP-1 and PYY release [407].  Furthermore, unlike changes in the 

expression of CD36, which are most likely secondary adaptive responses from lack of 

intestinal microbial stimulation, down-regulation of intestinal fatty-acid receptors seems 

to be a consequence of the lack of microbial stimulation.  For example GPRs located on 

the luminal portion of enteroendocrine cells come into direct contact with the microbiota, 

which secrete nutritive byproducts of fermentation, and may alter nutrient receptor 

expression [312].  This is of relevance to our study, since secretion of GLP-1 and PYY 

from the proximal intestine is most likely a function of direct luminal nutrient stimulation, 

while distally secreted GLP-1 and PYY is thought to be primarily mediated by neural 

pathways [407].  It is known that consumption of fat or stimulation of intestinal cell lines 

with fatty acids results in release of satiety peptides such as CCK, PYY and GLP-1 

through binding to GPR40, 41, 43, and 120.  Specifically, short-chain fatty-acids 
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(SCFA)-induced release of PYY is mediated by GPR41 and 43 [312], while GPR40 and 

120 mediate CCK and GLP-1 secretion stimulated by medium and long-chain fatty acids, 

respectively [91, 93].  Very few studies have examined the relative influence of the gut 

microbiota on intestinal satiety peptides and nutrient receptors in the intestine, and no 

studies have linked these changes to appetitive responses. For example, Samuel et. al. 

found increased GPR41 in the colon of GF mice, which was associated with decreases 

in circulating PYY [312].  In our study, we only examined receptor expression in the 

proximal intestine and the relative distribution of fatty-acid responsive receptors 

throughout the GI tract is unclear.  Our immunohistochemical data show no difference in 

the EEC number in the proximal intestine between GF and NORM mice.  Thus, based 

on the broad decreases in the small intestinal GPRs and satiety peptide expression it 

appears that absence of microbiota affects intestinal peptide content rather than 

enteroendocrine cell numbers. 

 We also found that circulating levels of leptin, PYY, and ghrelin were all 

decreased in GF animals relative to controls.  Although we have not assessed whole 

body fat composition in this study, carcasses of GF mice were virtually void of fat pads 

and we were unable to dissect any quantifiable fat depots from the GF mice. Because 

the majority of circulating leptin originates from white adipose tissue and GF mice are 

mostly fat depleted [21], decreased circulating leptin in GF mice is reflective of 

decreased adiposity.  In addition, in a separate study we found that GF mice displayed 

drastically reduced fat mass (significantly less epididymal fat pad mass: GF: 0.04 g vs. 

NORM: 0.14 g; unpublished) which was very similar to what we qualitatively observed in 

the mice from this current study.  Our results are consistent with previous published 
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work using GF C57Bl/6J mice. However, as mentioned in the introduction, decreased 

adiposity was not observed in GF male adult C3H mice fed a high fat diet [506] which 

may be attributed to strain difference and the type of diet used.  Thus with a 30% 

reduction in circulating leptin observed in our GF mice, a chronic energy deficit may be 

the main driving factor for increased caloric intake from intralipid.  Similarly, PYY, which 

is released mainly from the distal intestine, where the majority of microbiota resides, is 

also decreased in GF mice.  SCFA are potent stimulators of PYY release [526], thus it is 

not surprising that, decreased delivery of SCFA in the distal intestine, due to lack of the 

microbiota, results in decreased circulating PYY, similar to that proposed previously.  

GF mice also had lower plasma levels of ghrelin compared to controls.  As the only 

known orexigenic hormone released mainly from the stomach and duodenum, ghrelin is 

elevated during fasting and increases food intake and adiposity in rodent models when 

administered exogenously [218].  Based on this and given the constant energy deficits 

of the GF mice, one would expect increased circulating ghrelin in fasted GF mice.  The 

reason for this effect is not immediately clear but changes in GI tract morphology, such 

as differences in X/A-cell number may be responsible.  As expected, intralipid feeding 

increased leptin and PYY levels in both GF and NORM mice; however, re-feeding 

decreased ghrelin in NORM, but not GF mice, which may be reflective of the chronic 

fasting state in these animals. 

 In addition to changes in satiety hormone levels, we found slight alterations in 

circulating biochemical parameters.  For example, plasma glucose was decreased in 

GF mice relative to NORM controls, an effect predictive of the energy deficits in the GF 

model  and consistent with previous reports [22, 507].  Equally, we found that the 
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intestinal glycoprotein FIAF, a lipoprotein lipase inhibitor, was significantly upregulated 

in GF mice. This is not unexpected, since intestinal microbiota promotes fat storage by 

suppressing intestinal expression of FIAF[21] and fasting increases FIAF 

expression[504].  However, the role of intestinal FIAF as an inhibitor of lipoprotein lipase 

in peripheral tissues of GF mice has been recently disputed [506].  FIAF stimulates 

lipolysis, resulting in elevated plasma triglycerides and lipoproteins with subsequent 

reduction in fat stores [527].  While we found no differences in total plasma TG levels, 

we found increases in plasma cholesterol and HDL in GF mice, consistent with the 

physical associations of FIAF with plasma lipoproteins [527].  Recent evidence suggests 

that serum TG levels are not altered in GF animals, but decreased LPL activity in this 

model has an effect on circulating TG levels [21, 528].  The reasons for the discrepancy 

in these findings regarding increased FIAF, yet unaltered plasma TG levels is not 

completely clear.  While FIAF is indeed an important factor altering LPL activity in 

adipose tissue, recently, it has been suggested that intestinal FIAF levels do not 

influence circulating FIAF, as GF mice displayed increased intestinal FIAF but no 

difference in plasma FIAF compared to CV mice [506].  Furthermore, FIAF is a potent 

inhibitor of angiogenesis [529], and the gut microbiota has a profound ability to influence 

intestinal angiogenesis [530].  Thus, intestinal FIAF may serve as local contributor to 

angiogenesis rather than circulating metabolism. Additionally, cholesterol levels are 

typically unaltered or increased in GF rodents relative to controls during standard chow 

feeding [22, 528, 531], and decreased during HF-feeding [507].  Interestingly, increased 

circulating markers of fat metabolism are associated with increased acceptance of 

fat[73], supporting our behavioral findings.  Together, these data confirms previous 
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reports that markers of lipid metabolism are dramatically altered in GF animals and are 

influenced by energy status and feeding conditions.  

In summary, we have shown that GF mice prefer a low concentration of intralipid 

more than NORM mice and consume more calories from a high concentration of 

intralipid.  Increased preference for, and caloric intake of, intralipid was associated with 

an increase in lingual CD36 expression and concomitant decrease in intestinal fatty-acid 

responsive receptors and satiety peptide content.  As well, circulating biochemical 

markers indicated a shift toward increased fat metabolism in GF mice, while circulating 

satiety hormones signified decreased energy stores.  Collectively, these results 

demonstrate, for the first time, that in addition to profound effects on energy status of 

the animal resulting in a significant loss of adipose stores and subsequent metabolic 

changes, the absence of gut microbiota profoundly alters the physiological mechanisms 

and molecular substrates responsible for nutrient detection and signaling pathways that 

ultimately affect feeding behavior.  
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Figure legends 

Fig 1. Preference (A), raw intake (B), and calorie intake from intralipid emulsions (C) in 

GF and NORM C57B6/J mice during 48-h two-bottle sucrose vs. water tests.  (A) GF 

mice preferred the lowest concentration (0.156% oil) of intralipid emulsion tested more 

than NORM mice. (B) Intake of intralipid emulsions was similar across all concentrations 

tested.  (C) GF mice consumed more energy from the highest concentration (1.25% oil) 

of intralipid emulsion tested.  Data are expressed as means ± SEM. *P<0.05 compared 

to NORM 

 

Fig 2. Gene expression of (A) lingual CD36, and protein expression of (B) intestinal 

CD36, and (C) intestinal FIAF. (A) GF mice exhibited 3-fold up-regulation of lingual 

CD36 mRNA in the posterior lingual epithelium relative to NORM mice. (B) Expression 

of intestinal CD36 was down-regulated in GF mice compared to NORM controls. (C) 

Intestinal FIAF expression was increased over 3-fold in GF mice relative to NORM mice    

Data are expressed as means ± SEM. *P<0.05 compared to NORM, **P<0.01, 

***P<0.001 

 

Fig 3.  Intestinal epithelial protein expression of fatty-acid responsive receptors in GF 

and NORM mice.  GF mice displayed down-regulation of proximal intestinal GPR40, 41, 

43, and 120 relative to NORM mice.  Data are expressed as means ± SEM.  *P<0.05 

compared to NORM mice, ***P<0.001. 
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Fig 4.  Intestinal epithelial protein expression of satiety peptide in GF and NORM mice.  

Data are expressed as means ± SEM.  GF mice exhibited down-regulation of proximal 

intestinal CCK, GLP-1 and PYY relative to NORM mice.**P<0.01 compared to NORM 

mice, ***P<0.001. 

 

Fig 5.  (A) Cell counts of enteroendocrine cells expressing chromogrannin-A and (B) 

representative microphotographs of ileum and colon sections at 100X magnification.  

GF mice had less enteroendocrine cells in the ileum, but more in the colon compared to 

NORM controls.  Data are expressed as means ± SEM.  *P<0.05 compared to NORM 

mice. 

 

Fig 6.  Plasma levels of (A) leptin, (B) ghrelin, and (C) PYY in GF and NORM mice 

following an overnight fast or refeeding with 1-ml of 20% intralipid.  (A) Plasma leptin 

was lower in GF mice relative to NORM controls.  Refeeding elevated plasma leptin in 

both groups.  (B) GF mice displayed lower levels of plasma PYY compared to NORM 

mice.  Refeeding increased plasma PYY in both groups.  (C) GF mice exhibited lower 

circulating ghrelin in both conditions.  Refeeding increased plasma ghrelin in NORM, but 

not GF mice.  Data are expressed as means ± SEM.  **P<0.01 compared to NORM 

mice, ***P<0.001. ††P<0.01 compared to fasting condition within group, ††† P<0.001. 

 

Fig 7.  Plasma levels of (A) glucose, (B) cholesterol, (C) total triglycerides, and (D) HDL 

in GF and NORM mice following an overnight fast or refeeding with 1-ml of 20% 

intralipid.  (A) Plasma glucose levels of GF mice were lower than NORM controls and 
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refeeding increased glucose levels in GF, but not NORM mice.  (B)  Plasma 

triglycerides were similar between both groups and both feeding conditions.  (C) Plasma 

total cholesterol was increased in GF mice relative to NORM controls and refeeding 

increased cholesterol levels in both NORM and GF mice.  Total plasma HDL was 

increased in GF mice relative to NORM mice with refeeding increasing total HDL in both 

groups.  Data are expressed as means ± SEM.  **P<0.01 compared to NORM mice, 

***P<0.001. †P<0.05 compared to fasting condition within group, †† P<0.01.
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Figure 2 
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Figure 3 
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Figure 4 
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Figure 5 

Duodenum Jejunum Ileum Colon
0

100

200

300

400

500
NORM
GF

* *

To
ta

l c
ou

nt
s

NORM GF

Ileum

Colon

A B

 

  



119 

Figure 6 
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Figure 7 
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3.3 Specific Aim 2: Summary of results and conclusions 

The present study demonstrated that GF mice display increased preference of a lower 

concentration of intralipid while consuming more of a higher concentration.  As well, we 

also found increases in intestinal FIAF, a marker of fasting, in GF mice, with decreases 

in circulating levels of the adipocyte hormone leptin, which is highly correlated with 

adiposity [532].  The finding of increased preference of a low intralipid concentration in 

these animals is thought to be due to increased lingual CD36, which allows for better 

detection of oral fats.  The increased intake of more energy dense intralipid emulsions; 

however, is thought to be due to decreased intestinal expression of fatty acid receptors 

and intestinal satiety peptides.  Increased lingual CD36 in our current study is not 

surprising as GF mice display significantly decreased energy stores [21, 22], and 

expression of lingual CD36 is highly correlated with feeding states [163].  For example, 

fasting leads to increases in CD36 expression [163] while obesity is associated with 

decreased lingual CD36 [520].  The decrease in intestinal fatty acid receptors is most 

likely due to the exhibited fasting state of these animals.  As such, mice lacking CD36 

are less sensitive to intestinal infusions of fat [303], and by expressing less intestinal 

CD36, GF mice are most likely less sensitive to intestinal fats.  This is not associated 

with decreased intestinal fat absorption; however, as CD36 KO mice do not display 

steatorrhea [297, 533].  Furthermore, decreases in intestinal CD36 lead to decreased 

chylomicron formation [533], which is a critical process in intestinal fat satiation [295].  

Finally, the decreased intestinal satiety peptides and secretion, which may be due to 

CD36 via chylomicron formation, may also be due to decreases in intestinal GPRs, 

which are largely responsible for their secretion.  As intestinal satiety peptides often 
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serve to control food intake, decreased levels of these peptides would allow for GF mice 

to consume more fat.  Thus, collectively, these data demonstrate that GF mice display 

an energy state mimicking fasting, which leads to increased oral CD36 that is 

associated with increased fat preference and decreased intestinal fat receptors that 

could contribute to decreased intestinal satiety peptide levels and increased energy 

intake from fats. 
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4 Specific Aim 3: How gut microbiota affects host liver, intestinal, and 

adipose metabolic parameters in a GF rat model 

4.1 Introduction 

The results from Chapter 2 and 3 collectively demonstrated that the absence of gut 

microbiota in C57Bl/6J mice results in alterations in feeding behavior, impaired intestinal 

nutrient detection, and is associated with changed in expression and secretion of gut 

peptides relative to NORM controls.  Previous studies using a GF mouse model have 

found that the GF state is characterized by decreased body adiposity, increased hepatic 

lipolysis, and protection from HF diet-induced obesity [22].  These results were 

predominantly attributed to increases in intestinal FIAF as GF-derived FIAF KO animals 

exhibit similar adiposity levels as CV controls [21, 22].  Despite this landmark finding, a 

more recent finding has demonstrated that in a C3N mouse model, GF mice exhibit 

increases in intestinal FIAF yet similar or decreased adiposity levels [506].  Therefore, 

the effect of the GF status on adiposity may be specific to the mouse strain used.  

Furthermore, it is unclear whether the lack of gut microbiota produces similar effects in 

the GF rat model as in the C57Bl/6J mouse. Therefore, the focus of this study was to 

examine whether the absence of a gut microbiota in the Fisher 344 (F344) rat is 

associated with behavioral, phenotypic and metabolic changes similar to those reported 

in the mouse model. 
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4.2 Absence of gut microbiota is not protective of fat deposition in the GF 

F344 rat model 

Introduction 

Studies comparing germ-free (GF) animals, devoid of gut microbiota, and conventional 

(NORM) animals, which have an intact microbiota, have revealed a wealth of 

information on the microbiota and how it affects physiology, endocrinology, and 

metabolism of the host it inhabits.  Recently, the gut microbiota of the distal 

gastrointestinal tract has been identified as a possible factor influencing energy intake 

and obesity.  For example, when GF mice receive microbiota from a lean donor, a term 

referred to as “conventionalization,” the animals rapidly increase body adiposity, with 

little change in body weight while maintained on chow.  Interestingly, while mice 

increase adipose deposition after conventionalization, they reduce caloric intake, which 

can be partially attributed to the increased absorption of energy from byproducts of 

microbial fermentation in the distal GI tract [21].  These results are further extended to a 

western diet, when GF mice are protected from HF diet induced obesity relative to 

NORM controls [22].  Additionally, while receiving microbiota from a lean donor results 

in increased adiposity, further increases are noted in animals conventionalized from 

genetically obese or dietary-induced obese animals [22, 508, 510]. 

 Currently, there are multiple alterations including morphological, physiological, 

endocrine, and metabolic factors that are thought to contribute to the increased 

adiposity and altered feeding behavior seen in GF animals compared to NORM animals.  

For example, the GF status is characterized by marked shortening of the intestinal villus 

and decreases in crypt depth relative to controls [472].  Furthermore, expression of 
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nutrient receptors and transporters is markedly altered throughout the gastrointestinal 

tract [312], which may be a primary effect due to lack of microbial stimulation or 

secondary to alterations in intestinal morphology or an energy state similar to that of 

fasting.  As well, proximal intestine glucose absorption is decreased in GF mice [21], 

which may attribute to the observed increases in liver lipolysis [22].  Intestinal transit 

time has also been observed to be decreased in GF mice, due primarily to decreases in 

gastric emptying, resulting from decreased secretion of the intestinal satiety peptide 

PYY [312] as well as decreased proximal intestine CCK, GLP-1, and PYY.  However, 

more recently, decreased adiposity in the GF mouse has been primarily attributed to 

decreased hepatic lipogenesis. 

 The GF state is characterized by increased fatty acid oxidation and inhibition of 

lipogenesis due to the chronically low levels of adiposity observed in these animals [21, 

22, 507, 508].  The main mechanism of decreased lipogenesis, is thought to be through 

fasting-induced adipocyte factor (fiaf), an inhibitor of lipoprotein lipase (LPL) that is 

produced in the intestinal epithelium [21, 22].  As such, GF mice express increased fiaf 

in the intestine, but not liver or adipose, and fiaf knock-out (KO) mice express 

significantly lower adipose LPL, and decreased liver de novo lipogenesis [21, 22].  

Furthermore, while GF mice are resistant to obesity, GF fiaf KO mice are not resistant to 

ensuing obesity, demonstrating a critical role for fiaf in energy balance [21].  Despite this 

wealth of data, more recently, Fleissner et al found that GF mice are not resistant to 

diet-induced obesity, and exhibit increased adipose deposition, yet up-regulated 

intestinal fiaf, an effect attributed to diet [506].  Whether the altered metabolism 

observed in the GF mouse model extends to other species, commonly used to examine 
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feeding behavior, is relatively unclear.  Similar to mice, GF rats maintain similar body 

weights as control animals, and exhibit increased food and water intake, which is 

thought to occur due to decreased energy extraction from the diet in GF rats [467].  

Therefore, it is possible that due to decreased energy extraction from the gut microbiota, 

and associated morphological changes, GF rats maintain lower levels of adiposity 

relative to NORM controls.  Thus, to better determine the contribution of gut microbiota 

on influencing peripheral metabolism and adiposity in rats, we examined adiposity in the 

GF Fisher F344 rat during standard rodent chow feeding with associated alterations in 

fiaf expression as well as markers of hepatic and adipose lipogenesis and adipogenesis. 

 

Methods 

Subjects 

Throughout all experiments, adult male GF F344 rats from our local germ-free facility 

(ANAXEM, Jouy-en-Josas, FRANCE) and NORM F344 rats (Charles River, 

L’Arboseilles, FRANCE) were used.  All rats were housed in polycarbonate cages with 

cedar bedding, except where noted otherwise and placed in Trexler-type isolators 

(Igenia, FRANCE). Rats were given ad libitum access to sterlized standard rodent chow 

(SAFE diets, Belgium) and sterile deionized water throughout experiments. 

 

Body weight and food intake 

Adult male rats (n = 5 NORM, 5 GF) were placed in polycarbonate cages with stainless 

steel metal bottoms to allow for accurate food spillage collection, one week prior to food 

intake measurements. After acclimation, 24-h food intake was measured for 5 
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consecutive days, accounting for spillage. Body weights of rats were also recorded 

every day for five days after which rats were switched back to cedar bedding. 

 

Terminal tissue collection 

Three separate groups of naïve rats (Group 1: n = 10 NORM, 10 GF; Group 2: n = 15 

NORM, 15 GF; Group 3: n = 6 NORM, 6 GF) were used to measure relative epididymal 

fat pad mass in NORM and GF rats.  Rats from Group 3 in the adiposity measurements 

were subsequently used to examine expression of intestinal glucose transporters and 

markers of peripheral metabolism.  Rats were decapitated and fresh trunk blood 

collected in EDTA-coated tubes and the proximal intestine comprising both the 

duodenum and jejunum was excised and placed into physiological saline for the 

isolation of intestinal epithelial cells as described previously.  Briefly, after excision, 

proximal intestines were flushed using 10 ml of ambient physiological saline, everted 

and divided into three segments, and placed into oxygenated Ca+2, Mg+2-free Krebs-

Heinslet buffer with EDTA and DTT.  Flasks containing sections were placed in a 37oC 

water bath and shaken for 20 minutes to dissociate epithelial cells from the connective 

tissue.  The suspension was collected, centrifuged and washed with Dulbecco’s 

Phosphate Buffered-Saline (DPBS, Lonza).  Afterwards, cell extract aliquots were snap 

frozen and stored at -80oC until further analysis.  Samples from liver were taken and 

snap frozen until further analysis.  Epididymal, retroperitoneal, and visceral adipose 

tissue were excised and weighed, and samples of epididymal fat pads were snap frozen 

for analysis.  The remainder of the epididymal fat pad was post-fixed in 

paraformaldehyde, embedded in paraffin, and 4-µm sections were stained with 
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hematoxylin and eosin.  Adipocyte size was measured in at least 150 rat and analyzed 

using NIS Elements (Nikon). 

 

qRT-PCR 

Intestinal epithelial cells, adipose tissue, and liver tissues were lysed and homogenized 

with a rotor homogenizer and RNA extracted using TRiZol (Invitrogen).  Resulting RNA 

was quantified with a Nanodrop (Thermo Scientific) and for all tissues, 10 µg of RNA 

was reverse transcribed into 100 µl cDNA using the high capacity cDNA kit (Applied 

Biosystem, Courtabeouf, FRANCE).  Subsequent cDNA for all samples was diluted 5-

fold and used for qRT-PCR using taqman gene expression master mix and inventoried 

taqman gene expression assays (Table 1) in an ABI Prism. 

 

Western Blotting 

Liver samples used for western blotting were homogenized in Radio Immuno 

Precipitation Assay (RIPA) buffer containing protease inhibitors (Sigma) using a rotor 

homogenizer.  The resulting homogenate was centrifuged for 20 min at 13,000 RPM at 

4oC, the supernatant was transferred, and protein quantified using a nanodrop system 

(Thermo Scientific).  Solubilized liver proteins (50 - 100 µg) were run on 8% acrylamide 

SDS-PAGE gels and transferred to nitrocellulose membranes, and probed with anti-

bodies for ACC, ACC-P, AMPK, and AMPK-P (Santa Cruz Biotechnologies).  Immune 

complexes were detected by chemiluminescence (GE Healthcare).  Quantification was 

performed by densitometric analysis using ImageJ (NIH, Bethesda, MD, USA) and 
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ACC-P and AMPK-P were normalized to ACC and AMPK (Santa Cruz Biotechnology) 

as internal controls, respectively. 

 

Adipocyte morphology 

Epididymal fat pads were post-fixed in 4% paraformaldehyde overnight and then 

transferred to 75% ethanol.  Subsequently, fat pads were impeded in paraffin and 

sectioned at 4 µm, and hematoxylin and eosin stained.  Microphotographs of adipocytes 

were captured at 10X magnification, converted to binary using photoshop, and 

adipocyte surface area was measured in at least 150 adipocytes for each animal (n = 6 

animals for each group) using NSI Elements (Nikon). 

 

Statistical analysis 

All values are expressed as mean ± SEM and statistical analyses performed using 

GraphPad™ Prism (version 5.0, San Diego, CA).  Average 5-d body weight and food 

intake of GF and NORM rats was analyzed by one-way (type) analysis of variance 

(ANOVA).  Body weights, adiposity, plasma biochemical analyses, and gene and 

protein expression of intestinal, liver and adipose tissues were analyzed using unpaired 

student’s t-tests with Welch’s correction for unequal variance where appropriate.  

Adipocyte surface area measurements were analyzed by one-way (type) repeated 

measures ANOVA. 
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Results 

Food intake, body weight, adiposity, fiaf expression and biochemical analyses 

During measurement of food intake, germ-free and NORM rats were of similar body 

weights (GF: 320 ± 7 g vs NORM: 319 ± 8 g; P = 0.91).  GF animals consumed more 

food than NORM controls daily on average, but this did not reach significance (GF: 19.8 

± 1.1 g vs NORM: 18.7 ± 0.6 g; P = 0.42).  In animals where epididymal fat pads were 

quantified, we found a significant increase of body weight in GF rats from Group 3 

relative to all other groups.  Similarly, relative epididymal adiposity was unchanged 

between GF and CV groups, with the exception of GF rats in Group 3 that displayed 

increased adiposity (Table 1).  Additionally, in this GF group, relative retroperitoneal (P 

< 0.01), and total fat pad (P < 0.01) adiposity was increased (Fig 1A).  Despite the 

observed increased adiposity in GF rats, fiaf expression was up-regulated over two-fold 

in the proximal small intestine (P < 0.05) and up-regulated in the liver (P < 0.01), but 

down-regulated in adipose tissue (P < 0.01) relative to NORM controls (Fig 1B).  

Plasma analyses revealed that GF rats had significantly higher circulating HDL (P < 

0.05) and total cholesterol (P < 0.01), and an increase in plasma TG, which did not 

reach significance (P = 0.05) (Table 2).   

 

Expression of intestinal glucose transporters and liver and adipocyte metabolic markers 

In GF rats, intestinal expression of SGLT1 (P < 0.01) and GLUT2 (P < 0.01) transcripts 

were significantly down-regulated compared to intestinal expression of NORM rats (Fig 

2A).  Down-regulation of intestinal sugar transport coincided with decreased gene 

expression of liver lipogenesis markers, ACC (P < 0.01), SREBP (P < 0.01), and FAS (P 
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< 0.0001) relative to NORM rats as well (Fig 2B).  Although GF mice expressing less 

total AMPK in the liver relative to NORM controls (P < 0.05), protein expression of 

phosphorylated AMPK (P < 0.05) was increased in GF rats compared to NORM controls, 

with an increase in phosphorylated ACC as well, which did not reach significance (P = 

0.17) (Fig 2C).  Analysis of adipocyte expression of adipogenesis markers revealed 

decreases in LPL (P < 0.01), PPAR-γ (P < 0.01), and aBP2 (P < 0.01) (Fig 3A); 

however, there were increases in expression of lipogenic enzymes ACC (P < 0.05) and 

FAS (P < 0.01) in GF rats’ epididymal fat pads. 

 

Adipose morphology 

Increases in lipogenic enzyme expression was associated with observed increases in 

adipocyte surface area in GF rats relative to NORM controls, but this did not reach 

statistical significance (P = 0.05). 

 

Discussion 

In our current study, we have shown that in the F344 rat, the absence of the gut 

microbiota is not a major factor preventing adipose deposition.  While food intake was 

similar in GF and NORM rats, relative adiposity of GF rats was relatively unchanged, 

and in one group, adiposity was increased compared to NORM rats.  Despite increased 

adiposity in this group, these animals displayed increased intestinal fiaf.  Furthermore, 

while expression of proximal intestine glucose transporters and markers of lipogenesis 

in the liver was decreased, adipocyte lipogenesis markers were increased. Finally, the 

increased lipogenesis in adipocytes of GF rats was associated with modest increases in 



132 

adipocyte size.  Together, these changes suggest that lack of the microbiota, which 

leads to a decreased energy state in the intestine and liver, and decreased hepatic de 

novo lipogenesis in the rat, is not a factor in the protection from adiposity deposition in 

this model.  Furthermore, lack of microbiota results in increases in anabolic pathways in 

adipose tissue of F344 rats, which may account for the relative difference of adiposity in 

this model compared to GF mice models. 

 The GF status generally is associated with extremely low levels of adiposity and 

decreased extraction of energy from the diet, due to lack of microbial fermentation in the 

distal intestine.  For example, Backhed et al. demonstrated that despite similar body 

weights, GF mice are significantly leaner than NORM mice and consume more food 

over 24-h, with increased energy in the feces [21].  Additionally, when placed on a HF 

diet, GF mice increase adiposity relative to chow feeding, but remain significantly leaner 

than NORM animals fed either a chow or HF diet [22].  In our current findings, we have 

demonstrated that GF and NORM rats have no differences in 24-h food intake when 

animals were of similar body weights and similar adiposity.  However, in a second group 

of animals, GF rats weighed more than NORM controls, and exhibited increased 

adiposity relative to body weight.  While GF rats in this group displayed general 

increases in adiposity, they still expressed increased intestinal and liver fiaf, which has 

been a suggested factor in preventing obesity in GF mice [21, 22].  Similar to our 

current findings, Fleissman et al reported that while GF mice exhibited increased 

intestinal fiaf, the maintained increased levels of adiposity and were not resistant to HF 

diet induced obesity [506].  Furthermore, GF mice in their study did not exhibit increases 

in plasma fiaf, suggesting that intestinal fiaf may not have a role in circulating 
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metabolism, but rather intestinal angiogenesis.  As such, intestinal fiaf may be elevated 

in GF animals due to the lack of intestinal cell differentiation observed in this model 

[472].  While we did not measure plasma fiaf, thus being unable to exclude whether 

intestinal fiaf in our study had a role in circulating metabolism, we observed increases in 

liver fiaf, yet decreases in adipocyte fiaf.  Previous reports demonstrate liver and 

adipocyte fiaf are largely unchanged, or slightly increased in GF animals [21].  

Nevertheless, circulating biochemical markers show that increases in fiaf expression as 

well as the GF state during standard chow feeding are highly associated with increases 

in circulating triglycerides and cholesterol [21, 22, 534], which we found in our study.     

Reflective of the fasting state typically observed in GF mice, blood glucose is also 

decreased, which is similar to our current findings.  This could also be due to a 

decrease in glucose absorption, as found previously [21]. Thus, while intestinal fiaf may 

be important in metabolism regulation of GF mice, delivery of intestinal sugars to the 

liver may be the primary factor influencing this metabolic state.  For example, decreased 

glucose delivery to the liver via intestinal absorption can shift liver metabolism towards 

catabolic pathways [535].  Additionally, the finding that the absence of glucose in an 

obesigenic diet results in normalized adiposity of GF animals suggests that the inability 

to absorb dietary sugars is important in influencing GF mice adiposity levels. 

 Nutrients absorbed from the intestine are sent through the portal vein for 

metabolism in the liver.  Thus, decreases in extraction of energy from the diet, 

predominantly due to decreased absorption of SCFAs and sugars in the intestine may 

be one cause of the decreased liver lipogenesis in GF animals.  To examine if the 

increased liver fiaf, which may be reflective of a negative energy state in the liver was 
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associated with changes in proximal intestine nutrient absorption, we measured 

transcript expression of SGLT1 and GLUT2, the two major transporters responsible for 

glucose absorption.  We found that both proximal intestine SGLT1 and GLUT2 were 

decreased in GF rats, which was associated with slight decreases in plasma glucose 

levels, all of which would contribute to decreasing liver lipogenesis.  This is in 

accordance with previous data demonstrating decreased intestinal absorption of 

glucose in GF mice.  Together with increased intestinal fiaf expression, decreased 

expression of proximal intestine glucose transporters leading to decreased glucose 

absorption may be another reason for the decreases in liver lipogenesis observed in the 

GF model. 

When we examined makers of liver lipogenesis, we found, expression of two 

important regulators of de novo fatty acid synthesis, ACC and FAS, were down-

regulated in the liver of GF rats signifying that the GF status in rats is associated with 

this previously observed phenomenon in mice.  Furthermore, expression of SREBP, a 

key transcription factor of glucose-induced hepatocyte lipogenesis and activator of ACC 

and FAS, was decreased in GF rats.  Thus, from our study, it appears that the observed 

down-regulation of ACC and FAS expression in the liver may be through a SREBP-

dependent mechanism.  To further assess the energy status in the liver of GF animals, 

we examined protein expression of hepatic phosphorylated AMPK and ACC.  AMP-

activated protein kinase reflects cellular energy stores and the activation of AMPK 

through phosphorylation is dependent upon factors that signal decreased energy status 

[535].  In a fasting state, P-AMPK increases the generation of ATP through catabolic 

pathways, which is predominantly through inhibition of lipogenesis and stimulation of β-
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oxidation.  The mechanism responsible for inhibition of lipogenesis, and thus increased 

β-oxidation is the phosphorylation of the lipogenic enzyme, ACC, by P-AMPK which 

leads to its inactivation.  We found that protein expression of P-AMPK and P-ACC was 

up-regulated in liver of GF rats, which may denote increased β-oxidation of the liver, 

and thus, decreased lipogenesis.  Together, these data suggest that the GF status is 

indeed associated with decreased makers de novo lipogenesis, which are, surprisingly, 

independent of adiposity in this group of animals.  Despite these findings, it is plausible 

that increased expression of local factors in adipocytes, and downstream of the 

decreased adipocyte fiaf observed, which are responsible for adipogenesis and 

lipogenesis may be one reason for the observed increase in adiposity observed in the 

GF rat. 

 Changes in adiposity are reflective of adipocyte hyperplasia or hypertrophy, 

which are due to increased adipogenesis and lipogenesis, respectively.  For this reason, 

we examined the transcript expression of adipogenic factors PPAR-γ and ABP2 as well 

as key enzymes of fatty acid synthesis, ACC, FAS, and LPL, in the epididymal fat pads 

of GF and NORM rats.  Peroxisome proliferator activated receptor is a nuclear 

transcription receptor that is a key regulator of adipogenesis via proteins such as ABP2 

[536].  In general, we found that GF rats displayed increases in adipocyte lipogenesis 

markers yet decreased markers of adipogenesis.  For example GF rats displayed 

decreased expression of PPAR and ABP2.  Conversely, expression of ACC and FAS, 

two important enzymes responsible for fatty acid synthesis were increased.  

Interestingly, intestinal fiaf-induced LPL inhibition had been thought to be responsible 

for the observed decrease in adiposity in GF animals.  As such, fiaf-deficient GF mice 
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are obese and fiaf-deficient mice display increased LPL activity [21].  However, these 

current data suggest that despite increased intestinal fiaf, adiposity is not decreased in 

GF rats and this is independent of LPL expression as well.  Unlike LPL, the increase of 

ACC and FAS may be an underlying mechanism responsible for increased adiposity 

observed in GF rats.  Being the committed step to fatty acid biosynthesis, ACC may 

induce the accumulation of fatty acids into adipocytes, and lead to increased adipocyte 

hypertrophy.  Indeed, we did find modest increases in adipocyte surface area in the 

epididymal fat of GF rats relative to NORM controls.  Therefore, from these results, we 

demonstrate that increased adiposity in GF rats from this group may be due to 

increased fatty acid synthesis and adipocyte size.  Interestingly, adipocyte hypertrophy 

is associated with metabolic abnormalities, such as diabetes [537, 538]; however, GF 

rats in our study exhibited similar or lower levels for fasting plasma glucose.  The 

discrepancy between these two findings may be explained by the observed increased in 

adipocyte size occurring in the epididymal fat pad.  As such, we found no difference in 

the visceral fat mass and did not examine visceral adipocyte morphology, which is an 

independent predictor of diabetes and metabolic dysregulation [538].  While we found 

modest adipocyte hypertrophy in the GF rat, the exact mechanism may involve 

increased ACC and FAS as well as possible differences in fatty acid uptake. 

 In summary, our current results indicate that the absence of gut microbiota do not 

result in reduced adiposity in the GF F344 rat model, contrary to previous results using 

C57Bl/6J mice.  Furthermore, while decreased adiposity in GF mice has been attributed 

to increased intestinal fiaf, a possible circulating metabolic regulator, and decreases in 

liver lipogenesis, we found that in one group of GF rats that displayed increased 
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adiposity, intestinal fiaf was still up-regulated, similar to that of a previous study[506].  

Finally, the increase in adiposity in GF rat was associated with increased fatty acid 

synthesis markers in epididymal fat pads of GF rats, leading to adipocyte hypertrophy, 

and overall was independent of hepatic lipogenic markers.  Collectively, these results 

demonstrate that the absence of gut microbiota in rats may not be important in 

preventing adiposity deposition in this rat model while maintaining importance in 

intestinal nutrient transporter expression and liver metabolism. 
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Table 1: Body weight and relative epididymal adiposity in GF and NORM rats 

       

 Group 1 Group 2 Group 3 

n 

NORM 

(10) 

GF 

(10) 

NORM 

(15) 

GF 

(15) 

NORM 

(6) 

GF 

(6) 

Body weight 267 ± 5a 278 ± 15a 267 ± 12a 271 ± 17a 284 ± 7a 324 ± 22b 

Epi. fat (%) 1.84 ± 0.22a 1.95 ± 0.35a 1.83 ± 0.20a 1.83 ± 0.29a 1.65 ± 0.20a 2.38 ± 0.30b 

 

Columns in a row with differing letters denote significant difference.
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Table 2: Plasma biochemical markers in NORM and GF rats 

 NORM GF 

Glucose (mg/dl) 176.5 ± 19.0 137.1 ± 6.0 

Triglycerides (mg/dl) 167.8 ± 10.7 213.6 ± 16.9 

Cholesterol (mg/dl) 64.73 ± 4.9 87.2 ± 2.0* 

HDL (mg/dl) 33.6 ± 2.8 44.7 ± 3.0* 
 
*denotes significant difference from NORM rats 
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Figure legends 

Fig 1. Relative fat pad mass (A), and fiaf tissue expression (B) in NORM (open bars) 

and GF (closed bars) rats from Group 3.  (A) Relative epididymal, retroperitoneal, and 

total fat pad masses were increased in GF rats compared to NORM controls.  (B) 

Intestinal and liver fiaf were up-regulated and down-regulated in adipose tissue of GF 

rats relative to NORM rats.  Data are expressed as mean ± SEM.  *P<0.05, **P<0.01 

relative NORM controls 

 

Fig 2. Intestinal glucose transporter mRNA expression (A), gene expression of hepatic 

lipogenesis markers (B), and hepatic phosphorylated AMPK and ACC-1 (C) in NORM 

and GF rats from Group 3.  (A) GF rats exhibited decreased expression of both GLUT 

and SGLT1 in the proximal intestine. (B) Markers of hepatic lipogenesis were decreased 

in GF rats. (C) Enzymes responsible for inactivating lipogenesis were increased in GF 

rats 

 

Fig 3. Markers of fatty acid synthesis and adipogenesis (A) and average adipocyte 

surface area and adipocyte morphology (B and C) in epididymal fat pads of NORM and 

GF rats from Group 3.  GF rats expressed increased ACC-1 and FAS, but decreased 

markers of adipogenesis.  (B) Average surface area measurements revealed modest 

adipocyte hypertrophy in GF mice. (C) Microphotographs (10X magnification) of 

adipocytes from NORM and GF rats. 
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Figure 2 
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Figure 3 
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4.3 Specific Aim 3: Summary of results and conclusions 

The final experiments from these collective sets of studies demonstrate that in the F344 

rat model, the GF status is not predictive of decreased adiposity.  The findings of 

absence of decreased adiposity in GF rats occurs despite increases in intestinal FIAF 

expression, increases in markers of hepatic fat lipolysis, and increased circulating 

biochemical markers resembling that of GF mice, which are extremely lean.  While 

adiposity was similar between GF and NORM rats the first two groups, in a third group 

we examined, GF rats displayed increased adiposity that was due primarily to increased 

epididymal and retroperitoneal fat pad masses.  Furthermore, while intestinal FIAF was 

up-regulated and intestinal glucose transporters were down-regulated, both of which 

were associated with decreased markers of hepatic lipogenesis.   We also directly 

showed a negative energy balance in the liver of GF rats as they displayed increases in 

P-AMPK and P-ACC, which inhibit lipogenesis.  One mechanism responsible for this 

hepatic energy status could be the decreased delivery of glucose to the liver as 

observed by the decreases in intestinal glucose transporters.  Despite these findings, 

we found that adipocytes of GF rats had increases in lipogenesis enzymes with 

decreases in adipogenesis factors.  Histological examination of the epididymal fat pads 

of GF rats supported these findings as GF rats displayed modest adipocyte hypertrophy 

relative to control rats.  The immediate reason for the lack effects of the GF state on 

adiposity in this model is not clear from these findings alone as the GF model is typically 

described as maintaining a fasting state [21, 22], which is associated with general 

decreases in liver and adipocyte lipogenesis [22].  However, the increases in adipocyte 

lipogenesis markers in our study may signal that local factors, independent of liver 
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metabolism, regulate adiposity in this model.  As well, fatty acid absorption may be 

enhanced in the adipocytes of GF rats, leading to compensatory changes in adiposity 

due to the lack of microbiota.  
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5. General summary 

5.1 General results 

Collectively, these experiments demonstrate the influential role of the gut microbiota on 

feeding behavior of specific nutrients, intestinal nutrient detection, and intestinal and 

liver metabolism.  In Chapter 2 of this thesis, we presented that the GF C57Bl/6J mouse, 

which exhibits reduced adiposity, increases consumption of highly concentrated nutritive 

sweet solutions, while maintaining the same affinity for nonnutritive sweet solutions as 

control animals.  These behavioral effects were associated with similar levels of the 

lingual sweet taste receptor between groups, but significant up-regulation of intestinal 

T1R3 and the active glucose transporter, SGLT1 [515].  Together, these data implicate 

intestinal sugar sensing in the increased consumption of nutritive sweet solutions.  

Additionally, in Chapter 3, we demonstrate that the same GF mouse model also 

displays increased preference and acceptance for nutritive oil emulsions. This increase 

in oil preference and acceptance was associated with increased expression of lingual 

CD36 and decreased expression of intestinal fatty acid sensors and intestinal satiety 

peptides, respectively.  The significance of these studies is that unlike intestinal sugar 

detection, which is increased in GF mice, intestinal fat detection is decreased, allowing 

for greater consumption of highly nutritive oil emulsions.  Finally, in Chapter 4, we reveal 

that the effect of the gut microbiota on adiposity and energy balance may be species 

specific as GF F344 rats do not display severely reduced adiposity stores, despite 

similar findings of increased intestinal FIAF and inhibition of hepatic lipogenesis in this 

model.  However, the relative modest increase in adiposity in one group of GF rats is 

associated with increases in local adipocyte lipogenesis enzymes and increased 
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adipocyte size.  Together, these data demonstrate the broad effects of the absence of 

microbiota on oral and post-oral nutrient sensing in GF mice to increase consumption of 

nutritive stimuli and how the effect of microbiota has differing effects on peripheral 

metabolism in GF animal models (Figure 1). 

 

Figure 1: The effect of the GF status on oral and intestinal nutrient receptors, metabolism, and 

adiposity.  The GF status in C57Bl/6J mice is characterized by decreased adiposity, leading to 

increases in consumption of fat and sugar, which is associated with alterations in intestinal fat 

and sugar detection.  In the F344 rat, the GF status is not associated with decreased adiposity or 

altered energy consumption.  While hepatic lipogenesis is decreased in the GF F344 rat, adipocyte 

lipogenesis is increased, which is associated with increased adipocyte size in the epididymal fat 

pad.  
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5.2 General discussion 

Germ-free animals are a model that allow for the examination of the effects of the gut 

microbiota on various metabolic, physiological, and endocrine parameters.  Previously, 

GF models have been used to examine intestinal digestive [476, 477], morphological 

[470, 472], and physiological [473] effects of the microbiota; however, more recently a 

case for the gut microbiota affecting energy balance has been made.  Originally, in 2004, 

using C57Bl/6J mice, Backhed et al reported that the gut microbiota was a key regulator 

of energy balance as mice lacking microbiota were extremely lean compared to control 

animals that normally possess a gut microbiota and conventionalized animals [21].  

Additionally these same GF mice are resistant to obesity during HF-feeding [22], an 

effect replicated more recently [507].  Despite the relative lack of adiposity in GF mice, 

these animals consume more energy, an affect attributed largely to lack of energy 

extraction from the diet [21].  Furthermore, due to the expression of various 

glycosylhydrolyases that breakdown dietary fibers and are not inherent to the 

mammalian genome [461], expression of distal nutrient receptors are altered in GF mice 

[312].  While decreased energy extraction is most likely the primary reason for the 

energy deficit in GF mice, the specific mechanisms in this model controlling the 

consumption of macronutrients that comprise a meal are poorly understood. 

 The detection and control of nutrient intake occurs primarily at two levels: oral 

and post-oral [539].  While the first involves almost exclusively the lingual epithelium 

[25], afferent taste pathways [118], and ultimately reward centers [540], the latter is 

controlled primarily by intestinal chemosensing [541] with input from mechanic and 

metabolic signals arising from the stomach [180] and liver [542], respectively.  The 
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lingual contribution to at least short-term food intake is apparent by studies 

demonstrating that KO of various receptors localized on TRCs in the lingual epithelium, 

which maintain affinity for a variety of taste stimuli, results in attenuated or abolished 

preference for that specific taste, and decreased afferent nerve transmission following 

lingual application of tastants [46, 79].  For example, T1R2+3, a g-protein coupled 

transmembrane receptor complex is activated by sweet stimuli and KO of this receptor 

complex results in total abolishment of oral sweet detection and subsequent CT nerve 

activation in response to sweet stimuli [46].  For fat taste, KO of the fatty acid 

translocase CD36 [79] or GPR120 [83] also results in abolished preference for a range 

of nutritive and non-nutritive oil emulsions.  As well, the central pathways involving taste 

for these palatable stimuli are strong determinants for their intake as oral stimulation 

with saccharin [138], sucrose [141], or oil [142] results in the release of DA from reward 

centers, such as the NAcc while dopamine deficient mice are hypophagic and 

normalization of DA levels increases food consumption [543].  Taste modalities are 

heavily influenced by energy balance as well.  For example, genetically obese rodents 

display decreased oral sensitivity to both sweet [143, 144] and fat [162] stimuli.  The 

finding of decreased lingual sensitivity to sweet tastants is most likely a direct function of 

impaired leptin signaling that is observed in many obese rodent models [544].  For 

example, the absence of leptin, the application of sweet stimuli on the lingual epithelium 

results in decreased CT nerve responses; however, application of leptin normalizes this 

response [146].  In our findings, we did not find a difference in taste preferences with 

saccharin or sucrose or associated changes with T1R2+3 expression in the lingual 

epithelium of GF mice [515].  Thus, from these findings alone, it does not appear that 
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sweet taste differs in this model.  In respect to fat taste; however, we found that GF 

mice displayed increased oral sensitivity to fats, preferring a low concentration of 

intralipid more than NORM mice.  This finding was associated with increased 

expression of lingual CD36.  For both of sweet solutions and oil emulsions, we found 

differences in intake of nutritive stimuli, thus, post-oral factors involving the intestine 

could also influence our behavioral findings.  More recently, it has been suggested that 

while oral factors clearly influence short-term intake, the post-oral consequences of 

nutrients may play a larger role in establish long-term feeding behavior [161]. 

 Nutrients in the intestine evoke the release of signals inducing satiation, and may 

serve as satiation signals themselves [246].  For example, intestinal infusion of 

carbohydrates, fats, or protein results in reductions in short-term food intake [242, 243], 

which is though to require digestion and nutritive value [291], but not absorption or 

metabolism of nutrients [245].  As such, while glucose polymers and fatty acids induce 

satiation [238], inhibition of dissacharidases [249] or lipases [291] results in attenuation 

of this behavioral response.  Furthermore, blockade of the active glucose transporter, 

SGLT1, does not prevent glucose-induced satiation [245], intravascular glucose 

infusions are not efficient in reducing food intake [428], and SCFA and MCFA that are 

readily absorbed do not induce satiation as effectively as LCFA, which require 

chylomicron formation [242].  This finding may depend upon intestinal fatty acid sensors, 

such as CD36 or GPRs, as CD36 is integral for proximal, but not distal, intestine fat 

absorption [299] and chylomicron formation [298], an area where nutrient satiation is 

strongest [248].  Furthermore, in our studies, we found that increased intralipid intake in 

GF mice was associated with decreased proximal intestine CD36, GPR40, 41, 43, and 
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120.  Thus, GF mice may overconsume nutritive sources of fat due to decreased 

intestinal fat sensing.  For example, CD36, the apically expressed fatty acid translocase 

mediates fat-induced satiation as CD36 KO mice display attenuation of intestinal fat 

satiation.  As well, GPRs lining the intestinal tract are at least in part responsible for the 

secretion of intestinal satiety peptides that mediate nutrient satiation [91, 93, 312]. 

The mediation intestinal nutrient satiation is hypothesized to be due 

predominantly to the secretion of intestinal satiety signals acting on vagal afferents or 

via the circulation in response to nutrients.  Direct support of this comes from the 

evidence that administration of satiety peptide receptor antagonists results in 

attenuation of abolishment of intestinal nutrient satiation [238].  Additionally, vagotomy 

via chemical or surgical means abolishes intestinal nutrient and satiety peptide-induced 

satiation [242, 243].  However, because feeding is still regulated in the absence of vagal 

synapses in the intestine, it is not the only means to govern intestinal satiation.  

Intestinal nutrient infusions also stimulate the release of satiety peptides in the lymph 

[545] and circulation [546] signaling a likely endocrine pathway for these peptides to 

mediate satiation.  For example, vascular infusions of CCK or GLP-1 inhibit feeding in 

the absence of vagal signaling [200].  The ARC, which is open to the circulation and 

lacks a permanent blood brain barrier at the median eminence, expresses receptors for 

various gut peptides [547]. The direct evidence for the mediation of the forebrain in 

intestinal satiety signaling is that ablation of transduction pathways to this forebrain 

nucleus results in abolishment of satiety peptide-induced satiation [548].  As satiety 

peptides are released in response to a meal, both humans [549] and rodent models 

[550] display decreased fasting levels of intestinal and plasma satiety peptides, which 
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rise upon feeding.  Predictably, we found that in GF mice, which exhibit a fasting state 

characterized by low levels of adiposity [21], both intestinal and plasma levels of satiety 

peptides were decreased.  Our results further confirm these decreased levels of body 

adiposity by demonstrating the reduction of circulating leptin in GF mice.  Collectively, 

these data demonstrate that the associated changes with decreased satiety signals and 

fat sensing may contribute to the increased consumption of fats displayed by GF mice. 

While nutrients in the intestine indeed reduce food intake, the post-oral learning 

and pairing with taste also has a stimulating effect on feeding behavior [551].  Both 

carbohydrates [552] and fat [339] are potent nutrients in conditioning learned flavor 

preferences as intestinal infusions of either nutrient condition preferences of a paired 

non-nutritive flavor; however, carbohydrates are by far a stronger conditioning nutrient 

[339].  While intestinal glucose can also reinforce behavior, and conditioned flavor 

preferences clearly involve brain areas implicated in reward [356, 553, 554], the 

intestinal detection of nutrients clearly is the first step in this process [330].  Similarly to 

satiation, post-oral nutrient conditioning is hypothesized to require digestive [350] and 

pre-absorptive intestinal machinery [330 ] as KO of CD36 [101] does not prevent post-

oral conditioning.  Additionally, intravascular glucose infusions [330] and non-nutritive 

sweet stimuli [340] or oil emulsions [555] condition weak or no flavor preferences.  The 

finding that GF mice display increased sucrose intake with associated up-regulation of 

T1R3 and SGLT1 may implicate T1R3 in establishing increased nutritive sweet 

acceptance in this model.  As well, T1R3 KO mice, display decreased acceptance of 

sucrose, despite normalization of sucrose preference during multiple exposures to 

sucrose [42].  Despite these two somewhat convincing pieces of evidence, T1R3 KO 
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mice display normal glucose conditioned flavor preferences demonstrating this intestinal 

glucose sensor may not be responsible for the increased sucrose intake in GF mice 

[340].  However, similar to sweet taste, intestinal “sweet” sensing at high volumes and 

concentrations of sucrose, such as tested in our study, may play a pivotal role in the 

establishment of sucrose intake as high carbohydrate diets increase SGLT1 expression 

via a T1R3-dependent mechanism [265, 266].  To clarify this uncertainty, further testing 

of glucose conditioned flavor preferences in GF mice is sure to elucidate whether post-

oral signaling is responsible for the increased intake of sucrose in this model.  Finally, 

the derivation of T1R3 KO animals in the GF state would allow for the demonstration 

that T1R3 in this model is at least in part responsible for the increased intake of sucrose. 

 While the GF C57Bl/6J mouse model is clearly characterized by decreased 

adiposity [21, 22, 507], the relationship of the gut microbiota and adiposity in other 

mouse strains and even other rodent models is less clear [460, 506, 513].  In normal 

C57Bl/6J mice, microbiota populations play a significant role in energy balance as 

genetically obese ob/ob mice display significantly different microbiota populations from 

lean controls with proportional increases in firmicutes and decreases in bacteroides 

[457].  Furthermore, when GF animals are conventionalized with genetically obese or 

lean donor microbiota, animals receiving the obese donor microbiota exhibit increased 

adiposity relative to recipients of lean donor microbiota [508].  This finding has also 

been extended to mice made obese through HF feeding, and is not an effect of the diet 

as switching obese animals to a LF-diet and conventionalizing GF animals still results in 

increased adipose deposition relative to recipients of lean donor microbiota during HF-

feeding [510].  Despite these multiple evidences that the microbiota clearly plays a role 
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in energy balance, more recent evidences in a different strain of mice and rats suggest 

that the absence of gut microbiota is not necessarily a predictor of decrease adiposity 

[506].  Using GF C3N mice fed either a LF, HF or western diet, Fleissner et al 

demonstrated that GF mice exhibit equal or increased adiposity levels relative to control 

mice during LF or HF-feeding [506].  During western diet feeding; however, GF mice 

maintained lower adiposity levels than control animals.  While the effect in their study 

was attributed to the carbohydrate content of the diet, because both the LF- and HF-diet 

contain low dietary sugar content while the western diet contains a high level of sucrose, 

this explanation is in direct conflict with a previous study [507]. 

 The major factor that is hypothesized to contribute to the decreased energy state 

exhibited by GF C57Bl/6J mice is the increases in intestinal FIAF [21, 22], which we 

confirm in our current data from Chapter 3.  As such, KO of FIAF in GF animals results 

in similar adiposity as conventionalized control animals [21, 22].  Fast-induced 

adipocyte factor is a peripheral regulator of metabolism through direct inhibition of LPL.  

As such, transgenic FIAF models display increased fat metabolism and increased 

markers of circulating biochemical markers, such as total cholesterol, HDL, and 

triglycerides [505].  Similarly, GF animals from our study displayed increases in these 

markers as well.  The hepatic metabolism of GF animals is thought to be the primary 

factor in shifting peripheral metabolism to lipolysis.  For example, GF mice display 

decreases in intestinal glucose absorption, leading to a decreased hepatic glucose 

shunt, decreases in liver glycogen, and as a result, hepatic lipogenesis is inhibited [21].  

As such, the hepatocytes of GF mice display increases in P-AMPK, which occurs during 

periods of fasting, and leads to the inactivation of ACC, a key rate limiting enzyme of 



157 

lipogenesis, via phosphorylation [22].  Germ-free mice also display broad decreases in 

hepatic lipogenic factors and increased hepatic LPL activity, demonstrating the 

increased lipolysis in this model [21, 22].  In both humans [556] and rodents [557], 

hepatic lipogenesis is associated with weight gain and obesity as well.  However, in the 

study demonstrating GF C3N mice do not exhibit decreased adiposity, intestinal FIAF 

was increased in all GF animals, and circulating FIAF was non-existant with no 

measurements in liver metabolism [506].  This led the authors to hypothesize that 

intestinal FIAF, which has anti-angiogenic properties, is not a factor regulating 

peripheral metabolism.  In our data, we clearly demonstrate that in a group of GF rats, 

hepatic lipogenesis markers are decreased and that the liver is in a negative energy 

state, perhaps due to the decreased intestinal expression of glucose transporters.  The 

apparent increases in local lipogenic factors in adipose tissue most likely can explain 

the increased adipocyte size and modest increases in epididymal fat pads in one group 

of GF rats.  As such, increased adipocyte lipogenesis and adipogenesis are associated 

with increases in adiposity in rodent models [558].  However, our results also 

demonstrate variability in the GF F344 rat as another group of GF animals exhibited 

similar adiposity relative to normal controls.  These results demonstrate the importance 

of both strain and species in examining the effect of the microbiota.  This evidence can 

also be extrapolated to humans in which unlike rats, and more like mice, obesity, rather 

than diet, may have a larger effect on the gut microbial populations [511]. 
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5.3 General conclusions and perspectives 

Overall, these data lay out the preliminary studies to assess the relative effect of the gut 

microbiota on oral and post-oral factors controlling energy balance in rodent models.  Of 

course, in a normal environment, humans and animals co-exist with prokaryotic 

organisms and are not devoid of an intestinal microbiota.  Other environmental factors 

or genetic factors, such as diet or receptor polymorphisms are well documented in 

affecting the gut microbiota populations and the host organism’s response to microbiota 

secreted products.  Furthermore, the effect of specific microbiota populations on these 

factors controlling energy balance remains elusive.  For example, genetically obese 

rodent models display increases in consumption of palatable foods with decreases in 

oral sensitivity to these stimuli with decreases in intestinal nutrient satiation [143].  

Whether this is an effect of the microbiota is unknown and could provide for fruitful 

evidence demonstrating an effect of “obese” microbiota shaping food preferences and 

leading to consumption of palatable foods.  As well, the interaction between diet and 

inherent microbiota populations may provide clues to the prevalence of DIO in rodent 

models.  Using comprehensive conventionalization studies, in which GF mice receive 

HF or chow-fed DIO or DR donor microbiota, and are subsequently fed chow and HF 

diets we could determine the effect of the microbiota, diet, and its interaction in 

promoting changes in nutrient sensing, satiation signaling, and the obese state.  
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